Spatio-temporal feedbacks between soil legacies
and the rhizosphere microbiome of maize

Inaugural-Dissertation

zur
Erlangung des Doktorgrades
der Mathematisch-Naturwissenschaftlichen Fakultat

der Universitat zu Koln

vorgelegt von

Daniela Niedeggen

angenommen im Jahr 2025






Abstract

The rhizosphere is the narrow layer of soil around roots, where root respiration and rhizodeposits
continually restructure the physicochemical conditions, fuelling microbial growth. Bottom-up
carbon release operates alongside top-down trophic consumers across interlinked feedback
loops: mucilage at growing tips and exudates along older zones trigger bacterial and fungal
proliferation, and, subsequently, protist grazers restructure the emerging assemblage. Senescing
roots leave behind biological and structural legacies, microbial propagules and empty root
channels (biopores), that influence root architecture and rhizosphere microbiomes of
subsequent plants. These dual legacies may accelerate beneficial interactions but may also

favour host-specific pathogens under continuous monoculture.

This thesis first quantified how maize carbon release structures the rhizosphere.
Respiration-kinetics assays showed that microbial growth is initiated at 60% of
microbial-biomass carbon for simple sugars but requires 250-630 % for complex rhizodeposits,
indicating substrate-specific activation thresholds that confine activity to the immediate root
zone. PET-MRI, combined with DNA-SIP, traced photo-synthesised carbon into bacterial, fungal,
and protistan communities, revealing discrete hotspots that select for specific sub-communities.
Afive-year field chronosequence monitored protist succession across two soil textures (sand and
loam), while complementary column experiments used the pre-conditioned monoculture field
soil to observe a full growth—-decay-regrowth cycle, testing how biopore recycling and legacy
inocula jointly influence rhizosphere microbial community assembly. Field data demonstrated
that continuous maize steadily enriched potentially pathogenic oomycete species as well as
heterotrophic Cercozoa, confirming that soil legacy drives microbial succession. Loam promoted
an enhanced soil legacy effect by facilitating compositional shifts in protist communities. By
contrast, sand exhibited more stochastic and drought-sensitive behaviour. Column imaging
revealed that 10 % of biopores were reused by new roots. During regrowth, these recycled biomes
shifted from decomposer communities back towards rhizosphere communities, though they

hosted microbiomes with elevated beta dispersion.

Overall, the results showed that the location of microbial niches is determined by the availability
of carbon, while inherited inocula and pore architecture influence the assembly of communities,
which is further defined by exudate patterns. The interaction between these factors creates
spatiotemporal feedback loops that can maintain the resilience of the maize rhizosphere

microbiome or cause it to become vulnerable under continuous monoculture.
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Introduction

Introduction

The self-organising rhizosphere

Since the concept of the rhizosphere was first introduced 100 years ago by Hiltner (1904) as the
region around roots affected by rhizodeposition, our understanding of this interface has evolved
to recognise it as a self-organising system maintained by tightly interlaced feedback loops

(Kuzyakov and Razavi 2019, Vetterlein et al. 2020).

The rhizosphere forms a narrow soil layer surrounding the root where root respiration and the
secretion of rhizodeposits, ranging from simple carbohydrates and amino acids to organic acids,
phenolics and antimicrobial compounds, substantially modify physico-chemical conditions
(Collins and Reilly 1968, Santangeli et al. 2024). These inputs act as energy sources, chemotactic
signals, pH buffers and chelators that mobilise mineral nutrients (Oburger et al. 2011), shaping
the composition and activity of plant associated microbial communities (Zhalnina et al. 2018).
Carbon (C) release from growing roots is heterogeneous in both space and time. At the centimetre
scale, root growth creates a mosaic of C hotspots across the root system (Kuzyakov and
Blagodatskaya 2015), while radial diffusion, sorption and microbial mineralisation establish steep
concentration gradients within just a few millimetres of the root surface. Simultaneously, as roots
grow, they physically displace soil particles and release mucilage reshaping pore geometry and
hydraulic connectivity (Hinsinger et al. 2009). Over time, the interaction of these physical and
chemical processes produces distinct patterns: biopores in the soil matrix, localised microbial
assemblages of varying abundance and trophic structure, and local pH, redox and nutrient
gradients (Garcia Arredondo et al. 2024). These emergent features then feed back on root

physiology and, ultimately, whole-plant performance.

Based on a current theory, the plant and its associated root microbiota are considered as a single
dynamic entity—the plant holobiont (Vandenkoornhuyse et al. 2015, Mesny et al. 2023). This
collective view posits that the functions and interactions of root-associated microorganisms
cannot be disentangled from those of the host plant; rather, they form an integrated system that
experiences selection and adapts as one evolutionary unit (Zilber-Rosenberg and Rosenberg
2008). Others caution that this framing may overstate harmony because the same microbial pool

contains soilborne pathogens that can reduce host fitness (Raaijmakers et al. 2009).

Recent multiscale modelling approaches have demonstrated that self-organised rhizosphere

patterns can be resolved and quantified only when processes are represented continuously from
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the pore to the whole-root scale, explicitly coupling three-dimensional root architecture,
rhizodeposition, soil water flow and root-induced mechanical deformation (Landl et al. 2021,
Schnepf et al. 2022). However, most models simplify the biotic domain by reducing it to a single
'microbial pool' directed by a linear decay term (i.e. a rate directly proportional to the current pool
size). This approach omits functional groups, trophic links and facilitative interactions.
Recognising this gap is key to achieving a more systematic understanding, as the microbiome
provides the plant with additional metabolic capabilities, expanding their gene pool that can be
adapted to local conditions through interactions within and between microbial groups (Hassani

etal. 2018).

Nevertheless, the composition of rhizosphere communities is primarily driven by local
environmental factors, particularly soil properties and their inherent microbial structure, which
explain more variance than plant genotype (Bulgarelli et al. 2012, Lundberg et al. 2012, Schlaeppi
et al. 2014). Host identity, however, still imposes a measurable genotype-specific influence, as
cultivar-comparison studies across several crop species have shown (Bouffaud et al. 2014, Ofek
et al. 2014), suggesting the existence of a consistent core microbiome (Schlaeppietal. 2014, Toju
et al. 2018). The plant reduces taxonomic diversity in the rhizosphere through rhizodeposition,
which fosters the growth of certain fast-growing copiotroph bacteria (Fierer et al. 2007, Bulgarelli
et al. 2012). Additionally, it is suggested that plants may actively recruit a subset of plant growth
promoting rhizobacteria (PGPR) by adjusting the quantity and chemical composition of their
exudates (Bais et al. 2006). These beneficial microbes may suppress pathogens, mobilise
nutrients, synthesise growth-regulating phytohormones, and activate host defences via induced
systemic resistance. They can also detoxify allelochemicals and mitigate abiotic stresses, such
as drought and heavy metal toxicity (Trivedi et al. 2020). However, because many beneficial plant
traits depend on costly 'public goods/, they remain vulnerable to 'signal-blind' or non-producing
cheaters that exploit these goods without paying their metabolic cost (Denison et al. 20083,

Jousset et al. 2009).

Previous work on this research project has already started to map out how self-organisation
occurs in the maize rhizosphere. At the edaphic scale, soil texture emerged as a central filter:
coarse substrates promoted lateral-root proliferation, restricted primary-root elongation and
sharpened microbial selectivity (Ruger et al. 2023a). Superimposed on this environmental
backdrop, the microbial community oscillated along the individual roots. This process was
orchestrated by specific plant organs, such as the root cap (Ruger et al. 2023b). The young root tip

environmentisrich in resources and hosts taxonomically diverse assemblages, largely shaped by
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priority effects. In contrast, older root segments had more organised communities, shaped by
resource limitation and protistan predation (Ruger et al. 2021). Greater protist diversity enhanced
trophic complementarity among protists, thereby modifying bacterial community structure
(Ruger et al. in prep). Together, these findings emphasised that trophic interactions, particularly
predation by protists, alongside root architectural traits and soil texture, jointly organise the maize
rhizosphere. Building on this understanding, the present thesis explored the influence of
biological and physical soil legacies, as well as spatial, quantitative and qualitative variations in

C exudation, on rhizosphere microbiome assembly.

Protists grazing and pathogen dynamics

Soil protists are increasingly recognised as key players in rhizosphere processes. Despite
occupying pivotal trophic positions that couple microbial turnover to nutrient fluxes (Clarholm
1981, Clarholm 1985, Bonkowski 2004), research on soil microbial communities has been
dominated by studies of bacteria and fungi (Zhalnina et al. 2018, Epp Schmidt et al. 2022, Gong
et al. 2023). Functionally, protists are very diverse and encompass a wide range of trophic
strategies (Pawlowski et al. 2012, Geisen et al. 2018). As predators, heterotrophic protists
connect microbial primary producers and decomposers to higher trophic levels, placing them at
the centre of soil food webs (Rosenberg et al. 2009, Ruger et al. 2021, Ruger et al. 2023b). This
drives the microbial loop, accelerating nitrogen turnover, and releases mineral nutrients that
plants can re-capture (Bonkowski 2004). Predation imposes deterministic shifts in bacterial traits
and community structure (Rosenberg et al. 2009, Jousset 2012, Geisen et al. 2017). As pathogens,
such as oomycetes (Pythium, Phytophthora) or Phytomyxea (Plasmodiophora), they can act as
parasites with worldwide economic importance, for example by infecting the roots of important
crop species (Dixon 2009, Neuhauser et al. 2014, Thines 2014, Schwelm et al. 2018). Of the many
protist lineages found in soil, Cercozoa and Oomycota play two ecologically important roles:
microbial grazing and plant pathogenesis (Geisen et al. 2017). Cercozoa dominate the pool of
free-living bacterivores and fungivores in arable soils; their diverse feeding modes, coupled with
well-developed group-specific primers and reference databases (Fiore-Donno et al. 2018), allow
detailed investigation of grazing-driven interactions. Within Cercozoa, the subgroup Phytomyxea
harbours obligate plant pathogens such as Plasmodiophora and Spongospora (Neuhauser et al.
2014). Oomycota, by contrast, include many of the most damaging root pathogens (e.g. Pythium,

Phytophthora) and combine saprotrophic with parasitic lifestyles (Kamoun et al. 2015).

Analyses incorporating protists demonstrated that predation acts as a sensitive bioindicator and

network hub (Zhao et al. 2019); that grazing transforms seemingly stochastic bacterial patterns
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into predictable, predator-driven results (Bonkowski et al. 2021); and revealed top-down controls
that would otherwise overstate the importance of resource supply (Guo et al. 2022). Therefore,
their inclusion is essential for any mechanistic framework aimed at predicting rhizosphere self-
organisation. Accordingly, this thesis placed an emphasis on protist-mediated trophic feedback

in its investigation of the maize rhizosphere.

Carbon hotspots and microbial growth

A substantial share of the photosynthetically fixed C is transferred below-ground (Kuzyakov and
Domanski 2000, Pausch and Kuzyakov 2018), where it enters the soil in the form of border cells
shed from the root cap, mucilage from growing tips, or exudates from older root segments (Bais
et al. 2006). Mucilage, a viscous polysaccharide matrix, is actively secreted at the root tips to
lubricate the advancing root tip. It consists of high-molecular-weight compounds such as
polysaccharides, proteins, phenolic acids, and lipids (Bacic et al. 1987). By contrast, the more
soluble exudate fraction, consisting of low-molecular-weight compounds such as sugars, amino
acids, organic acids and phenolic compounds, as well as high-molecular-weight compounds like
proteins, dominates along older root segments (Collins and Reilly 1968, Walter et al. 2003). This
fraction greatly increases the diversity of rhizodeposits and undergoes significant changes as the
root and season progress (Santangeli et al. 2024). Rhizodeposits are the primary energy source
for the rhizosphere microbiome (Brimecombe et al. 2000). Released in pulses that diffuse only
millimetres from the root surface (Lohse et al. 2021), they generate sharp spatial and temporal
gradients, producing short-lived hot moments and microbial hotspots of elevated activity relative
to bulk soil (Kuzyakov and Blagodatskaya 2015). Because roughly 90 % of bulk-soil
microorganisms are dormant (Stenstrom et al. 2001), a fresh C pulse first triggers a 5-15 h lag
phase in which respiration spikes while catabolic enzymes are up-regulated before exponential

growth begins (Anderson and Domsch 1978, Panikov 1995).

In maize, a crop with a strongly hierarchical root architecture, the spatial pattern of C release
changes as the plant develops. As the root system progresses from a single primary root through
seminal roots to successive whorls of crown roots, the growth dynamics, cell-wall architecture
and gene-expression profiles of each root class differ, indicating functional specialisation and
suggesting root-type-specific C release patterns (Tai et al. 2016). Architectural diversity therefore
translates into a patchwork of hotspots whose C concentration and chemical composition vary
over centimetres in space and over hours to days in time (Kuzyakov and Razavi 2019). These
concentration gradients matter because microbial growth is triggered only when the local C

addition reaches a soil-dependent threshold of approximately 50 %-150 % of microbial-biomass
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carbon (Cmic) (Anderson and Domsch 1985, Bremer and Kuikman 1994, Sawada et al. 2008). As
Cmic accumulates, this threshold increases, linking hotspot strength to community size and
nutrient status; it rises even further when N or P is limiting (Reischke et al. 2015). Notably, these
thresholds have been derived almost exclusively from glucose assays. Comparable kinetics for
complex rhizodeposits remain unquantified, creating a significant gap in our understanding of,

and ability to accurately model, substrate-specific microbial activation in the rhizosphere.

Research using Positron Emission Tomography-Magnetic Resonance Imaging (PET-MRI) has
shown that "C-labelled assimilates reach individual maize root tips within minutes, yet
neighbouring roots displayed different temporal uptake patterns: some tips accumulated tracer
continuously, whereas others received it in successive pulses (Jahnke et al. 2009). Three-
dimensional MRI subsequently linked this heterogeneity to the spatial arrangement of primary,
seminal and crown roots (van Dusschoten et al. 2016). In regions further behind the tip, where the
total supply of freshly fixed photosynthate is lower, the relevance of specific exudate compounds,
which are often more soluble, increases. Together, these intra-root mosaics are likely to create
patchy carbon niches in the surrounding soil, fuelling microbial hotspots. In this work, the spatial
C patches were linked to their specific microbial consumers by combining in-situ PET-MRI tracer
imaging with DNA stable-isotope probing (DNA-SIP), which enabled photosynthate to be traced

from fixation into microbial biomass.

Root channel legacies under continuous cropping

Each crop leaves behind living and structural imprints that accumulate over time, shaping the
roots and microbiomes of subsequent plants (Bever et al. 1997, Donn et al. 2015, Bonkowski et
al. 2021). This is known as soil legacy (Bakker et al. 2018, Frouz 2024). Two complementary
dimensions can be distinguished. A biological legacy consists of resident microbiota, such as
spores, cysts, dormant hyphae and bacterial cells, which survive root senescence and regain
activity once resources reappear. These persistent consortia can accelerate the establishment of
beneficial interactions, but can equally favour the build-up of host-specific pathogens under
continuous cropping (Bever et al. 2012, van der Putten et al. 2013, Bakker et al. 2018). A physical
legacy arises from the network of empty root channels, or biopores, left in the soil matrix after root
senescence (Ehlers et al. 1983). In biopore recycling, new roots preferentially re-enter these pre-
formed channels (Atkinson et al. 2020). The reused pores lower mechanical impedance and
improve aeration and drainage (Lucas et al. 2019), serving as ‘root highways’ that promote deeper

soil exploration and directed microbial transfer between plant generations (Passioura 2002).
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Soilborne legacies can steer plant performance in contrasting directions. Resident microbiomes
may exert positive feedback, for example when nutrient-mobilising or pathogen-suppressive
consortia persist and benefit the next crop (Mariotte et al. 2018, Wubs and Bezemer 2018,
Hannula et al. 2021). Equally, they can impose negative feedback when root-specific pathogens
or antagonistic nutrient cycles build up and hinder subsequent plant growth (Kardol et al. 2007,
Li et al. 2019). These effects are agriculturally important: the microbiome assembled by one crop
can raise or lower the yield of the next (Roy et al. 2021, Liu et al. 2023). Continuous monoculture
tends to amplify negative legacies. For example, lower diversity, disrupted nutrient cycling and
greater pathogen pressure have been documented in maize and other crops (Frindte et al. 2020,
Yang et al. 2020, Mao et al. 2021, Zhao et al. 2021). Traditional crop rotation mitigates this build-
up (Bullock 1992, Krupinsky et al. 2002), further diversification strategies such as intercropping
dilute specialist pathogens and broaden the chemical landscape of root exudates, reshaping
microbial interaction networks in favour of plant immunity (Li et al. 2021, Pelissier et al. 2021,
Oburger et al. 2022). Complex, well-connected microbial networks can protect crops against
abiotic stress (Toju et al. 2018, Wagg et al. 2019). However, microbial communities themselves
respond to climate variables such as temperature, moisture, and soil texture (Williams and Rice

2007, Bauke et al. 2022, Yim et al. 2022, Zhao et al. 2024).

Physical and biological legacies together lead to a spatio-temporal feedback loop that links past
root activity to the current state of the microbiome. Column-scale studies refine this picture by
isolating specific mechanisms. In rhizotron experiments, for example, young maize roots
exhibited a strong tendency to re-enter pre-existing channels. Once inside, contact with decaying
root walls promoted the rapid colonisation of filamentous Actinobacteria (Watt et al. 2006).
However, roots that grew quickly beyond old pores were not affected by 'legacy infiltration' (Watt

et al. 2003).

Therefore, deciphering how biological and physical legacies arise and interact with environmental
drivers is key to understanding the spatio-temporal feedbacks that govern rhizosphere
self-organisation, and to applying this knowledge in the design of resilient agricultural systems.
This thesis examined how microbial succession and biopore recycling occur across successive
seasons of continuous maize cultivation and how these processes contribute to legacy formation
at different scales. A five-year field chronosequence was analysed to capture the evolution of
legacies under authentic climate and management regimes (Vetterlein et al. 2021). A column-
scale study was conducted to examine the locally specific influence of biopore recycling on

subsequent rhizosphere microbiomes.
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Aims and hypotheses

This thesis was conducted within the DFG Priority Programme 2089 “Rhizosphere Spatiotemporal
Organisation — a Key to Rhizosphere Functions”. The programme views the rhizosphere as a self-
organising system in which feedback loops among C release, microbial activity and soil structure
generate patterns that shape plant resilience. Building on this concept, the thesis investigated
how spatio-temporal feedbacks between soil legacies and the maize rhizosphere microbiome
drive the self-organisation of emergent community patterns and functions.

Maize roots deliver pulsed C inputs: mucilage at growing tips and exudates along older root zones.
These bottom-up pulses fuel bacterial and fungal growth; subsequent top-down grazing by
protists rearranges the assemblage and feeds back on the predators themselves. We suggest that
this trophic loop is a key factor in rhizosphere self-organisation and that its outcome is further
modulated by biological legacies (dormant microbial propagules) and physical legacies (re-used
biopores) inherited from previous crops.

To investigate these processes, the study used laboratory assays to quantify the kinetics of
microbial growth across maize rhizodeposit concentration gradients. PET-MRI tracer imaging and
DNA-SIP were employed to trace the movement of photosynthate from fixation into specific
bacterial and protist consumers. Field chronosequences monitored microbial succession and
pathogen build-up over successive maize seasons. Finally, mechanistic column experiments
used MRI to track root growth and tested the influence of biopore recycling on community
assembly. By including bottom-up C supply response dynamics, top-down control in trophic
networks, and legacy feedback, we aimed to describe how self-organisation emerges and evolves

in the maize rhizosphere under continuous monoculture.

The hypotheses of this thesis were as follows:

H1 Where rhizodeposit carbon falls below substrate-specific activation thresholds, microbial
growth is restricted.

H2 Patchy photosynthate allocation along roots establishes discrete carbon niches that
structure trophic networks.

H3 Soil legacy (i.e. microbial residues) directs microbial succession over successive growth
seasons.

H4 Biopores recycling intensifies negative plant-soil feedback by transmitting legacy-borne
microbes.

H5 Pathogenic protists accumulate progressively during continuous maize cultivation,
thereby reinforcing negative plant-soil feedback loops.
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Chapter Summary

Chapter I: Microbial utilization of maize rhizodeposits

Microbial utilisation of maize rhizodeposits applied to agricultural soil at a range of
concentrations

Microbial growth dynamics were measured in order to quantify the response of soil microbes to
root-derived substrates applied at a concentration gradient. The results showed the activation
thresholds for complex rhizodeposits to be higher than for simple sugars. Adding N and P lowered
activation thresholds. Early-season exudates behaved like complex C sources, whereas late-
season exudates behaved like simple sugars. The defined kinetic functions enable the temporal
and spatial aspects of microbial growth and rhizodeposit mineralisation to be incorporated into
models. This allows more accurate predictions of how rhizodeposition drives microbial C and

nutrient dynamics in the soil.

Chapter II: Photosynthate hotspots structure rhizosphere microbiota

Photosynthate distribution determines spatial patterns in the rhizosphere microbiota of the

maize root system.

PET-MRI tracking of "'C photosynthate revealed uneven hotspots among different types of maize
root. Follow-up "*CO, pulse labelling and DNA-SIP showed that rhizodeposition mirrored internal
carbon allocation and that bacterial, fungal and cercozoan communities segregated accordingly.
®C-enriched consumers were found at high-C tips, while distinct assemblages were found in
older zones. Thus, intra-root C hotspots define discrete microbial habitats and organise trophic
food webs in the maize rhizosphere, highlighting the importance of carbon flow as a spatial and

temporal selector.
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Chapter IlI: Protist community shifts under maize monoculture

Continuous maize cropping reshapes rhizosphere protist communities through soil legacy

effects.

In a five-year field experiment, rhizosphere protist communities were tracked to investigate how
continuous maize -cultivation shapes the belowground community. Soil legacy effects
progressively altered community composition. Maize-specific potential pathogenic oomycetes
(e.g., Pythium arrhenomanes and P. monospermum) accumulated and there was an increase in
variability among heterotrophic cercozoan consumers, including potential pathogen antagonists
such as Platyreta and Trinematidae. Meanwhile, obligate non-maize-specific plant-pathogenic
Phytomyxea declined. These shifts in community composition were modulated by soil texture and
interannual climate variability: communities in loam underwent gradual, cumulative changes,

whereas those in sand responded in a more seasonal, drought-driven manner.

Chapter IV: Root legacies govern the maize rhizosphere

Decay legacies and biopore recycling drive rhizosphere succession in maize monocultures.

To disentangle the influence of biological (resident microbiota) and physical (root biopores)
legacies on rhizosphere assembly and plant performance, high-resolution MRI was used to track
maize roots through growth, decay and regrowth in columns containing either fresh or maize
monoculture-conditioned ‘legacy’ soil. Microbial succession followed three phases: (i) distinct
rhizosphere microbiomes during growth; (ii) a community shift after decomposition; and (iii) an
imperfect return to rhizosphere microbiomes during regrowth since root decay shifted
rhizosphere community composition. About 10 % of new roots re-entered existing biopores,
boosting rooting depth and microbial heterogeneity. Communities in legacy and fresh soil were

always distinct, demonstrating the influence of previous cropping history.
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Chapter I: Microbial utilization of maize rhizodeposits

Microbial utilisation of maize rhizodeposits applied to agricultural soil at a

range of concentrations
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Abstract

Rhizodeposition fuels carbon (C) and nutrient cycling in soil. However,
changes in the dynamics of microbial growth on rhizodeposits with increasing
distance from the root is not well studied. This study investigates microbial
growth on individual organic components of rhizodeposits and maize root-
derived exudates and mucilage from agricultural soil. By creating a gradient of
substrate concentrations, we simulated reduced microbial access to rhizo-
sphere C with increasing distance to the root surface. We identified distinct
C-thresholds for the activation of microbial growth, and these were signifi-
cantly higher for rhizodeposits than singular, simple sugars. In addition, test-
ing for stoichiometric constraints of microbial growth by supplementing
nitrogen (N) and phosphorus (P) showed accelerated and increased microbial
growth by activating a larger proportion of the microbial biomass. Early and
late season exudates triggered significantly different microbial growth
responses. The mineralization of early-season exudates was induced at a high
C-threshold. In contrast, the mineralization of late-season exudates showed
‘sugar-like’ properties, with a low C-threshold, high substrate affinity, and a
reduced maximum respiration rate of microorganisms growing on the added
substrate. Mucilage exhibited the highest C-threshold for the activation of
microbial growth, although with a short lag-period and with an efficient muci-
lage degradation comparable to that of sugars. By determining kinetic parame-
ters and turnover times for different root-derived substrates, our data enable
the upscaling of micro-scale processes to the whole root system, allowing more
accurate predictions of how rhizodeposition drives microbial C and nutrient
dynamics in the soil.

KEYWORDS

carbon cycling, microbial growth, microbial respiration, mucilage, rhizosphere, root
exudates, Zea mays
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1 | INTRODUCTION

More than a century ago, the rhizosphere was defined as
the region around roots influenced by rhizodeposition
(Hiltner, 1904), but still today the precise boundaries of
the rhizosphere remain elusive (Finzi et al., 2015). The
release of labile organic carbon (C) from roots creates
temporally a specific hotspot with significantly enhanced
microbial activity and growth (Jones et al., 2004;
Kuzyakov & Blagodatskaya, 2015; Ma et al., 2018). The
microbial activity decreases strongly with distance from
the root surface (Vetterlein et al., 2020). The spatial
expansion of the rhizosphere is influenced by the
amount and composition of rhizodeposits, their diffu-
sion and sorption in soils, which is a function of plant
age, photosynthetic activity, root morphology and soil
texture but also depends on their degradation by
microbial activity (Hertenberger et al., 2002; Ma
et al., 2018; Molina et al., 2001; Santangeli et al., 2024).

Rhizodeposits are typically divided into actively
secreted mucilage, lubricating the advancing root tip, and
mostly passively released exudates (Nguyen, 2003). Exu-
dates, which are both low-molecular-weight compounds
such as sugars, amino acids, organic acids, phenolics
and high molecular weight compounds, like proteins,
contribute significantly to the diversity of rhizodeposits
(Collins & Reilly, 1968; Lohse et al., 2021; Walter
et al., 2003). Less diverse is the mucilage, a viscous sub-
stance actively secreted at the root tip, consisting of high
molecular weight compounds such as polysaccharides,
proteins, phenolic acids and lipids (Bacic et al., 1987).
These rhizodeposits provide the primary energy source
for microbial activity in the rhizosphere (Brimecombe
et al., 2000).

Whilst physical factors are integrated into existing
rhizosphere models (Kuppe et al., 2022), the consider-
ation of biological factors, such as consumption and
mineralisation of rhizodeposits by microorganisms,
remains a challenge. Current models either lack an
explicit representation of microbial degradation activities
or follow simplified linear degradation kinetics (Kirk
et al., 1999; Landl et al., 2021). More advanced models
(Chertov et al., 2022; Finzi et al., 2015) need to be rigor-
ously validated against experimental data obtained in the
plant-soil environment, as the microbial parameters in
rhizosphere models are traditionally derived from pure
culture studies (Zelenev et al., 2000). Integrating biologi-
cal activity into rhizosphere models remains a challenge
due to the lack of quantitative data, leaving a gap in the
modelling of rhizosphere processes (Schnepf et al., 2022).

Because the vast majority of microorganisms in bulk
soil are dormant (Stenstrom et al., 2001), microbial
growth is initiated only 5-15h after the C-pulse from

Highlights

» Growth thresholds for rhizodeposits were sig-
nificantly higher than for singular, simple
sugars.

» Even at high concentrations, root exudates did
not induce distinct microbial growth.

» Mucilage was degraded after a short lag-phase
as efficiently as sugars if added at high
concentrations.

+ Microbial growth on exudate components was
co-limited by N and P in agricultural soils.

rhizodeposition (Anderson & Domsch, 1978; Anderson &
Domsch, 1985; Reischke et al., 2015). The transition of
microorganisms from a stationary dormant to an active
growth stage is associated with a dramatic change in
their metabolism. After encountering an accessible C
source, the dormant soil microorganisms must first upre-
gulate their enzymatic machinery for mineralising the
growth substrates, which is characterised by a typical lag-
period with significantly increased microbial respiration
before the onset of microbial growth (Panikov, 1995).
The lag-period depends on the proportion of dormant
microbial biomass, and microbial respiration increases
with the concentration of the C source until the *maxi-
mum initial respiratory response’ (MIRR) is reached at
maximum or excess availability of C (Anderson &
Domsch, 1978). Microbial mineralisation and growth
responses have mainly been studied using glucose, a
common component of rhizodeposits (Jones et al., 2009).
Previous studies have shown that microbial growth in
response to glucose is triggered only when the concentra-
tion of carbon exceeds a threshold value that depends
on the soil microbial biomass (Cmic) (Anderson &
Domsch, 1985; Reischke et al., 2015; Sawada et al., 2008).
The studies have reported a C-threshold of approximately
50%-150% Cmic. However, microbial responses to
glucose versus rhizodeposits, the latter being a diverse
mixture of different compounds, have not been compared
in a single experimental set-up, and microbial growth
kinetics on rhizodeposits have not been studied at all. We
argue that mineralisation dynamics and C-thresholds
governing microbial growth in response to rhizodeposi-
tion differ from those associated with glucose and require
further investigation. In addition, the C-rich rhizodepo-
sits are anticipated to influence the stoichiometric
requirements of the rhizosphere microorganisms. As N
and P are essential for the synthesis of biomolecules and
the facilitation of cellular processes, their limitation can
severely inhibit microbial growth.
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This study aims to provide quantitative information on
the microbial respiration response to natural maize rhizo-
deposits and its most common single compounds in agri-
cultural soil. Microbial responses to single C sources, such
as simple sugars, organic acids or amino acids, will be
compared with those to complex sources, such as exudates
or mucilage, in a single setup. With high temporal resolu-
tion, we measured the kinetics of microbial respiration in
response to single C sources, including mono- and polysac-
charide sugars, amino and organic acids, as well as com-
plex substrates such as maize root-derived exudates or
mucilage, quantifying the microbial growth responses to
these different carbon sources. A gradient of substrate con-
centration was created to simulate reduced microbial
access to C with increasing distance from the root surface.
Further nutrient limitations were tested by supplementing
nitrogen (N) and/or phosphorus (P) along the concentra-
tion gradient at a stoichiometric ratio of C:N:P 10:2:1. This
study aims for the first time to provide information to
accurately calibrate models of rhizosphere microbial
growth dynamics with increasing distance from the root
surface.

2 | MATERIALS AND METHODS

2.1 | Sampling of soil and origin of
rhizodeposits

A loamy agricultural soil was sampled from the upper horizon
(0-10 cm) of the experimental field platform of the DFG
priority programme 2089 ‘Rhizosphere Spatiotemporal
Organisation - a key to rhizosphere functions’ near Bad
Lauchstidt, Germany. After sampling in June 2022, the sam-
ple was transported to Cologne, Germany, where it was sieved
(2 mm) and stored at 4°C until use. As in the previous 3 years,
the field was planted with maize at the time of sampling. The
soil had a pH of 5.6, and a C:N ratio of 10.85, containing 0.80%
C and 0.07% N. See Vetterlein et al. (2021) for a more detailed
soil description. The extractable organic C (EOC), denoting
the potentially available, organic C for microbial growth, was
determined by extracting samples of 5 g field-moist soil with
20 mL of 0.025 M K,S0, on a horizontal shaker at 250 rpm
for 30 min. Subsequently, samples were centrifuged for
30 min at 4420 g and EOC was measured using an EOC-TN
Analyser (Multi-N/C 21008, Analytik Jena, Germany).

The individual components of maize rhizodeposits
tested in this study, including the sugars glucose
(CcH,206, VWR), sucrose (C;,H,,0y;) and arabinose
(CsH,,0s), the amino acid aspartate (C,H;NO,, Serva)
and the organic acids citric acid (C¢HgO-) and oxalic acid
(C,H,0,) (Chaboud, 1983; Collins & Reilly, 1968), are
recognised as major compounds in the literature but do
not accurately reflect the composition of the root-derived

exudates analysed in this study. For measuring minerali-
sation kinetics of the latter two organic acids, soils were
buffered by a citrate buffer (0.1 M CgHgO; 0.1 M
CgHsNa;0, - 2H,0) to keep the pH 5.6 of the soil con-
stant. All reagents used in this study were analytical
grade and purchased from Sigma Aldrich (Merck, Darm-
stadt, Germany) unless otherwise stated.

Exudates and mucilage of maize (Zea mays B73 wild
type) were collected in the same field experiment as
described above (Vetterlein et al., 2021). Exudates were col-
lected in the early vegetation period during leaf develop-
ment (BBCH 14), and in the late vegetation period at the
first ripening stage (BBCH 83) (Lancashire et al., 1991) by a
soil hydroponic-hybrid approach as described in Santangeli
et al. (2024). Briefly, soil-grown plants were grown in perfo-
rated soil columns in the field which allowed excavation of
the entire intact maize plants. The root system was gently
rinsed with tap water for 30 min to remove soil particles.
Root exudates were then collected hydroponically for 1 h in
0.5 and 7.5 L of deionised water at BBCH 14 and BBCH
83, respectively. Finally, the solution was filtered (0.2 pm,
cellulose acetate OE 66, Whatman, UK) to remove all root
debris, to capture only the soluble exudate fraction. Four
replicates of the filtered exudates were divided into aliquots,
frozen at —20°C and stored at —80°C until analysis. Exu-
date C contents were determined on a Shimadzu TOC-5050
from freeze-dried subsamples. Immediately before minerali-
sation measurements, the remaining freeze-dried material
was dissolved in ultra-pure H,0 to obtain the desired C con-
centration. The replicate samples were pooled at this step.

Mucilage collection followed the procedure in Ahmed
et al. (2015), with slight modifications. Briefly, nodal roots
were carefully detached from the maize root systems at
the end of tassel emergence (BBCH 59) and cleaned from
soil with deionised water. Nodal roots with intact tips were
submerged in deionised water for 24 h to allow mucilage
hydration. Subsequently, the excess water was discarded
through a fine sieve and hydrated mucilage was aspirated
using syringes and frozen at —20°C until use. The C and N
content of the mucilage was analysed by combustion using
a C/N elemental analyser (Thermo Flash EA 2000, Fisher
Scientific). The remaining material of two replicate sam-
ples was mixed and dissolved in ultra-pure H,O to obtain
the desired C concentrations.

2.2 | Measurements of microbial
substrate utilisation

Microbial utilization of single rhizodeposit components,
maize exudates, and mucilage (hereinafter referred to as
‘substrates’) was measured by an electrolytic O, micro-
compensation apparatus as described in Scheu (1992).
To mimic the decrease of rhizodeposits and the resulting
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lower C supply to the soil microorganisms with increasing
distance from the root surface, the individual substrates were
diluted with ultrapure H,O according to their C content to
form a concentration gradient of 1600, 400, 200, 100 and
40 pg C g soil dry wt. For mucilage, mineralization of four
additional concentrations of 1200, 1000, 800, and 600 pg C
g~ ! soil was measured. For early and late season exudates
the 200 pg C g~ ' soil concentration step was omitted.

Portions of field soil, equivalent to 3 g dry weight, were
adjusted to 60% of their maximum water holding capacity
(corresponding to a gravimetric water content of 30%) to
ensure uniform water content. The samples were either
amended with a substrate or left without substrate for fur-
ther measurements of microbial basal respiration (pg
CO,-C g_1 h™"). Thus, equivalent amounts of water were
used to add different quantities of C. Oxygen consumption
rates at 22°C were monitored every 15 min for the next
24-48 h with three replicates, each. To assess the C miner-
alisation of the substrates, the microbial O, consumption
was converted into respired CO,-C according to the ideal
gas law and assuming a respiratory quotient of 1. In addi-
tion, the extent to which the microbial mineralisation of
the added C substrates was limited by the availability of N
and P was determined by amending the soils in a factorial
combination with solutions of (NH,),SO,4 or/and KH,PO,,
corresponding to an optimal microbial C:N:P stoichiome-
try of 10:2:1 (Griffiths et al., 2012).

2.3 | Calculations of substrate
mineralisation kinetics

To analyze the mineralization of rhizodeposits, microbial
kinetic substrate-induced respiration (KSIR) was mea-
sured from the respiration curves (Blagodatsky
et al., 2000) (Figure 1). The addition of a substrate causes
an immediate significant upregulation of microbial respi-
ration above the level of basal respiration prior to the
onset of microbial growth. During this lag-period,
the MIRR (Anderson & Domsch, 1978) was calculated as
the mean of the three lowest respiration measurements.
Microbial biomass C (Cmic) was calculated from the
mean MIRR value after the addition of 1600 pg C g~* glu-
cose according to Equation (1) (Beck et al., 1997):

Cmic = 38.0 + MIRR (1)

The specific respiration (qCO,) could then be calcu-
lated as the ratio between basal respiration and Cmic (pg
CO,-C pg Cmic-C™).

Substrate supply in excess of microbial demand
allowed for the unrestricted exponential growth of micro-
organisms but the growth of microbial biomass decreased

Peak respiration

g %0 —
e f Yoo, "0,
§520
8g
=0
a
g210
23
basal respiration
0{ - : . t
0 10 20 30 40 50 Lh]
lag period growth
FIGURE 1 Explanatory graph for the definition of respiration

measurements by microbial growth behaviour. MIRR is the
maximal initial respiratory response, calculated as the mean of the
three lowest lag-period measurements. KSIR is microbial kinetic
substrate-induced respiration. With the kinetic model by Wutzler
et al. (2012) the respiration curve is fitted to the respiration rates

and used to calculate microbial parameters.

with the stepwise reduction of the C supply until no fur-
ther growth occurred. The time span of the lag-period
until the exponential increase of respiration during
microbial growth and its decrease during the microbial
depletion of the substrate were covered by the measure-
ments. The differences in substrate application rates
enabled the determination of the C-threshold, which
reflects the transition from maintenance to active growth
of the microorganisms (Panikov, 1995). Therefore, our
approach allows the calculation of the following micro-
bial mineralization characteristics: (i) the C-threshold
needed to initiate microbial growth, which was deter-
mined according to Anderson and Domsch (1985) as the
concentration that merely triggered an increase in respi-
ration, which remained constant for several hours before
decreasing, but at which the C supply was insufficient for
microbial growth and (ii) the peak respiration, which
was set as the first peak in microbial growth, typically
occurring between 10 and 30 h after the addition of the
substrate. Additionally, (iii) the maximum specific
growth rate (p,,,,) and (iv) the active microbial fraction
were estimated using KSIR analysis. The KSIR analysis
was based on the respiration measurements in response
to the C concentration that gave the highest peak respira-
tion for each substrate (Blagodatsky et al., 2000). Follow-
ing the model presented in Wutzler et al. (2012), the
measured respiration rates were described in Equation (2)
and best-fit parameters were estimated.

1 Himax 1 gy t
)= 1-— ——1 Z mMax g 2
p(t) =xo(1—-ry) (/l ) Yo, -i‘x:)f”o}i Ycoze (2)

where p(t) is the respiration rate at time t, expressed as
respired C per time, py.y is the maximum specific growth
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rate of the growing microorganisms, r, (from 0 to 1) is
the initial physiological state of microbial biomass
and x; is the microbial biomass at the moment of sub-
strate addition. As suggested in Wutzler et al. (2012),
(2) was used as a three-parameter equation, accepting
the following assumptions: first, 4 was assumed to
be a basic stoichiometric constant of 0.9 during
unrestricted growth (Akimenko et al., 1983). Sec-
ondly, Yco, = Y/(1-Y) can be assumed to be a constant
of 1.5 during wunlimited growth (Blagodatsky
et al.,, 2000). These values were subsequently used to
calculate the lag-period (t;,z) as described in Baranyi
and Pin (1999). T, is inversely proportional to ppax
and depends on 1, It was determined using
Equation (3):

tfﬂg - ln(rO/”max) (3)

For each substrate, a Michaelis—-Menten model curve
was fitted to the MIRR values of the different concentra-
tion steps, relating the added substrate concentration to
the initial microbial respiration rate. This model was
used to calculate the maximum respiration rate (Viax),
which indicates the theoretical microbial peak CO, pro-
duction during MIRR for a specific substrate, and the
Michaelis-Menten constant (K,), which describes
the affinity of microorganisms to mineralise the given
substrate, with low values indicating high microbial
substrate mineralisation at low substrate concentra-
tions. The turnover time (T,) of the applied substrate is
the total time required by the microbial community to
metabolise the applied substrate at K,,, plus the concen-
tration of soil indigenous C, measured as EOC. This
estimation was made using Equation (4) (Blagodatskaya
et al., 2009):

Km+Sn

Tt[h] = S p—

(4)

Two-way anova was used to analyse differences
between MIRR and peak respiration dependent on
substrate and nutrient limitation, with Tukey's test
for post-hoc pairwise comparisons. Calculations were
performed using R statistical software (version 4.2.1,
2022-06-23; ‘Funny-Looking Kid’). The following
R packages were utilised for various aspects of
the analysis: ‘ggplot2’ for data visualization (Wick-
ham et al., 2018), ‘dplyr’ to arrange the data
(Wickham et al, 2020), ‘reshape2’ for melting
data (Wickham, 2007), ‘nlstools’ for Michaelis-
Menten analysis (Baty et al., 2015) and ‘twKinresp’
for KSIR.

3 | RESULTS

3.1 | Microbial mineralisation of
rhizodeposits at varying substrate
concentrations

The loamy agricultural soil had a microbial biomass of
158 pg Cmic-C g * with basal respiration of 0.18 pg CO,-C
g ' h™'. Accordingly, the specific respiration (qCO,) was
1.14 pg CO,-C g* Cmic-C. The maize mucilage contained
357pug C g ' and 162 pug N g (C:N ratio = 22), whilst
early season exudates (BBCH 14) and late season exudates
(BBCH 83) had C contents of 10.9 and 12.8 yg C mL™’,
respectively.

Microbial respiration was increased well above basal
respiration after the addition of sugars and amino acids,
with a characteristic lag-period lasting until the onset of
exponential microbial respiration when the substrate supply
exceeded the substrate-specific C-threshold for microbial
growth (Figure 1, Suppl-Figure 1). The extent of this
increased microbial respiration was dependent on the con-
centration of substrate added. In response to the sugars
applied, respiration increased 12-fold above basal mainte-
nance levels during the first 10h to a MIRR of 2.25 pg
CO,-C g ' h! after the addition of 1600 pg C g * glucose
or sucrose, and 9-fold to 1.65 pg CO,-C g~' h™" in response
to 1600 ug C g ' arabinose (Table 1, Figure 2). The lag-
phase, characterised by an increase in respiration, transi-
tioned into an exponential phase of respiration response at
the onset of microbial growth. The C-threshold for micro-
bial growth on glucose and sucrose was 100 pg C g~ ". For
arabinose, the threshold C concentration required to initiate
microbial growth was lower with 40 ug C g ' (Suppl-
Table 1). Microbial respiration peaked 22 h after the addi-
tion of glucose. Higher substrate levels resulted in higher
rates of peak respiration, indicating higher microbial
growth. Below the C-threshold for microbial growth, how-
ever, the initial upregulation of respiration after glucose
addition dropped off without exhibiting the typical expo-
nential phase seen at higher substrate levels (Figure 2). At
peak respiration, approximately 0.01% of the total amount
of added sugar-C was respired per hour (Table 1, Figure 2).
The total (cumulative) CO,-C respired from sugars at peak
respiration amounted to between 7% and 9% of the added
C. Peak respiration following arabinose addition at 27 h
was delayed by 5 and 7 h longer compared to glucose and
sucrose, respectively (Table 1, Figure 2).

The C-thresholds for microbial growth on citric
and oxalic acid were 40 and 100 pg C g_l, respectively.
The addition of organic acids to buffered soils at con-
centrations above 400 pg C g~' inhibited microbial
activity, with growth starting only after 20-21 h.
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TABLE1 1 Microbial mineralization response parameters to the different substrates without and with nutrient supplementation.
Cumulative CO,
Substrate MIRR Peak respiration respiration until peak )
Time of peak

+ pgCg' pgCOCg'h' SE pgCO,Cg'h* SE pgCO,Cg' SE respiration (h)
Glucose 1600 223 0.09 16.20 1.31 127.23 14.73 22.00

P 1600 2.09 0.06 19.87 039 15264 7.37 23.33

N 1600 241 043 2284 1.15 188.98 8.82 22,33

NP 1600 1.80 0.24 21.15 146 199.02 12.69 22.67
Sucrose 1600 2.28 0.11 15.92 0.15 112.04 2.50 19.67

P 1600 2.32 0.18 17.31 0.81 110.83 4.05 19.33

N 1600 225 0.30 28.35 1.02 218.82 16.11 20.67

NP 1600 217 0.68 19.67 5.57 195.26 7.32 20.50
Arabinose 1600 1.65 0.07 17.55 083 14644 6.32 27.00

P 1600 141 0.20 11.56 0.21 82.97 6.66 24.00

N 1600 1.87 0.07 16.89 031 12263 1.99 24.00

NP 1600 1.22 091 10.73 2.87 99.34 27.34 26.00
CiAcid 400 0.98 0.13 4.33 0.44 39.49 3.69 19.67
OxAcid 400 1.04 0.12 1.87 0.16 19.42 2.66 15.33
Aspartate 100 1.77 0.13 6.47 0.46 60.85 5.02 21.00

P 100 1.06 045 448 1.77 56.44 4.52 23.00
Early exudates 1600 2.05 0.04 3.88 0.19 68.19 3.23 26.33
Late exudates 1600 1.65 0.24 3.50 0.21 81.34 6.85 34.00
Mucilage 1600 292 0.18 15.13 1.58 143.55 20.75 19.25

Note: Only the values for each substrate that correspond to the C concentration resulting in the highest peak respiration are displayed. Results are the average

of 3 replicates.

Abbreviations: MIRR, maximum initial respiratory response; SE, Standard error of the mean.

The highest peak respiration of 4.3 pg CO,-C g~' h™*
was observed after the addition of 400 pg C g™ citric
acid, which is the same magnitude as the respiration
peak in response to an addition of sugars at 400 pg C
g~'. The cumulative respired CO, at peak respiration
after the addition of citric acid amounted to 10% of the
total added C whilst for oxalic acid it was 5% of the
total added C.

The soil microorganisms mineralised the amino acid
aspartate more efficiently than sugars. The C-threshold
for microbial growth was 40 pug C g ' aspartate. The
addition of 100 pg C g_1 aspartate resulted in a peak res-
piration rate of 6.5 ug CO,-C g~ h™'. This means that
0.07% of the substrate_C was respired per hour at peak
respiration, leading to a cumulative C respiration of 61%
of the added C until peak respiration, 21 h after substrate
addition (Table 1). However, aspartate concentrations
above 400 pg C g™ ! inhibited microbial growth.

Patterns of microbial mineralisation of root-derived C
sources such as exudates and mucilage were more com-
plex. The threshold for microbial growth was only
exceeded in response to 400 and 100 pg C g_l of early

and late season exudates, respectively (Suppl.-Table 1).
However, even when the C-threshold for exudates was
exceeded, the microbial respiration did not enter an expo-
nential growth phase as with the other substrates, but
merely a steady increase was observed (Figure 2). This
led to a peak respiration of about 3-4 pg CO,-C g ' h™!
in response to exudates at 1600 pg C g~ ' (Table 1). For
mucilage, the C-threshold for microbial growth was at
1000 pg C g (Suppl.-Table 1), leading to a peak respira-
tion almost as high as for sugars (up to 13.4 pg CO,-C
g’1 h ') (Table 1). Early season exudates and mucilage
caused two respiratory growth peaks at this highest C
concentration (Figure 2). The first peak was observed
24 h after substrate addition as for the other substrates
and the second peak was observed 30-35 h after substrate
addition. Microbial respiration at the highest concentra-
tions of late-season exudates decreased very slowly after
the initial peak, without showing the typical decline in
microbial activity after 1 day. The cumulative respired
CO,-C at peak respiration was about 4% of the added C
in early and late season exudates, and 9% of the added C
for mucilage (Table 1).
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FIGURE 2 Microbial growth in
response to different root-derived
substrates: glucose, sucrose,
arabinose, aspartate, critic and
oxalic acid, mucilage, and early and
late exudates. Each curve represents
the mean of three replicates +
standard error. The lag-period is
enlarged in the top left corner of
each graph, with the scale of the
enlargement indicated by
rectangles.
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Overall, the microbial mineralisation of rhizodeposits
showed more complex patterns as compared to sugars,
with multiple growth peaks and generally requiring
higher C concentrations to initiate microbial growth.

30 40 solhl ™ 2 30 40 solhl

3.2 | Microbial growth kinetics

The kinetic variables obtained from the model fitting of
the respiration curves showed high similarity amongst
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the sugars (Suppl.-Table 3). The specific growth rate
(Hmax) Of the microbial community on the monosaccha-
ride sugars glucose (pmay = 0.21) and arabinose
(Hmax = 0.20) was slightly lower than the specific growth
rate on the disaccharide sucrose with 0.26 (Figure 4).
Microbial growth on aspartate also showed a high pp.
(0.27), but with a longer lag-period compared to sugars,
and aspartate stimulated a very low active fraction of
Cmic (Figure 5). In response to mucilage, microorgan-
isms showed a relatively low p,., of 0.18. Mucilage stood
out due to its notably brief lag time of 58 min and a more
than 10-fold higher active fraction of Cmic than any of
the other tested substrates (Figure 5). Due to the absence
of a distinct growth phase, the respiration curves of
organic acids and exudates could not be fitted to assess
the lag-period, ppmax and the active fraction of microbial
biomass according to the Wutzler model.

3.3 | Michaelis—-Menten kinetics

The relationship between the quantity of substrate
added and MIRR, shown by Michaelis-Menten kinetics

Glucose Sucrose

(Figure 3), confirms significant variation in the minera-
lisation of different rhizodeposit substrates. Across a
range of substrates, respiration showed a sharp increase
up to roughly 250 pg C g ' before reaching a plateau
near V... As expected, microorganisms showed a high
affinity to sugars and exudates with low K, values at
around 100 pg C g~ ' (Figure 4, Suppl.-Table 2). Glucose,
sucrose and early-season exudates had a high Vv, value
of around 2.5ug CO,-C g'h™' and T, about 3h,
whereas the late-season exudates and arabinose had
lower Vi, values, falling below 2 pg CO,-C g_l h™!
and T, about 4 h. The Michaelis—-Menten model was suc-
cessful in fitting the mineralisation of the easily decom-
posable sugars and exudates but no K, values could be
determined for aspartate, the organic acids and muci-
lage (Figure 3).

The model was more robust for calculations of V.
(Suppl.-Table 2), except for mucilage, where the initial
upregulation of microbial respiration (MIRR) increased lin-
early with the added amount (MIRR = 0.30 + 1.74 * pg C
mucilage g ', R* = 0.75) without reaching a plateau
at the highest concentration of 1500 pg C g~' soil
(Figure 2).

Arabinose
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FIGURE 3 Michaelis-
Menten kinetics, Model of
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FIGURE 4 Community properties in response to different
substrates. The bar graphs show the Michaelis-Menten model-
based parameters for V., and K,;,, and the KSIR model-based
parameters for pp,.y, with a standard error of V., and K;, and a
standard deviation of .. Substrates include Glu (Glucose), Suc
(Sucrose), Ara (Arabinose), Ci (Citric acid), Ox (Oxalic acid), Asp
(Aspartate), early and late (early and late season exudates) and Muc
(Mucilage).

34 | Effect of nutrient addition on
substrate-induced respiration response

Microbial growth in the soil is mainly limited by C and
was therefore strongly stimulated by the C-rich rhizode-
posits. The addition of N and P on top of the C input by
glucose or sucrose showed a significant increase in peak
respiration in response to the combination of C and N,
demonstrating a strong shift in nutrient limitation of
microbial growth to N (Figure 5). However, a microbial
co-limitation of N and P was indicated by the amplifica-
tion of peak respiration and a decrease of the C-threshold
required for microbial growth when both nutrients

together were added with glucose (Suppl-Figure 1,
Table 1, Suppl.-Table 1). By the addition of N, P or both to
glucose, microbial growth was initiated already at 40% of the
threshold concentration required without it (Suppl.-Table 1).
Notably, in response to sucrose a reduction of the
C-threshold was only observed with N-supplementation.
In contrast, nutrient addition to arabinose raised the
C-threshold for the transition from maintenance to
microbial growth, corresponding to an increment to the
next substrate concentration level, for example, from
40 to 100pg C g ' with the addition of nutrients
(Suppl.-Table 1).

Overall, the lag-period was reduced by 50%-75% and
the active fraction of the microbial biomass increased 2.5-
to 6-fold with the addition of both N and P (Figure 5,
Suppl.-Table 3).

4 | DISCUSSION

Rhizodeposits are a diverse mixture of organic compounds
released by plant roots that stimulate microbial activity and
influence the physical and chemical properties of the rhizo-
sphere (Carminati & Vetterlein, 2013; Nazari, 2021). How-
ever, studies investigating microbial responses to substrate
inputs into the soil often use glucose as a model substrate
(Anderson & Domsch, 1985; Reischke et al., 2015; Sawada
et al., 2008; Stenstrém et al., 2001) and sometimes other sin-
gle components of rhizodeposits such as organic acids (van
Hees et al., 2002). We observed a typical dynamic of the
microbial degradation of sugars with a clear lag-period before
the exponential growth takes place at peak respiration at
22 h. The observed patterns confirm a strong sugar affinity of
the microbes and high mineralisation rates. The aldopentose
arabinose, however, was utilised with a slower turnover by
fewer active microbes. Apparently, the bulk soil microbiome
was not well adapted for the rapid metabolisation of arabi-
nose. Although arabinose is a common constituent of rhizo-
deposits, it is far less abundant than glucose (Chaboud, 1983;
Nazari et al., 2020). The difference from the other sugars
may be due to potentially less abundant or fewer activated
transporters involved in arabinose mineralisation compared
to glucose transporters (Mayer & Boos, 2005; Ryu &
Trinh, 2018).

From a stoichiometric perspective, amino acids provide
both C and N for optimal microbial growth. Accordingly,
microbial growth was significantly increased at 100 pg C g~*
of aspartate, but elevated concentrations of aspartate did
inhibit microbial growth. Amino acid uptake may be also
hampered by physiological limitations of non-adapted micro-
bial bulk soil communities (Koskella & Vos, 2015), as the
numbers and activity of specific ABC transporters restrict the
microbial uptake of amino acids (Hosie & Poole, 2001).
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FIGURE 5 Parameter for
microbial growth on different
substrates with and without
nutrient limitations. Substrates
include 1600 pg C g Glu
(Glucose), 1600 pg C g~ Suc
(Sucrose), 1600 jg C g~ Ara
(Arabinose), 400 pg C g~ Ci
(Citric acid), 400 pg C g~ Ox
(Oxalic acid), 100 ug C g Asp
(Aspartate), 1600 pg C g ' early
and late (early and late season
exudates) and 1600 pg C g~ ' Muc
(Mucilage). The bar graph shows
the measured value of peak
respiration, the KSIR model-based
parameters for lag-period

(h) before exponential growth,
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of the total biomass), n = 3, with
standard error of peak respiration
and standard deviation of

— difference for active fraction.
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The adaptation of different microbial taxa to degrade
individual substrates and the complexity of substrates may
explain the tempaoral variation in the microbial mineralisa-
tion of exudates and mucilage in our study. Rhizodeposits
could trigger microbial growth through the provision of
readily available C substrates but they also contain chemi-
cal inhibitors of microbial growth (Nazari, 2021; Oburger
et al., 2011; Wiesenbauer et al., 2023). Two distinct growth
peaks in response to early season exudates and to muci-
lage indicate interactions between taxa that utilise different
C sources at different times, and potentially the influence of
compounds that delay substrate utilisation (Badri &
Vivanco, 2009; Baetz & Martinoia, 2014). In particular, the
late season exudates did exhibit multiple small respiration
peaks, some of which may be superimposed and therefore
not visible, but still contributing to the rugged pattern of
microbial growth on late season exudates (Figure 2).

The assembly of the rhizosphere microbiome starts at
the root tip and was shown to change along the root axis
towards older root sections (Dupuy & Silk, 2016; Riiger
et al., 2021). The bulk soil microbial community is mostly
dormant and its small active part is dominated by
K-strategists, strictly adapted to resource-limited condi-
tions (Soler-Bistue et al., 2023). As the root extends into
the bulk soil, the secretion of mucilage at root tips acti-
vates the dormant bulk soil microbiota and creates a first
temporally and spatially restricted hotspot of microbial
activity (Kuzyakov & Blagodatskaya, 2015). The brief lag-

o I I I jiiii n'l =tn
Suc

Ara Asp Muc
+ + + +
P NN P NN P
P P

phase following mucilage addition with a low p,,y indi-
cates the growth of a significant proportion of K-strategists
(Couso et al, 2023). Due to their lower energy require-
ments, these K-strategists are capable of immediate growth
upon encountering a mucilage-coated root tip. However,
these K-strategists do not reproduce as efficiently as
r-strategists, reflected by their relatively low pp,,, for the
immediate microbial growth response to mucilage supple-
mentation. In addition, soluble exudates are released
behind the root tip into the soil matrix, where mucilage
has already induced the growth of a significant proportion
of the microbial biomass. The majority of maize exudates
are composed of sugars (Santangeli et al. (2024), and there-
fore one would intuitively expect their rapid microbial
metabolisation, and a replacement of K-strategists by
r-strategists with faster turnover rates. Interestingly, after
the typical initial up-regulation of microbial metabolism in
response to root exudates, the expected exponential micro-
bial growth was not realised. Secondary metabolites in
exudates repeatedly have been found to restrict the growth
of rhizosphere microbiota (El Zahar Haichar et al., 2014;
Khashi u Rahman et al., 2019; Sasse et al., 2018). One
likely reason is that plants hinder the rapid degradation of
substances with functional potential by involving antibi-
otics and microbial inhibitors in rhizodeposition (Bais
et al., 2006; Hawes et al., 2000). The rather slow microbial
growth rate on root exudates fit well with a recent study
by (Zhalnina et al., 2018), who inferred from a codon-
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usage bias in members of the rhizosphere microbiome of
the grass Avena, and later confirmed by culturing studies,
that the majority of rhizosphere bacteria had much longer
generation times than would be expected from fast-
growing r-strategists.

There is further a spatial component in addition to the
temporal utilisation of rhizodeposits. The C supply
to microorganisms by rhizodeposits is decreasing rapidly
with distance from the root surface (Alphei et al., 1996),
this was mimicked by the stepwise addition of lower con-
centrations of rhizodeposits to soil. When confronted with
a limiting C-source, microorganisms make strategic
choices, as the uptake of substrate and its conversion into
storage compounds requires less energy than the synthesis
of cellular structural compounds during growth (Sawada
et al., 2008). This results in a critical threshold that differ-
entiates between the microbial use of C for storage, or its
use for growth when a critical C-threshold is exceeded
(Bremer & Kuikman, 1994). As the microbial biomass
increases, the required C-threshold also tends to increase
as well (Reischke et al., 2015) and lies approximately at
30% of Cmic, according to Anderson and Domsch (1985).
Therefore, any C-threshold obtained should be normalised
by the soil's Cmic content to make studies on different
soils comparable. Our data show a Cmic-specific threshold
between 25% and 63% to trigger microbial growth in
response to sugars (Suppl.-Table 1), aligning with previous
studies (Anderson & Domsch, 1985; Reischke et al., 2015;
Sawada et al., 2008). In addition, the C-threshold for
microbial growth varies with the type of C-substrate. The
C-thresholds for late season exudates were not different
from those for sugars, amino acids and organic acids.
This corresponds to the findings of Santangeli et al. (2024)
reporting that late-season exudates consist of over 50%
of soluble carbohydrates. On the other hand, the
C-thresholds for microbial growth in response to early sea-
son exudates and mucilage were an order of magnitude
higher, at 2.53 and 6.33 pg C pg Cmic-C™", respectively,
indicating that these rhizodeposits were less supportive for
microbial growth. It has been shown that the composition
of the rhizosphere microbiome is closely linked to the bou-
quet of exudates that plants release to recruit members of
the bulk soil microbial community. However, only plants
during their active growth period (e.g., BBCH 14) will
benefit from any plant-protective or growth-promoting
microbial traits whilst after flowering all resources are
redirected to seed formation (e.g., BBCH 83) (Keith et al.,
1986; Swinnen et al., 1994). The decrease of secondary
phenolic compounds in late season exudates at ripening
(BBCHS83) of maize (Santangeli et al., 2024) may be
an indication of the switch from microbiome selection to
general microbial growth promotion by rhizodeposits.

When relating substrate concentration to the initial micro-
bial response using Michaelis-Menten kinetics, microbial
growth on early season exudates showed a more effective
substrate turnover (lower T,) due to the activation of a
larger fraction of the microbial community (higher V..,
but with reduced affinity to the substrate, leading to an
increased C-threshold for growth on early season exudates.
Microbial growth dynamics on early season exudates thus
resembled the pattern of the disaccharide sucrose
(Figure 3). Late season exudates in contrast supported the
growth of microorganisms with a lower K, and a lon-
ger T,.

Also, for stoichiometric reasons, it may not be in
the interest of plants that their rhizodeposits fuel
microbial growth too rapidly. The C-supply from roots
lifts the C-limitation of the soil microorganisms, whose
growth then becomes nutrient-limited. Unfortunately,
the amount of rhizodeposits available was not sufficient
to measure the nutrient limitation of microbial growth.
However, the increased peak respiration after amending
sugars with N and P demonstrates the hypothesised
switch towards strong N-limitation of microbial growth
(Figure 5), leading to strong nutrient competition with
plants (Hodge et al., 2000). The reduced lag-phase and
the strongly increased fraction of microorganisms acti-
vated by the substrate, especially when supplied with
both N and P (Figure 5), give further proof of how
strongly the microbial mineralisation of these substrates
was nutrient-limited. For mucilage, where we could
obtain measurements of C and N contents, its C:N ratio
of 22 was much wider than the C:N of 5 applied to soils.
Mucilage, despite much lower N-availability, exhibited
the shortest lag-period and activated the largest fraction
of the soil microbial biomass (Figure 5). Thus not only
nutrients but additional components within the mucilage
likely accelerated the rapid activation of a high fraction
of the microbial biomass, perhaps aided by enzymes that
facilitate the breakdown of polysaccharides for microbial
use and nutrient uptake (Pozzo et al., 2018), or by the
recruitment of special microorganisms, like those con-
taining glycosyl hydrolases to degrade polysaccharides
(Amicucci et al., 2019).

5 | CONCLUSION

The microbial mineralisation of rhizodeposits showed
more complex temporal patterns than investigations on
individual model substrates would suggest. A high
C-concentration of 1000 pg C mucilage g ' was needed
to stimulate exponential microbial growth, but then
mucilage stimulated two growth peaks as high as in
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response to sugars. Contrary and unexpected was the low
microbial growth on exudates, and the remarkable differ-
ences in the microbial use of early and late season exu-
dates. Overall, the initiation of microbial growth required
surpassing a critical C-threshold, whilst lower C avail-
ability primarily stimulated microbial respiration.
Accordingly, at a greater distance to the root surface,
where the C-supply via rhizodeposition falls below this
critical threshold, the rhizosphere microorganisms pref-
erentially respire the assimilated C without converting it
to biomass. By identifying kinetic parameters of a variety
of root-derived substrates, our data allow more accurate
calibration of models that consider the temporal and spa-
tial extent of microbial growth and the mineralisation of
rhizodeposits in the rhizosphere.
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Chapter I Photosynthate hotspots structure rhizosphere microbiota

Abstract

The spatial variation and underlying mechanisms of pattern formation in the rhizosphere
microbiome are not well understood. We demonstrate that specific patterns in the distribution
of recently fixed carbon within the plant root system influence the spatial organization of the
rhizosphere microbiota. Non-invasive analysis of carbon allocation in the maize root system by
"C tracer-based positron emission tomography combined with magnetic resonance imaging
reveals high spatial heterogeneity with highest ""C-signal accumulations at root tips and
differences between roottypes. Strong correlations exist between rootinternal carbon allocation
and rhizodeposition as evident from "*CO; labelling. These patterns are reflected in the bacterial,
fungal and protistan community structure in rhizosphere soil with differences depending on root
structure and related spatial heterogeneities in carbon allocation. Especially the active
consumers of C-labeled rhizodeposits are responsive to photosynthate distribution with
differences in *C-labelling according to their spatial localization within the root system. Thus,
root photosynthate allocation supports distinct habitats in the plant root system and is a key
determinant of microbial food web development, evident from "*C-labeling of diverse bacterial
and protistan predators, especially at root bases, resulting in characteristic spatiotemporal

patterns in the rhizosphere microbiome.
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1 Introduction

The assembly of the rhizosphere microbiome is the result of complex interactions between the
plant and microorganisms. It is further affected by abiotic and biotic factors such as soil
properties and interactions between microorganisms in the rhizosphere. It is suggested that
microbiome enrichment by the plant host is, for a large part, mediated by rhizodeposition of
various compounds into the rhizosphere’?. Plants exude a substantial amount of carbon into the
rhizosphere?®, and different exudate compounds have been reported to attract specific microbial
consumers*®. These microbial consumers of rhizodeposits have been identified using *CO,
labeling followed by DNA-based stable isotope probing (DNA-SIP)’.

The root system is mostly sampled as a whole, but no studies have yet systematically
unraveled how spatially heterogeneous carbon allocation and rhizodeposition within the root
system affect microbiome establishment and lead to spatial patterns in the rhizosphere
microbiome. Rhizodeposition is known to be spatially heterogeneous within the root system 89, It
varies along the root axis ®'° and root exudates have been reported to differ between root
types''2. Similarly, evidence exists for heterogeneities in the rhizosphere microbiome within
plant root systems'®'¢, and differences have likewise been reported for microbial communities
along the root axis' and between root types''2. These heterogeneities in rhizodeposition and
microbial community composition suggest the presence of consistent, small-scale selection
mechanisms in the rhizosphere, likely driven by substrate preferences of the rhizosphere
microbiota®. However, apart from the notion that a specific bacterial reporter strain profited
primarily from photosynthate distribution at the root tips'’, dependencies within the root system
remain largely unresolved at the small scale. It is unclear to what extent spatial variation in the
rhizosphere microbiome is related to spatial patterns in carbon allocation within the root system
andtorhizodeposition. This leads to the question where in the root system specific microbial taxa
are particularly supported by rhizodeposits. Such small-scale dependencies will guide microbial
community establishment and processes in the rhizosphere. This in turn has possible
implications for the whole food-web that is fueled by rhizodeposits and possibly for plant
performance, considering that the rhizosphere microbiome includes taxa with potential benefits
for the plant™’®,

Here, we assess congruencies between spatial patterns in root carbon allocation,
rhizodeposition and the rhizosphere microbiota within the maize root system. Maize has a
complex root system consisting of different root types with seed-borne (primary and seminal)
roots and shoot-borne (crown) roots that develop sequentially over time from different nodes

(Figure S 1)'*2°, Root carbon allocation was studied by "'CO, pulse labeling of plants coupled with
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positron emission tomography (PET) and magnetic resonance imaging (MRI). The short-lived
carbon radioisotope "'C (ti2 = 20.4 min) allows for tracing recently fixed carbon in vivo and
enables detailed time series of ''C tracer allocation processes in the root system?'?%, Using
image-guided sampling for destructive sample collection, data on photosynthate allocation were
integrated with microbial data from community compositional analysis (study I). In a second
study, this approach was complemented by photosynthate labeling using '*CO, as stable isotopic
tracer to track the transfer of carbon from the root into the rhizosphere and its microbiota,
followed by DNA-based stable isotope probing (SIP) to identify key microbial consumers of
rhizodeposits (Fig 1). We analyzed the prokaryotic, fungal and cercozoan consumers, the latter
representing a major group of soil protists®*. We hypothesize that (I) photosynthates are
heterogeneously distributed in the root system, especially along the longitudinal root axis and
between root types. (Il) Root-internal heterogeneity in carbon allocation extends into the
rhizosphere with a largely congruent pattern. (lll) The rhizosphere microbiota is expected to
develop specific spatial patterns in the rhizosphere in response to carbon allocation. (IV)
Microbial taxa are particularly supported by rhizodeposits related to their localization within the
root system. This would make photosynthate distribution a central driver of microbial small-scale

heterogeneity in the rhizosphere of a root system.

2 Results

2.1 PET-MRI imaging reveals highly heterogeneous distribution of recently fixed carbon

In the two experimental studies, the root systems of all plants were regularly imaged by PET-MRI
to non-invasively collect data on photosynthate allocation and root growth. "C-PET in
combination with MRl measurements revealed that recently fixed carbon was heterogeneously
distributed in the plant root system over time (Fig 2). Nevertheless, consistent patterns were
observed among the ""CO; labeled plants in study | (Figure S 2) and study Il (Figure S 3).

We evaluated the spatial patterns in ""C-photosynthate allocation into the root system at
three different plant developmental stages in study |. After 6 days of plant development, no ''C
tracer was detected in the root system, indicating that recently fixed carbon was not yet allocated
into the roots (Fig 2A). In contrast, intensive and heterogeneous belowground allocation of carbon
was observed in plants of 13 and 20 days of age, with primary, seminal and crown root tips
exhibiting high levels of "'C tracer signal. Tips of the most recently emerged crown roots held
particularly strong accumulations of the tracer. On day 13, the tips of crown roots of the second
node were rapidly supplied with recently fixed carbon and showed the highest ''C signal intensity.

On day 20, the newly emerging crown roots of the third and fourth node showed particularly high
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signal intensity, while intensity in crown roots of the second node had declined as the roots
matured. Lateral root tips also showed photosynthate accumulations, but this was more difficult
to resolve due to their high number and overlapping tracer signals.

Belowground "'C-photosynthate allocation into the root system occurred very rapidly (Fig 2B,
Video S 1), with the first photosynthates being detected in the primary root at around 10-15 min
after the start of the pulse labeling (Fig 2B, white arrow). The first accumulations of labeled
photosynthates at root tips were detected in the youngest crown roots (Fig 2B, green arrow). Once
established, these accumulations at root tips generally persisted over the total measurement
time, whereas the tracer signal disappeared at the root bases of some roots over time including

the primary root, which had received the tracer first.

2.2 Root photosynthate allocation as main driver of rhizodeposition

To relate carbon allocation inside of the roots to carbon allocation in the rhizosphere, the "'C-PET
analysis was complemented by stable isotope labeling of shoots with *CO, and EA-IRMS
measurements of root tissue and rhizosphere samples from root tips (2 cm length) and bases
(upper 10 cm of a root) after destructive sampling in study Il. The ""CO; labeling pulse was again
6 min long, whereas plants were exposed to 12-hour '*CO, pulses daily for the preceding six days
to achieve good label incorporation into the microbiota for subsequent DNA-SIP.

As observed in ""C-PET imaging, the mass fraction of '*C in the root tissue and rhizosphere
soil was noticeably higher in most root tips compared to their bases, except for the root tissue
from the youngest crown roots (Fig 3a, b). Differences were also evident between different root
types, whereby the root tissue and rhizosphere soil at the root bases showed a consistent
increase in mass fraction of '*C from the primary root over the seminal roots to the different
generations of crown roots. A comparison of the mass fraction of *C between root tissues and
corresponding rhizosphere samples revealed consistently higher values in root tissue, along with
a significantly positive Pearson correlation (r = 0.77, p < 0.001) (Fig 3c). When this was analyzed
separately for root tips and bases, it became evident that this correlation was primarily driven by
a very strong correlation in samples from the root bases (r = 0.96, p < 0.001; Fig 3d), whereas
correlation at the root tips was clearly weaker and not significant anymore (r = 0.44, p = 0.054).
The absence of a significant correlation at the root tips resulted from differences in carbon
allocation. In the root tips, the mass fraction of '*C was higher for younger roots compared to
older ones, being highest in the first generation of crown roots. In contrast, mass fractions of '*C
in the rhizosphere soil were less distinct and in case of the primary and seminal roots more
heterogeneous. The decline in "*C in the root tips of the youngest (third) generation of crown roots
compared to the first and second generation appeared to be in contrast to the observed highest

5
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"C signals in these youngest roots. This can be explained by the fastest growth of these roots,
along with the lag period between the last "*CO, pulse and sample collection, which was required
for ""C-PET and MRI imaging. This resulted in further biomass formation at the root tips with
unlabelled photosynthates. However, this lag period after '*C pulse labelling does not explain the
absence of correlation at the root tips, because the exclusion of the youngest, fastest growing
crown root tips from the correlative analysis did not result in significant findings. The mass
fraction of '*C in unlabeled controls matched closely the isotope’s natural abundance of

approximately 1.1% (Figure S 4).

2.3 Root architectural factors and photosynthate level determine microbial community
composition

To investigate how photosynthate allocation, root type and root section affect the composition of
the rhizosphere microbiota, we sampled root tips and bases from all root types and defined for
these samples three levels of photosynthate allocation based on ''C signal intensities (Figure S
1). We distinguished between root tips with high signal intensity, root tips with medium signal
intensity and basal root sections with low signal intensity. The community compositional analysis
targeted prokaryotes, fungi and Cercozoa. In study I, the communities were directly analyzed by
amplicon sequencing, whereas the focus in study Il was on the communities that incorporated
3C-labeled photosynthates to more closely link carbon allocation patterns to the benefiting
microbial taxa. *C-incorporating taxa were represented by '*C-labeled DNA obtained from a
heavy fraction upon density gradient centrifugation of the DNA. In both experimental studies, the
composition of the prokaryotic, fungal and cercozoan communities differed according to root
type, root section and the "'C signal categories, which was confirmed by permutational analysis
of variance (PERMANOVA) (Tab 1, Table S 1). The statistical model “root type * ''C level” had the
best explanatory power in study I. Thereby, root section could be excluded from the model,
because the other two factors covered the variation by root section. When root section was
introduced as first term in the model, significant variation was assigned to this factor and ''C level
could be eliminated.

The non-metric multidimensional scaling (NMDS) plots revealed clear clustering according
to root type, especially for bacteria (Fig 4a, Figure S 5). Even the different generations of crown
roots formed discernable clusters. This patterning became more pronounced in the microbiota
represented by the *C-labeled DNA fraction in study Il, especially in case of fungi, whereas the
clustering of Cercozoa related to root type remained less distinct. A sample grouping related to
root type was likewise seen in the PERMANOVA results with R2-values ranging in study | from 0.13

—0.20 and in study Il from 0.14 - 0.26 plus, in case of bacteria and fungi, an increased interaction

6
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term in study Il (Tab 1). Sample clustering by root type in the NMDS plots even reflected the
chronology of root emergence from the primary root over the seminal roots towards the first,
second, third and fourth generation of crown roots. This successive clustering in the NMDS plot
was also particularly evident for the bacteria in study Il. Further, it was very well reflected in R?-
values of PERMANOVA post-hoc comparisons between allindividual root types, though the rather
low sample number per root type along with the correction for multiple comparisons did not
support the significance of most R? values (Figure S 6). Moreover, the successiveness across root
types was seen in the analysis of differentially abundant taxa (Figure S 6, Data S 1,Table S 2). This
revealed a couple of abundant genera with monotonic changes in relative abundance in the
rhizosphere from older towards younger roots. For example, the bacterial genera Mizugakiibacter,
Chujaibacter, Pseudolabrys, Hyphomicrobium, Porphyrobacter, Catenulispora and Massilia as
well as the fungal genus Mortierella increased in relative abundance towards the younger roots,

whereas a few taxa like Methylotenera and Ralstonia showed the opposite pattern.

Clustering of samples according to root sections was also clearly noticeable in the NMDS plots,
whereas sample clustering according to '"C-photosynthate allocation was rather weak,
especially in study | (PERMANOVA R? between 0.07 and 0.09). It increased substantially in study
Il (R? between 0.34 and 0.47), where we focused on the analysis of DNA in the *C-heavy fraction,
which represents predominantly the consumers of rhizodeposits. This was reflected in the NMDS
plots (Fig 4a), where samples clustered according to ''C tracer level as well as root section along
the first axis and root type along the second axis. The explanatory power of recent photosynthate
allocation in study Il was also higher in the unlabeled control samples in this study, but values
were not as high as for the *C-heavy fraction (mean R? of 0.28; Table S 3). For reasons of direct
comparability with study I, we applied the same PERMANOVA model in study Il (Tab 1,Table S 3),
though the explanatory power of the model “'C level * root type” was slightly better with even
higher R? values for the factor "'C level with R? values of 0.39 (fungi), 0.43 (bacteria) and 0.59

(Cercozoa).

Next, we evaluated whether *C quantified in the rhizosphere was an even better explanatory
factor for variation in microbial community composition than the "'C tracer signals. The EA-IRMS-
derived data on mass fraction of '*C reflects C allocation into the rhizosphere over a longer
labeling period than the 'C signal in the root. The replacement of "'C label categories by *C
content in the PERMANOVA model resulted in almost equal R? values of 0.31 to 0.37 for the '*C
mass fractional data (Tab 1). In the NMDS plots, it became evident that sample clustering
according to "*C content coincided strongly with the clustering by root type and section, which is

most clearly visible for bacteria (Fig 4b). This demonstrates that recent photosynthate allocation

7



Chapter Il Photosynthate hotspots structure rhizosphere microbiota

in the root and rhizosphere is indeed strongly related to major spatial patterns in the microbiota

according to root section and root type, over short periods of time, i.e. hours, as well as over days.

Seeing that quite some variation existed in microbial beta diversity but remained unexplained,
especially in study |, we assessed community assembly by iCAMP to gain insight into the
relevance of stochasticity in community assembly within the root system (Figure S 8). This
revealed a strong dominance of stochastic processes, especially drift (68.5-89 % for bacteria and
19.8-86.7 % for fungi), whereas deterministic processes were less relevant and dominated by
homogenous selection (7.2-16.2 % for bacteria and 0.16-19.3 % for fungi). The homogenous
selection was slightly higher for bacterial communities at root tips compared to bases, which
became a bit more pronounced when analyzing the community data of the *C-heavy fraction in
study Il. Likewise, homogenous selection gained relevance in fungal communities at root tips in
study II. Additionally, dispersal limitation became relevant as stochastic process in the bacterial
community at root tips (7.8 %), whereas homogenizing dispersal gained substantial relevance in

the fungal community at root bases (42.5 %).

Study | included an analysis of alpha diversity and abundance. The Shannon diversity indices of
the prokaryotic, fungal and cercozoan communities showed significant differences in response
to photosynthate level, root type and root section, whereby the prokaryotes showed the strongest
variation and Cercozoa the weakest (Figure S 9). Areduced diversity was observed with increasing
"C allocation, decreasing age of root types and at the root tips. For the prokaryotes and fungi, this
was the consequence of a decrease in richness and evenness in response to the "'C-
photosynthate level and root region, whereas the differences related to root type were primarily
driven by a decline in evenness. For Cercozoa, changes were primarily related to decreased
evenness, but not richness. Concerning prokaryotic and fungal abundance, a strong increase in
target gene copy numbers was seen in all rhizosphere samples compared to bulk soil, but strong
patterns related to "'C allocation or root section were not evident (Figure S 10). Only trends were
seen, which suggest that higher bacterial abundances appear to be related to higher carbon
availability, which was likewise reflected by variation according to root type and region. Further, a
negative correlation between alpha diversity and abundance was seen for bacteria (Pearson

correlation r = -0.23, p = 0.029) and fungi (Kendall correlation = -0.24, p = 0.001) (Figure S 11).



Chapter Il Photosynthate hotspots structure rhizosphere microbiota

2.4 Heterogeneity in photosynthate allocation impacts microbial consumers of *C-labeled

photosynthates

To reliably identify specific taxa of microbial *C incorporators, we applied further statistical
analysis with the DESeq2 algorithm. We therefore grouped samples in two different ways. In one
approach, samples were grouped into four categories based on the quantified mass fractions of
3C in the rhizosphere (Category 1: 1.5 % - 6.9 %; Category 2: 6.9 % - 12.3 %, Category 3: 12.3 % -
17.7 %; Category 4: 17.7 % - 23.1 %; Figure S 12). This enabled the identification of taxa that
became uniformly and thus significantly labeled related to the amount of carbon transferred into
the rhizosphere. Alternatively, samples were grouped according to their origin in the root system,
i.e. from tips or bases of seed-borne (primary and seminal roots) and shoot-borne (crown) roots,
respectively. This grouping allowed the identification of labeled taxa with consistent label
incorporation according to root architecture. Overall, the number of identified taxa ranged from 2
- 18 per amplified clade and category (Table S 4). More labeled taxa were detected in the groups
of bacteria and Cercozoa than fungi. Most taxa identified as '*C-labeled were identified by both
approaches (Fig 5, Figure S 13), underlining that their labeling was strongly related to both, the
spatial location of the taxa in the root system and the amount of '*C rhizodeposition. Several of
the "*C-labeled taxa had been identified as responsive to "'C level and/or root type already in
study |, confirming the strong responsiveness of these taxa to one or both of these factors. Among
others, the bacterial genera Paenibacillus, Massilia, Methylotenera and Rhodotorula as well as
the fungal genera Fusarium, Trichoderma or Ustilago were identified in both studies (Fig 5,Figure

S 6).

Several fungal amplicon sequencing variants (ASVs) were exceptionally strongly labeled in
samples with the highest '°C signature in the rhizosphere soil, while their labeling was significantly
lower than that of bacteria and Cercozoa in samples with low '*C content in the rhizosphere (i.e.,
label categories 1 and 2; Fig 5A). The alternative approach, during which *C incorporators were
identified upon sample grouping based on their origin in the root system, showed that this
intensive fungal labeling occurred at root tips (Fig 5B), and thus, taken together, at root tips with
highest carbon allocation. Bacterial and cercozoan taxa showed less variation in label intensity
between the four defined categories, regardless of the underlying sample grouping strategy (Fig

5A, B).

Visualizing "*C consumer label intensity for each significantly labeled taxon revealed that several
ASVs represented "*C consumers of the bacterial class Bacilli, especially the genus Paenibacillus
was identified in samples with high "*C content in rhizosphere soil, i.e. in *C-label category 3 and
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4 (Fig 5C). In contrast, almost all '*C-labeled ASVs within the Gammaproteobacteria (e.g.
Pseudomonas, Methylotenera, Massilia and unidentified Oxalobacteraceae) and Actinobacteria
were detected in the weakly labeled category 1 samples. The Bacilli, especially Paenibacillus,
showed the highest relative abundance in the labeled fraction of root tip samples (Figure S 14),
whereas the Gammaproteobacteria with Massilia as well as unidentified Oxalobacteraceae and
Comomonadaceae were particularly prominent in root base samples (Figure S 15). For some taxa,
a further differentiation between seed- and shootborne root bases was seen, especially in the
case of ASVs from the Rhizobium group, occurring preferentially as labeled at the seed-borne root

bases.

Among the fungi, the most intensively labeled ASVs were represented by the class
Sordariomycetes, especially the genus Fusarium (Fig 5C), resulting in the high fold-change for
fungi in *C-label category 4 (Fig 5A). This category is represented by tips of seminal and crown
roots of the first node (Figure S 12), but Fusarium occurred also in the '*C-heavy fraction of other
root tips (Figure S 14). Also striking was the "*C labeling of some ASVs representing non-identified
members of the Lobulomycetes (Chytridiomycota) (Fig 5C) with high relative abundance in
rhizosphere soil samples of *C-label category 1 to 3, i.e. at root bases and tips of the crown roots
(Figure S 14). Among the Cercozoa, most *C-labeled operational taxonomic units (OTUs)
represented members of the Cercomonadida and Glissomonadida, but in contrast to the
highlighted bacterial and fungal taxa, these did not show very particular enrichment orabundance
patterns related to the mass fraction of '*C in the rhizosphere or related to the root system (Fig 5).

Their labeling and relative abundances were more balanced.

Lastly, we combined the amplicon data of the three microbial groups and explored the role of '*C-
labeled taxa within the community by network analysis (Fig 6). This was done separately for the
root tip and root base microbiota, as major differences were observed between samples from
these two root sections in the SIP amplicon dataset (Fig 4). Networks were calculated at species
level resolution and aggregated at phylum (bacteria, fungi) / order (Cercozoa) level (Fig 6) or at
genus level (Figure S 15). Compared to the network constructed for the root tip (49 associations),
the network for the root base showed more associations between bacteria and Cercozoa (63
associations), especially between bacteria and Glissomonadida (22 and 29 associations,
respectively) (Fig 6). In contrast, many fungal taxa disappeared from the root base network. To
assess the role of the "*C-labeled taxa within these networks, we analyzed their connectivity and
compared it to non-labeled taxa. While there were no significant differences observed in the root

tip network, the labeled taxa showed a higher degree, radiality and centrality in the network of the
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microbiota associated to the root bases (Table S 5), indicating that these had more prominent

positions in the network.

3 Discussion

""CO, labeling in combination with PET and MRI allowed the integration of tomographic data on
photosynthate distribution with root structural information at high spatial and temporal
resolution®’. Applied to 6-day old maize plants, it revealed that recently assimilated
photosynthates remained in the shoot and were not translocated into the roots, which is
explained by the early developmental stage at which the root system is still supplied by seed
reserves®. In 13 and 20-day old plants, the recent photosynthates were rapidly transferred into
the entire root system. The primary root received the recently fixed carbon most rapidly after the
"CO, pulse, indicating an efficient reorganization from seed- to shoot-derived carbon supply until
day 13. It is assumed that the reorganization from heterotrophy to autotrophy occurs in maize
around day 10%°. The observed fast transition ensures the further development and functionality
of the seed-borne roots. At the two later time-points, we observed the hypothesized

heterogeneities in carbon allocation within the root system.

Within the individual roots, the allocation of recently fixed carbon varied strongly along the
longitudinal root axis with most intensive accumulations at the root tips. This was seen in "'"C-PET
images (Fig 2A) and confirmed by '*C analysis of the root tips as well as for the associated
rhizosphere soil (Fig 3). The intensive photosynthate accumulations in and around root tips align
with previous studies using “C%*?” and '*C approaches' and can be linked to the energy
demanding processes occurring at root tips, including cell division in the apical meristem,
mucilage synthesis at the root cap and membrane transport. The related high photosynthate
accumulations in the rhizosphere are the consequence of different rhizodeposition processes
with photosynthate loss at the root tips due to exudation, mucilage production and border cell

shedding®26:28.29,

We also detected clear differences in photosynthate allocation between root types, whereby the
youngest crown roots showed particularly high "'C signal intensity, especially at their tips. This
indicates that these young roots are already well connected to leaves via the phloem and
efficiently supplied by recent photosynthates, supporting their high elongation rates®* and
dominant role in soil exploration®. The ™CO, labeling confirmed that photosynthate
accumulations at root tips decreased consistently for root types of increasing age (Fig 3b). This
can be explained by the development of lateral roots as additional local sinks, therewith reducing
the initially very high accumulations at the main root tip. It is assumed that both, root elongation
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and the emergence of lateral roots contribute to the total photosynthate sink strength of a root,
and these processes are thought to be regulators of root photosynthate transport in the root

system?3>%,

Atthe root bases, the recent photosynthates merely passed through according to "'C-PET imaging
(Video S 1). Also, the '*CO, labeling over several photoperiods showed that root bases did not
accumulate much of the "*C tracer, especially not the primary and seminal roots (Fig 3). These
roots were already established with the full length that we sampled for the base section when the
3CO, labeling period began. In the younger roots, part of the sampled base section developed
during the C labeling period and incorporated '*C-labeled photosynthates into the tissue,
explaining the consistent increase in '*C content of root samples with decreasing age. Further, the
mass fraction of '*C within the root system was very closely correlated to that in the rhizosphere
attheroot bases (Fig 3d) pointing to tightly coupled processes for photosynthate allocation within
the root and their release into the rhizosphere. This aligns with our hypothesis and the knowledge
about reduced rhizodeposition with increasing root maturity along the root axis, which comes
with a stricter control of diffusion and increasing relevance of specific secretion mechanisms®®.
These obviously link root internal photosynthate allocation tightly with allocation in the
rhizosphere. At the root tips, the root internal and external "*C tracer accumulations were not well
correlated (Fig 3d), merely because the rhizosphere samples from different root types showed
less distinct patterns and more variation between replicate samples than the root tissue samples
did. Differences in microbial carbon mineralization might have contributed to this discrepancy,
considering that we observed root type specific variation in the microbiota at the root tips (Fig 4,

Figure S 5).

As an asset of the temporal resolution of "'C-PET imaging, we observed heterogeneity regarding
the arrival of the short-lived "'C tracer signal in the individual roots. This may indicate differences
in flow velocity between individual roots. In combination with the variation in photosynthate
accumulation at root tips, it indicates that specific mechanisms play a role in determining the
distribution of recent photosynthates within the root system. Intensely debated in this context are
functional differences between the roots™, root length and diameter'®?%, as well as root growth
rates®. Further, anatomical traits such as phloem diameter and processes including phloem

loading and unloading may contribute to this.

As rhizodeposits present a major energy source for microorganisms® and microbial taxa have
specific substrate preferences in the rhizosphere?, we hypothesized that the observed variation in
photosynthate allocation within the roots and into the rhizosphere should have consequences for
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the rhizosphere microbiota. We have multiple lines of evidence that the spatial patterns observed
in the microbiota according to root type and root section were closely related to photosynthate
allocation. Root section, root type and the two isotopic tracer levels, taken as a proxy for recent
photosynthate allocation in the root system, explained jointly variation in microbial community
composition according to PERMANOVA. Likewise, the NMDS plots revealed that sample
clustering occurred according to root section and root type, and in addition to the "'C tracer level
and the amount of *C quantified in the rhizosphere. The taxa that were identified as significantly
labeled by the DESeq2 algorithm were largely the same, independent of the grouping of samples

according to their origin in the root system or the '*C tracer category.

The most striking differences in photosynthate allocation were observed along the root axis with
accumulations at the root tips (Fig 2A). These patterns were reflected by differences in community
composition of bacteria, fungi and Cercozoa between root tips and bases (Fig 4, Figure S 5)and a
reduced alpha diversity of prokaryotes and fungi at root tips (Figure S 9). Differences in the
microbiota between root tip and base reflect stages of a successive community developmental
process along the axis, related to rhizodeposition processes’>®. The population size of bacteria
and fungi in the rhizosphere did not differ substantially between root base with low recent
photosynthate accumulation and root tips with high accumulations, indicating a very rapid
population build-up at root tips, supported by the high substrate availability at root tips®-°. This
comes along with a decline in alpha diversity, i.e. reduced richness and evenness, explained by a
specific enrichment of selected fast-growing taxa*', such as Paenibacillus or Fusarium, as

identified by DNA-SIP.

Root type was the second major factor that differed in recent photosynthate allocation and to
which variation in microbial community structure was related (Tab 1). Evidence for root type
dependent differences in microbial communities of cereals is recently accumulating4>%, For
maize, differences in bacterial communities have been reported to exist between primary and
crown roots'®. Beyond these root type related differences, we demonstrate with our results a
successive change in community composition from the oldest, primary root to the most recently
emerged crown roots for bacteria, Cercozoa and, with more variability, for fungi (Fig 4, Figure S 5).
Similarly, a successive decrease in alpha diversity from the oldest to youngest roots was seen,
especially for bacteria, primarily a decline in evenness (Figure S 9). These successive changes can
also be explained by community development, based on the observation that several taxa showed
consistentincreases in relative abundance across root types and related to the chronology of root

emergence (Figure S 7, Data S 1, Table S 2). The development is likely driven by different
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processes, including root type specific exudation patterns, which have been reported to exist in
maize'?, and time-related processes as roots and rhizosphere mature. The sequential emergence
of the roots gives more time for community assembly, competitive outcomes, plant-selection
processes and top-down control by predators along the root axis towards the bases for older roots
compared to younger roots. Our samples from root bases include this temporal aspect, as they

differ not only with regard to root type, but also in rhizosphere age.

Root type related patterns were not only observed at the root bases but likewise seen at the root
tips. While this can be seen for bacteria in study I, the results of study Il show this even more
clearly for the communities of bacteria, fungi and Cercozoa that profited from rhizodeposits (Fig
4a). This demonstrates that root-type related differences in the microbiota develop already at a
very early stage of rhizosphere establishment. Considering that differences existed between all
analyzed root types including the different generations of crown roots, the underlying mechanism
leading to these differences is not necessarily only related to root type, but likewise defined by

further processes, probably related to root length, root age or root growth rate**.

Despite reproducible spatial patterns in the rhizosphere microbiota, substantial variation in beta
diversity remained unrelated to root type, root region and carbon allocation patterns. The
quantitative analysis of community assembly processes revealed a strong dominance of
stochastic processes, especially drift (Figure S 8). This may appear unexpected, considering the
important role of rhizodeposits in shaping the rhizosphere microbiome, but high variability in the
rhizosphere microbiota between individual plants and substantial drift, in part along with other
stochastic processes, was likewise seen in other pot experiments and enforced under certain
growth conditions and during early plant growth stages***. It indicates that stochastic processes
such as drift are likely to be high in small-scale (pot) experiments and to increase further at even
smaller spatial scales, i.e. within a root system of an individual plant. It can result from processes
such as competitive exclusion and priority effects, which have been proposed to contribute to
microbiome assembly especially at root tips due to the rich amount of rhizodeposits that are
released*’. However, our data showed that stochastic processes and more specifically drift is
nearly equally relevant at root tips and bases. Instead, we observed a slight increase in
homogenous selection at root tips, which was enforced in the '*C-heavy fraction of study Il. It also
increased with inclining '3C label intensity in the rhizosphere (Figure S 8B). This indicates that part
of the microbial community becomes specifically enriched by deterministic processes related to
rhizodeposition, whereas the enrichment of many other taxa is affected by stochastic processes,

therewith introducing heterogeneities. The '*C-heavy fraction of the bacterial community showed
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in addition dispersal limitation at root tips, which may also be related to priority effects, when
early-arriving taxa limit the establishment of later-arriving taxa. In contrast to the bacteria, the "*C-
labeled fungal communities showed high homogenizing dispersal at root bases under conditions
of more limited carbon supply. Fungi may compensate spatial heterogeneities and carbon
limitation in the rhizosphere by their hyphal growth, but not yet at root tips, rather over time at root

bases.

The focus on taxa with significant '*C labelincorporation allowed to confirm the fourth hypothesis
and revealed an exceptionally high labeling of fungi in rhizosphere regions that received highest
levels of ®C-labeled photosynthates, i.e. the root tips (Fig 5, Figure S 13). While bacteria have
traditionally been considered the prime consumers of rhizodeposits, recent studies reported that
fast-growing “sugar” fungi can also profit from this plant-derived carbon*®“°, Our data indicate
that this occurs in particular in rhizosphere regions with highest rhizodeposition. Towards the root
base, competition between fungi and bacteria for the more limited rhizodeposits increases, giving
an advantage to bacteria over fungi, demonstrated by higher log2 fold changes in this root region
for bacteria than fungi (Fig 5A) and the disappearance of fungal taxa from the co-occurrence
network. A particularly high ™C labeling in samples with highest 'C-photosynthate
rhizodeposition was linked to Fusarium (Fig 5C), which was apparently very efficient at obtaining
organic carbon from rhizodeposition in these regions, i.e. root tips. The genus Fusarium includes
different species of commensals as well as potential beneficials®®®' and maize pathogens®** It is
tempting to speculate that these fungi can establish in the rhizosphere preferentially in regions
that provide ample amounts of organic carbon and that do not yet host a very competitive
microbiome, conditions they encounter at root tips. Besides, root tips are known to represent a
good entry point for pathogens®. Along with Fusarium, potentially beneficial fungi such as
Trichoderma were also labeled in samples with high *C-photosynthate deposition®. In contrast,
the very high relative abundance of unidentified Lobulomycetales within the labeled fungal
community indicates that not all fungi follow the same pattern, because this not yet well-known
taxon was prominently present and labeled at all root bases and the tips of shoot-borne roots
(Figure S 14). The different colonization pattern of this taxon was reflected in the co-occurrence
network, where it remained visible in the network of the root base with only positive associations
to other taxa, whereas many other fungal taxa disappeared (Figure S 15). Members of the
Chytridiomycota, to which the Lobulomycetales belong, have been reported to profit from
rhizodeposits in grassland soil and is was speculated that these might be secondary consumers
rather than primary consumers of rhizodeposits*°. Our data for the unidentified Lobulomycetales

support this assumption considering their rather weak labeling and their position and positive

15



Chapter Il Photosynthate hotspots structure rhizosphere microbiota

connectedness in the co-occurrence network, suggesting that these fungi may be more

competitive as secondary consumers than as primary consumers at root bases.

Among the bacteria, the most intensive *C label incorporation was observed for Paenibacillus in
rhizosphere samples with high '*C content, which reflects the pattern of Fusarium and
Trichoderma and is well in line with their copiotrophic lifestyle, enabling a rapid proliferation in
root regions with high photosynthate supply®®. Indeed, Paenibacillus was prominent at both,
seed-borne and shoot-borne root tips (Figure S 13) and showed high ASV diversity, to which
operon heterogeneity within strains likely contributed to some extent®”*%, The '*C-labeled taxon
with the highest relative abundance among the labeled taxa in the '*C-heavy DNA fractions was
Massilia, which became labeled in particular at the bases of shootborne roots (Figure S 13).
Further taxa with this pattern included different rhizobia, some of the Paenibacillus ASVs and
other Oxalobacteraceae. All these genera have previously been identified as carbon consumers
in the rhizosphere by DNA-SIP studies’*°. These genera are known to include beneficial taxa*¢°,
which may be particularly supported in root regions more distant from the tip, where overall fewer
photosynthates are released, but the secretion or diffusion of specific compounds gains
relevance compared to root tips®"%2. These compounds may more specifically support beneficial
taxa, as reported for Oxalobacteraceae, which benefit from flavonoids and can improve plant
nutrient aquisition®. The fact that labeled taxa had prominent positions within the network at the
root bases underlines that these became particularly well established at the root bases upon

community succession along the root axis.

Among the bacteria, not only primary consumers became '*C-labeled, but also the predatory
bacterial genera Vampirovibrio and Bdellovibrio as secondary consumers. They were labeled at
the root bases, where they were detected at rather low relative abundance (Figure S 13), but with
an intermediate '*C label enrichment compared to the other '*C-labeled bacterial taxa (Fig 5). This
aligns with a report that these bacterial predators can be highly active®®. They may thus represent
relevant players in the microbial food webs of the rhizosphere besides eukaryotic predators. The
latter, studied here with a focus on cercozoan predators, became significantly '*C-labeled in all
different root regions. Although Cercozoa integrate the '*C label at a higher trophic level, their
mean label log2 fold changes followed closely the patterns of the bacterial communities (Fig 5A,
B). This was also seen in the community compositional variation of the total '*C-heavy DNA
fraction, which reflected very well the pattern of their bacterial prey (Fig 4a). Further, a tight
association of protist grazers with potential bacterial prey was seen in the co-occurrence network

(Fig 6), where the main "*C-lableled cercozoan consumers of labeled prokaryotic prey were small
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flagellates in the Glissomonadida and Cercomonadida. These have short generation times and
specific grazing impacts on bacterial communities®%. With their establishment along the root
axis, they have likely modulated the labeling patterns of some taxa that serve as prey. These
findings indicate significant top-down control of the maize microbiome by predatory bacteria,

protists and likely also fungi, especially towards the root bases.

In summary, the combination of isotope-based approaches to document recent photosynthate
allocation within the root system and into the rhizosphere along with image-guided destructive
spatially resolved rhizosphere sampling allowed to link this allocation with heterogeneities in
microbial community structure. The spatial patterning in photosynthate allocation within the
maize root system is dominated by strong photosynthate allocation at root tips and a tight
correlation between root internal and external allocation especially at the root bases. The
rhizosphere microbiota responds to this with notable changes in community structure along the
root axis and differences between root types. Thus, photosynthate availability is an important
factor driving habitat differentiation within the maize root system and causing spatial variation in
the rhizosphere microbiome. Fast-growing taxa, here in particular Paenibacillus, benefit strongly
from photosynthates at the root tips, likewise as some fungal taxa, including potentially
pathogenic fungi like Fusarium that exploit these root sections efficiently. Towards the root bases,
the microbiota undergoes a succession, whereby other taxa are particularly supported by
rhizodeposits, including bacterial taxa with potential benefits for the plant, whereas fungal taxa
become less competitive under the more limited photosynthate availability. Further, the
development of the microbiota is modulated by a range of prokaryotic and eukaryotic secondary
consumers that thrive in the rhizosphere, known or predicted predators that exert top-down
control on the community. Community compositional differences exist between root types and
between each generation of crown roots, evident at root bases as well as tips. This points to
mechanisms and processes that are not only root-type specific, but change related to the age of
the root or the rhizosphere or are related to other traits such as root length. It requires further
analyses to resolve the underlying mechanisms in more detail, whereby processes that define the
composition of the rhizodeposits, which fuel the microbiota, will require particular attention.
Taken together, the existence of spatiotemporal patterns in photosynthate allocation and the
composition of rhizodeposits and the resulting differences in rhizosphere microbial food webs
implies that processes in the rhizosphere are spatially and temporally defined. It requires
spatiotemporal resolution to understand microbiota assembly and precisely assess microbially

driven processes within the root system, including those that provide potential benefits for the
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plant, which may be very locally supported in the root system by the plant. This knowledge is

crucial for developing effective management strategies for root microbiomes.

4 Methods

4.1 Soil preparation and plant cultivation

Soil columns were established according to Vetterlein et al. 2021, Briefly, 16.7 % loam soil
derived from a Haplic Phaeozem (Schladebach, Germany) was mixed with 83.3 % quartz sand
(WF33, Quarzwerke GmbH, Frechen, Germany). This growth substrate was dried, sieved to <1 mm
and fertilized® before homogeneously filling PVC columns (20 cm height, 8 cm diameter) up to a
bulk density of 1.47 g cm . Zea mays seeds (line B73) were surface sterilized in 10 % H,O, for 10
min, primed in a saturated CaSO, solution for 3 h and sown at 1.5 cm depth. Plants were grown in
a climate chamber for 22 days as described®®, while upholding a volumetric soil water content of

18 %.

4.2 8CO, labeling of plants

Stable isotope labeling to trace photosynthates into the rhizosphere and its microbiota was
conducted in two Perspex® chambers adapted from Hiinninghaus et al. 2009’ (Fig 1). Eight plants
were transferred into each labeling chamber at day 15 after sowing and either exposed to '*CO; or
unlabeled CO,, (referred to as '>CO,). Plants were continuously labeled during the whole 12-hour
light period for 6 days. Both chambers were initially scrubbed of ambient CO, by passing air
through a soda lime cartridge at each labeling day before '>CO, or 99 % '*CO, (Linde GmbH,
Pullach, Germany) were pumped into the respective chambers and evenly dispersed by
ventilators. In both chambers, constant gas concentrations of 407 = 20 ppm were established
using an automated system combining '>CO, and "*CO, gas analyzers (CO, = Li-820, LI-COR
Biosciences — GmbH, Bad Homburg, Germany, 13C0O2, S710, Sick AG, Waldkirch, Germany)
(Figure S 16). Temperature within chambers was regulated to maintain 18 °C at night and 23 °C
during the light period, = 2°C. At the end of each labeling day, the labeling gasses within the
chambers were scrubbed by passing through a soda lime cartridge and the chambers were

opened to allow for inflow of ambient CO,.

4.3 Radioactive "CO; labeling and PET-MRI scanning

Plants were supplied with "'C (t1,2220 min) labeled CO, and scanned by PET (Fig 1) to non-
invasively visualize the short-term photosynthate distribution in the root system. Due to the short
half-life of ''C, it is produced on site with a dedicated cyclotron. The night before PET scanning,
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plants were transferred to the phenoPET facility®” and mounted in an environmentally controlled
labeling cuvette connected to the gas exchange system with the roots in the field of view of the
phenoPET. The shoot was subjected to labeling with ~200 MBq (study I) or 100MBq (study Il) "'CO,
for 6 min after the start of the 2.5 h PET measurement. Data processing and image reconstruction
is based on Hinz et al. 2024%”. The image reconstruction was done in 5-min frames. Scatter and
attenuation corrections were not applied. Images were decay-corrected. PET measurements
were complemented by transferring the plant to MRI to non-invasively monitor root system
architecture. We used a 4.7-T vertical bore magnet (Magnex Scientific, Oxford, United Kingdom)
equipped with a 21-cm gradient system up to 400 mT/M (MR Solutions, Guildford, United
Kingdom) and a 10-cm RF coil (Varian, Palo Alto, CA) as previously described®. To counterimaging
artifacts observed in this soil, the imaging parameters were set to: Spin-Echo Multi-Slice (SEMS)
sequence, Bandwidth =400 kHz, 4 averages, Field of view =96 mm, 0.5 mm resolution, 1 mm slice
thickness, echo time TE = 9 ms, repetition time TR = 2.8 s. MRI data were analyzed using the
program NMRooting®®. We restricted root tree analysis to the axial roots, i.e. the primary root,
seminal roots and crown roots, thus excluding all lateral roots and quantified root length (Figure
S 17). For further analysis and to enable image-guided sampling, overlays of the PET and MRI 3D-
scans were constructed in the MeVisLab environment (MeVis Medical Solutions AG, Bremen,

Germany).

4.4 Image-guided root and rhizosphere soil sampling

Before sampling, the soil was brought to the targeted volumetric water content to ensure
comparable extension of the rhizosphere. Soil cores were pushed out of the pots and MRI images
were used for orientation and identification of root and rhizosphere samples. We took root tip
samples of about 2 cm length and root base samples of about 10 cm length to capture the largest
possible variation of both root sections (Figure S 1) from every root, while distinguishing between
the primary root, seminal roots, and crown roots from the first to the third or fourth underground
node. The length of the root base sample was slightly reduced for the third generation of crown
roots, whereas the fourth generation base samples were not yet available. PET scans enabled us
to roughly categorize root samples according to three "'C tracer signal intensity levels. Image
evaluation by visual assessment resulted in a distinction between root tips with high signal
intensity, root tips with medium signal intensity and basal root sections with low signal intensity.
Lateral roots were cut off to avoid mixed root type signals. As the youngest crown roots were very
small on the day of sampling, only root tip samples were taken from this root type. Rhizosphere

samples were taken by dipping the root pieces in 0.3 % sterile NaCl solution. To sediment the
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rhizosphere soil, the suspension was centrifuged at 5000 x g and 4 °C for 30 min. Root tissue
samples were further cleaned upon dipping by vortexing the root pieces in 0.3 % sterile NaCl for
15 seconds. The pelleted rhizosphere soil samples and the washed root pieces were stored at -

80 °C.

Analyses were done in study | for individual roots from a total of three plants, whereas the same
type of root sample, i.e. roots of each root type and section, from two plant replicates was pooled
in study Il to obtain enough material for all analyses (Figure S 1). The previously obtained PET-MRI
scans ensured that the photosynthate allocation and development of sampled roots were
comparable (Figure S 3). Using 16 plants in total, this resulted in four replicate *C-labeled sample
sets and four corresponding '?C-control sets covering all root types, root sections and

photosynthate allocation categories in study Il (Table S 6).

4.5 Determination of mass fractions of '*C in root and rhizosphere samples

A subsample of each rhizosphere and root sample was dried for 4 days at 50 °C and ground to a
fine powder by hand. Approximately 70 mg of rhizosphere soil and 0.5 mg of root material was
used for C/?C isotope analysis with an elemental analyzer (Flash EA 1112; Thermo Fisher
GmbH, Bremen, Germany) coupled to an isotope ratio mass spectrometer (Delta V Advantage;
Thermo Fisher Scientific, Waltham, MA, USA). We calibrated results against the reference
materials calcite (IAEA 603; 8'*C = 2.46%o0) and corn starch (Schimmelmann Research, Indiana
University; 8'C =-11.01%o). Results are presented as mass fraction of *C in percent (mass of '*C

relative to the total mass of C in each sample), as calculated based on Teste et al. 2009°°.

4.6 DNA extraction

DNA was extracted from ~500 mg of wet rhizosphere sample using the FastDNA™ SPIN Kit For Soil
(MP Biomedicals™, Santa Ana, Canada) following the protocol of Tournier et al. 20157° with minor
alterations (2 x 45 s cell disruption, 100 pl elution volume). The DNA was quantified using the

QuantiFluor dsDNA System on a Quantus™ Fluorometer (Promega, Madison, WI, USA).

4.7 DNA stable isotope probing

DNA-SIP was performed for 36 '*C-labeled samples and 36 corresponding '>C-control samples
following the protocol of Lueders et al. 2010”" with minor alterations. Per sample, ~1.5 ug of DNA
was loaded onto CsCl (299.999 % p.a., Carl Roth, Karlsruhe, Germany) suspensions with a

starting density of 1.721 g ml". Samples were randomly assigned to different ultracentrifuge runs
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to compensate for possible run-related variation. Gradients were spun at 20°C and 177.000 x g for
38 h in an Optima™ XPN-80 ultracentrifuge with VTi 65.2 rotor (Beckman Coulter, Brea, CA, USA).
Gradients were fractionated from bottom (heavy) to top (light) into 12 fractions (~400 ul) by
displacement of the gradient solution with bromophenol blue stained DEPC-water. The buoyant
density of each fraction was determined by measuring the temperature-corrected refractive index
(nDTC) of a small sample aliquot on an AR200 refractometer (Reichert, Depew, NY, USA).
Depending on sample origin (root type, root section), we observed that light, unlabeled DNA
peaked at densities around 1.705 - 1.710 g¢ ml" and heavy, '*C-labeled DNA peaked at buoyant
densities of around 1.720 — 1.728 g ml” (Figure S 17). The DNA in each fraction was precipitated
by adding 2 Vol of 30 % PEG 6.000 in 1.6 M NaCl and 1 ul of glycogen (20 pg; Roche, Basel,
Switzerland) before incubating the samples at room temperature for 2 h. This was followed by 40
min of centrifugation at 4 °C and 21.000 x g, a washing step in 70 % EtOH and a second
centrifugation step of 25 min before the pellet was eluted in 25 pl of 10 mM Tris-HCl and stored at
-80 °C. After centrifugation, one heavy and one light fraction of each sample was selected for
amplicon sequencing. The selection was done individually for bacteria, fungi and Cercozoa based
on quantitative PCR (qPCR) data generated for all fractions. When DNA was similarly abundant in
two neighboring fractions, the more extreme one was selected for sequencing - the lighter fraction
with lower density and the heavier fraction with higher density. Plotting the 16S rRNA, ITS1 and
18S rRNA copy humbers against the buoyant density revealed the fractions that contained peaks

of '®C- and ">C-DNA, respectively (Figure S 17).

4.8 Quantitative PCR and amplicon sequencing

Quantitative PCR assays were performed as previously described”® using 10-fold diluted DNA
solutions with slightly adapted thermal cycling protocols (Table S 7) and the same primers as for

amplicon sequencing (Table S 8).

Prokaryotic 16S rRNA gene amplicons, fungal ITS1 amplicons and cercozoan SSU/18S rRNA gene
amplicons were generated following group-specific two-step PCR protocols (Table S 8, Table S 9,
Table S 10). As ITS1 amplification products showed several unspecific bands on a 1.5 % agarose
gel, correct bands were excised after the first round of PCR and purified using the NucleoSpin® Gel
and PCR Clean-up Kit (Macherey-Nagel, Diren, Germany) Prokaryotic and fungal amplification
products were quantified using the QuantiFluor dsDNA System on a Quantus™ Fluorometer and
pooled at equimolar concentrations. 18S rRNA gene amplicons were processed using the
SequalPrep Normalisation Plate Kit (Invitrogen GmbH, Karlsruhe, Germany). Pooled PCR
products were purified with the CleanNA magnetic bead system (GC-Biotech, Waddinxveen, the
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Netherlands). Library preparation and sequencing of the amplicons was performed by the West
German Genome Center (WGGC) and the Cologne Center for Genomics (Cologne, Germany), on

MiSeq instruments (Illumina, San Diego, Canada) generating 2x300 bp paired-end reads.

4.9 Sequence data analysis

The raw sequence reads were preprocessed using a customized bash script with Cutadapt
version 4.2 to demultiplex the samples’. Primer trimming was performed using QIIME 2, version
2022.117* and denoised ASVs were created for bacteria and fungi using the DADA2 pipeline”. The
denoising step also comprised forward and reverse read merging and chimera removal. Sequence
alignment was performed using the MAFFT software’®. The SILVA database (version 138) was used
for prokaryotic taxonomy assignment’” and the UNITE database (version 9) for fungal taxonomy
assignment’®. Data were exported into R (version 4.2.3) and analyzed with the packages
phyloseq’®, vegan® and microbiome®'. Singletons and reads unclassified above class level were

removed from the data sets (Table S 11).

Cercozoan raw sequence reads were processed using the custom MOTHUR pipeline v.39.5%,
After demultiplexing and primer- and tag-sequence trimming, the remaining reads were clustered
into OTUs using VSEARCH® with an abundance-based greedy clustering algorithm (agc) at a
similarity threshold of 97 %. Clusters with fewer than 214 reads were removed to eliminate
potential amplification or sequencing noise®. OTUs were assigned to taxa using BLAST+% with an
e-value cutoff of 1e-50 and the PR2 database®, retaining only the best hit. Non-target sequences
were excluded. Sequences were aligned using the provided template?® allowing gaps of up to five

nucleotides, and cleaned for chimeras using UCHIME®®,

4.10 Statistical evaluation

Alpha diversity was analyzed using rarefied datasets and differences were assessed by ANOVA
and Tukey-HSD posthoc tests or Mann-Whitney U-tests with Benjamini-Hochberg correction.
Beta diversity was assessed by NMDS plots based on Bray-Curtis dissimilarities calculated from
rarefied datasets. Differences in community structure were evaluated by PERMANOVA using the
function adonis2 of the vegan package. Pairwise PERMANOVA was applied to compare microbial
community composition between different root types, using the pairwise.adonis() function of the

pairwiseAdonis package.
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To identify microbial consumers of *C-labeled recent photosynthates, we employed the HR-SIP
function from the R package HTSSIP?¥. To increase statistical power, we grouped samples in two
different ways. In one approach, samples were grouped into four categories based on their mass
fraction of '°C in the rhizosphere as measured by EA-IRMS (Figure S 12). Alternatively, samples
were classified into four categories based on their origin within the root system: seed-borne root
tip, seed-borne root base, shoot-borne root tip, and shoot-borne root base. A separate HR-SIP
analysis was conducted for each category using non-rarefied sequence datasets. HR-SIP utilizes
the differential gene expression analysis from the R package DESeq2® to identify ASVs that are
significantly enriched in high buoyant density fractions (BD of 1.72 — 1.75 g ml") of "*C-labeled

samples compared to the high buoyant density fractions of unlabeled control samples?.

We conducted co-occurrence network analyses to explore associations between bacterial,
fungal and cercozoan communities in the rhizosphere of the root tip and base sections for the *C-
labeled plants. Prior to network calculation, sequence read counts were summarized at species
level. Species that were present in less than 1/4 of all samples were summed into one pseudo
taxon to reduce spurious edges®. Additionally, the location of the sample within the root system
and the mass fraction of '*C in the rhizosphere were included in the network calculation. To
account for the compositionality of community data, the bacterial, fungal and cercozoan datasets
were individually normalized by centered log-ratio transformation. Further, z-transformation was
applied to the numeric metadata, while categorical metadata were hot-encoded. The networks
were calculated using FlashWeave v.0.18.0% with parameters for homogeneous data (sensitive =
true and heterogeneous = false) and without normalization. The species networks were
summarized in R to genus and order level and visualized in Cytoscape v.3.9.0°". The node

parameters were assessed with the NetworkAnalyzer®? implemented in Cytoscape.

Microbial community assembly mechanisms were analyzed using the icamp.big() function from
the iCAMP package in R, applying phylogenetic bin-based null modeling with bin-specific
confidence intervals and BNTI as turnover metric. To minimize phylogenetic bias, null model
randomizations were confined within taxonomic bins (max size: 12). Relative contributions of
ecological processes were compared across root sections and '*C label categories, with

statistical significance assessed via 1,000 bootstrap iterations using the icamp.boot() function.
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4.11  Data availability

The MRI/PET dataset is available under this DOI: https://doi.org/10.26165/JUELICH-
DATA/Q4NWVE. The amplicon sequencing data generated in this study have been deposited in
the Sequence Read Archive (SRA; bioproject number PRINA1145186). Processed sequencing
data (as .RDS) and representative sequences for each ASV (as .FASTA) are available on GitHub
(https://github.com/sinaschultes/photosynthate-distribution-maize-rhizosphere-

microbiota). Source data are provided with this paper.

4.12 Code availability

Custom scripts and all required data files to run them are available on GitHub

(https://github.com/sinaschultes/photosynthate-distribution-maize-rhizosphere-microbiota).
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9 Material

Tab 1 Influence of root type and photosynthate level on microbial community composition.
Influence of both factors as well as their interaction on total community composition (study |) and
photosynthate consumer community, reflected by the '*C-heavy fraction of the DNA-SIP analysis
(study Il), was assessed by PERMANOVA based on 999 permutations. R? values are given in the
table, detailed test statistics in Table S 1. Significance code: *** indicates p-values < 0.001, ** p-
values £ 0.01 and * p-values < 0.05.

Study PERMANOVA model Factor Bacteria Fungi Cercozoa

Root type 0.20*** 0.13*** 0.18***

Study I: "C level (categorical) 0.07*** 0.08*** 0.09***

Root type * ''C level

Total
. Interaction 0.07*** 0.08** 0.04
community
Residuals 0.66 0.71 0.69
Root type 0.26*** 0.14* 0.17**
"C level (categorical) 0.34*** 0.35*** 0.47***
Root type * "'C level
Interaction 0.13*** 0.14** 0.05
Study ll:
Residuals 0.27 0.37 0.31
3C-heavy
fraction Root type 0.26%** 0.14 0.17*
community
3C level (numeric) 0.31*** 0.34*** 0.37***
Root type * '°C level
Interaction 0.11** 0.10 0.05
Residuals 0.32 0.42 0.41
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Study |

Day 6, 13 & 20: PET/MRI Day 21: Image-guided sampling of rhizosphere
imaging of ''C allocation pr :

[ rootsystem [ MRIscan [PET/MRI overlay| soil core

"'co,
gas exchange system! 168, ITS and 18S qPCR and amplicon
sequencing

Study |l

Day 14 & 21: PET/MRI Day 15-20: *CO, labeling (12h / day)
imaging of ''C allocation

12c0,
o,
7 |
—h -

detector ring 11co2 12(:02 1:3(:02
gas exchange system [gas exchange system| [gas exchange system|

Day 22: Image-
guided sampling
of roots

and rhizosphere

[ root system | MRIscan [PET/MRI overlay[ _soil core

Quantification of *C in root Identification of '3C consumers in the
and rhizosphere samples rhizosphere by DNA-SIP and 16S, ITS and 18S
by EA-IRMS amplicon sequencing

Fig 1 Conceptual study design. In Study | we investigated temporal changes in photosynthate
allocation and the effect of small-scale spatial heterogeneity in photosynthate allocation on the
prokaryotic, fungal and cercozoan rhizosphere communities. PET-MRI imaging (orange boxes)
enabled us to define root regions with distinct photosynthate levels (low, medium, high) and to
consider root architecture at high spatial resolution for identifying root types and sections during
sampling. Study Il combines this approach with *CO; labeling (blue box) to specifically identify
photosynthate consumers and investigate their response to spatially heterogeneous
photosynthate distribution. Analyses upon destructive sampling (grey boxes) included elemental
analysis coupled to isotope ratio mass spectrometry (EA-IRMS) to obtain quantitative data on
photosynthate contents of root and rhizosphere samples and DNA-based microbial community

compositional analyses.
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rimary root
Seminal roots
Crowh 7% node
own 2" node
own 2 node
own 4" node
ateral roots

85-90 min 100-105 min 115-120 min

N\

/"l

Fig 2 Allocation of recently fixed carbon in roots visualized by co-registered PET-MRI scans. The
same maize plants were imaged in study | at three time points by PET (colored) and MRI (grey) over
a period of 120 min. a Co-registered PET-MRI scans were obtained for 6-, 13-, and 20-day old
plants at 85-90 min after labeling start. Prominently visible representatives of the different root
types are marked with letters: P = primary root, S = seminal roots, Cr = crown roots of nodes 1-4,
L = lateral roots. On day 6, the root system consisted of the primary root and three seminal roots.
On day 20, around 10-12 crown roots from up to four different consecutive nodes had developed
in all plants. b Belowground allocation of "'C-labeled photosynthates in a 20-day old plant over
the measurement period of 2 h. Images are integrals calculated over 5 min of measurement. A
time-lapse video showing ""C-photosynthate allocation is available as Video S 1.
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Fig 3 '*C tracer allocation in different root types and root sections and their associated
rhizosphere soil samples. The mass fraction of "*C in percent in a root tissue and b rhizosphere
soil samples as measured by EA-IRMS and visualized in box plots across different locations in the
root system. Boxes span from the first to the third quartiles, the line inside each box represents
the median; x represents the mean and the whiskers extend to the last data point within 1.5 times
the inter quartile range. Data points outside of whiskers represent outliers. Significance of
differences was tested by one-way ANOVA (two-sided), and distinct lowercase letters indicate
significant differences between groups (n = 4 biological replicates) as tested by Tukey HSD post
hoc tests (p < 0.05). Scatter plots illustrate the relationship (Pearson correlation coefficient r with
significance (p) between mass fraction *C in root tissue and the rhizosphere for ¢ all samples
colored by root type (n = 36 biological replicates) and d for root tip (n = 20) and root base samples
(n = 16) separately. B indicates the slope. A linear regression model was fitted (solid black line),
and the shaded area represents the 95 % confidence interval around the best fit (based on the

standard error of the estimate). Source data are provided as a Source Data file.
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Fig 4 Variation in microbial community composition related to root type, root section and

belowground carbon allocation (study Il). Variation in community composition was assessed after

3CO; labeling in the DNA of the "*C-heavy fraction, representing predominantly '*C consumers.

Variation is visualized by non-metric multidimensional scaling (NMDS) plots based on Bray-Curtis

dissimilarities, highlighting the dependence on root type and a categorical photosynthate levels

defined by ""C-PET or b the mass fraction of '*C measured in the rhizosphere soil by EA-IRMS.

Information on root sections can be inferred from the plots in a, with root tip samples being

represented by closed symbols, whereas root base samples are represented by open symbols.

Source data are provided as a Source Data file.
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Fig 5 '°C label intensity and identity of microbial taxa with significant label incorporation.
Significantly labeled taxa were identified using the DESeq2 algorithm of the HTSSIP package. For
this analysis, samples were grouped into four categories, either a and ¢ according to the mass
fraction of "®C quantified in the rhizosphere soil (Category 1: 1.5 % - 6.9 %; Category 2: 6.9 % -
12.3 %, Category 3: 12.3 % - 17.7 %; Category 4: 17.7 % - 23.1 %; Figure S 12) or b based on the
sample origin within the root system (seed-borne root tips, seed-borne root bases, shoot-borne
root tips, shoot-borne root bases). a and b show the label intensity of significantly labeled taxa
according to the fold-change in sequence read abundance between the '*C-heavy and *C-heavy
fraction. Boxes span from the first to the third quartiles, the line inside each box represents the
median; x represents the mean and the whiskers extend to the last data point within 1.5 times the
inter quartile range. Data points outside of whiskers represent outliers. Significance of differences
within subsets was tested by Kruskal-Wallis rank sum test. Distinct lowercase letters indicate
significant differences between groups as tested by Dunn’s post hoc tests with Benjamini-
Hochberg correction (p < 0.05). From left to right, a consists of n =14, 4,10, 10,2,11,7,6, 9, 12,
14, 12 biologicalreplicatesand bofn=15,4, 12,10, 7,9, 18, 4, 18, 15, 6, 15 biological replicates.
c illustrates the identity of the labeled taxa along with the enrichment in the *C-heavy fraction
over the 2C-heavy fraction based on log2 fold changes and the summed abundance of the 'C-
labeled taxa in the '*C-heavy fraction based on read counts. Absolute abundance equals the sum
of allreads of a labeled ASV over all samples of a label category. Bacteria and fungi are labeled as
Class_Genus_ASV and protists as Order_Genus_OTU. Source data are provided as a Source Data

file.
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Fig 6 Core networks illustrating the associations between bacterial, fungal and cercozoan taxa
and the positioning of '*C labeled taxa. Networks were independently calculated for the root tip
and root base microbiota based on "*C amplicon sequence data of study Il. Nodes are arranged
at phylum (bacteria, fungi) and order level (Cercozoa). Positive associations are indicated by blue
lines, negative associations by red lines. Network taxa are colored according to the number of '*C
incorporators (blue to red) or non-incorporators (yellow) as determined by DESeq2 analysis. The

node size is proportional to the percentage of reads. Source data are provided as a Source Data

file.

10 Supplementary material

The supplementary material for Chapter Il can be viewed and downloaded here:
https://uni-koeln.sciebo.de/s/DKT1NsXCQPfXK4WD

10.1 Supplementary video

Video S 1 Allocation of recently fixed carbon in maize roots. Allocation of "'C-labeled carbon into
the maize root system as visualized by PET/MRI imaging for an individual plant in study I.

10.2 Supplementary figures
Figure S 1 Sampling concept in both studies. a Conceptual drawing of a) maize root system on

harvesting day. B) The sampling scheme: Root tips and bases of all root types including crown
roots from consecutive nodes were collected.
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Figure S 2 The distribution of fresh, '"C-labelled photosynthates in all plants of study | on day 6,
day 13 and day 20 after sowing.

Figure S 3 The distribution of fresh, "'C-labelled photosynthates in plants of study Il on day 14 and
day 21 after sowing.

Figure S 4 Mass fraction of '*C [%)] in the rhizosphere (a) and root tissue (b) of unlabeled control
plants as measured by EA-IRMS (n=4).

Figure S 5 Community composition of the maize rhizosphere microbiota (prokaryotes, fungi,
Cercozoa) in study I.

Figure S 6 Heatmaps illustrating results for pairwise PERMANOVA applied to compare microbial
community composition between different root types in the '*C-heavy fraction of study Il.

Figure S 7 Heatmaps displaying the relative abundance of dominant (>0.25 % relative abundance)
(a) bacterial and (b) fungal genera that showed a significant response to photosynthate level or
root type.

Figure S 8 Bar plots showing the relative contribution (%) of five ecological processes to bacterial
and fungal community assembly.

Figure S 9 The Shannon diversity index, ASV richness and eveness for prokaryotes, fungi and
Cercozoa in dependence on root type, root section or categorical photosynthate levels according
to ""C-PET.

Figure S 10 Boxplots presenting the qPCR results for prokaryotic 16S rRNA gene and fungal ITS1
copy numbers and their variation in dependence on root type, root section or categorical
photosynthate levels according to ""C-PET.

Figure S 11 Relationship between the prokaryotic (a) and fungal (b) diversity and their population
size as determined by gPCR targeting a 16S rRNA gene fragment (prokaryotes) or the ITS1 region
(fungi).

Figure S 12 Grouping of samples for HR-SIP analyses into four categories based on their *C
proportion relative to total C mass in the rhizosphere soil as determined by EA-IRMS.

Figure S 13 C label intensity and abundance of microbial taxa with significant label
incorporation.

Figure S 14 Relative abundance of '*C-labeled taxa at different locations in the root system.
Figure S 15 Microbial co-occurrence networks resolved at genus level.

Figure S 16 Automatically regulated gas flow during a labelling day in the "*CQO2 labelling chamber
(chamber Il) and the >CO2 control chamber (chamber I).
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Figure S 17 Mean root length (mm) of the examined primary, seminal and crown root types from
the four different leaf nodes, as determined by MRl measurements and NMRooting analysis at day
6, 13 and 20 after sowing (study I).

Figure S 18 A "*C-labeled sample and its corresponding 12C-control sample from the crown root
1 tip as an example for SIP fraction selection prior to amplicon sequencing.

10.3 Supplementary tables
Table S 1 Detailed test statistics accompanying the PERMANOVA results in Table 1.

Table S 2 The effect of root type and photosynthate allocation on responsive fungal genera in study
| as identified by one-way ANOVA.

Table S 3 Influence of photosynthate level and root type on microbial community composition of
DNA fractions collected during DNA-SIP in study Il.

Table S 4 Number of different ASVs/OTUs detected as “labelled” by DESeq2 analysis within each
taxon and per category.

Table S 5 Comparison of microbial co-occurrence network parameters between *C incorporators
and non-incorporators.

Table S 6 Number of roots per root type of each plant on days 14 and 21 after sowing as
determined by MRI in study Il. Plant pairs xA and xB were pooled for sampling on day 22.

Table S 7 Primers used to generate standards and cycling conditions for gPCR. Primer sequences
available via reference list for bacteria/archaeal, fungi2 and Cercozoa3.

Table S 8 Primers for amplicon sequencing and qPCR of prokaryotes (bacteria and archaea)4,
fungib, 6 and protists (Cercozoa)3. BC indicates barcoded primers.

Table S 9 Two-step PCR conditions for amplicon sequencing of prokaryotes, fungi and Cercozoa.
Table S 10 PCR reaction composition for amplicon sequencing.

Table S 11 Total and mean read number per sample remaining for downstream analyses after
initial quality filtering.
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Chapter IlI: Protist community shifts under maize monoculture

Continuous maize cropping reshapes rhizosphere protist communities
through soil legacy effects
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Abstract

Soil protists, especially potential plant pathogens such as Oomycota and Phytomyxea, are
increasingly recognised as key players in rhizosphere dynamics, yet their role in the formation of
agricultural soil legacies remains under-explored. In a five-year field experiment involving the
continuous cultivation of maize in loam and sand, we used high-throughput amplicon sequencing
to track temporal changes in protist communities, focusing on Oomycota and
Cercozoa/Phytomyxea. Two contrasting trajectories were observed: the enrichment of potential
maize-specific pathogenic oomycetes (e.g., Pythium arrhenomanes and P. monospermum), and
increased variability among heterotrophic cercozoan consumers, including potential pathogen
antagonists such as Platyreta and Trinematidae. These patterns were modulated by soil texture
and interannual climate variability (precipitation and temperature). Loam fostered an increasing
soil legacy effect with compositional shifts in protist communities. In sand, legacy development
was more stochastic and sensitive to drought disturbance. Rhizosphere alpha diversity declined
with soil legacy, whereas bulk soil communities showed partial resilience over time.
Environmental variables drove significant changes in beta diversity, indicating layered
interactions between plant traits, abiotic drivers, and microbial feedbacks. Our findings
demonstrate that protists are responsive indicators and key players in the formation of maize

rhizosphere legacies, with significant implications for plant-soil feedbacks.

Key words: Soil legacy effects, continuous cropping, rhizosphere microbiota, protist pathogens,

microbial grazers
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1 Introduction

1.1 Soil legacy effects under monoculture and the role of protists

Root-associated microbiomes assemble and co-evolve over a plant’s lifetime (Donn et al. 2015,
Bonkowski et al. 2021), and their propagules often persistin the soil as resting stages. This creates
‘soil-legacy effects’ that influence the performance of subsequent crops, typically via the
accumulation of host-specific microbial consortia (Bever et al. 1997, terHorst et al. 2016, Bakker

et al. 2018, Schmid et al. 2019).

Modern studies confirm that the effects of conspecific legacies are intensified by continuous
monoculture. Repeated planting of the same crop reduces microbial diversity, disrupts nutrient
cycling, often encouraging the presence and activity of soil-borne pathogens. This has an impact
on plant phenotype and productivity (Li et al. 2019, Yang et al. 2020). By contrast, crop rotation,
practised for centuries (Bullock 1992), is an empirical evolved management strategy that disrupts
root-pathogen build-up and thus mitigates negative legacies (Krupinsky et al. 2002, Bever et al.
2015). Additionally, diversified systems such as intercropping can dilute specialist pathogens and
enhance plant immunity by lowering host density and broadening root-exudate chemistry, which
together reshape microbial interaction networks (Li et al. 2021, Pelissier et al. 2021, Oburger et al.
2022). Diverse microbial communities and stable belowground networks can buffer plant
performance under environmental stress (Toju et al. 2018, Wagg et al. 2019), making them key
targets for climate-smart agriculture. Yet, the composition of microbial communities is also
influenced by abiotic factors such as temperature, water availability, and soil texture (Williams
and Rice 2007, Bauke et al. 2022, Yim et al. 2022, Zhao et al. 2024). As climate variability
intensifies, it is becoming increasingly important to understand how microbial legacies develop

and influence plant function in order to ensure the resilience of crop production.

As most legacy research has focused on bacteria and fungi (Hannula et al. 2021, Epp Schmidt et
al. 2022, Kuerban et al. 2023), the eukaryotic realm outside the fungal kingdom remains largely
unexplored. This is surprising given that protists — unicellular microbial eukaryotes — contain
major plant pathogens (Neuhauser et al. 2014, Thines 2014, Bass et al. 2018, Schwelm et al. 2018,
Rodenburg et al. 2024) and occupy pivotal trophic positions that couple microbial turnover to
nutrient fluxes (Clarholm 1985, Bonkowski 2004). Protists are a polyphyletic and immensely
diverse group that encompass a wide range of trophic strategies and ecological functions
(Pawlowski et al. 2012, Geisen et al. 2018). Protistan consumers drive the microbial loop in the
rhizosphere, thereby accelerating nitrogen turnover, while predation imposes deterministic

pressures on community assembly (Rosenberg et al. 2009, Ruger et al. 2021, Ruger et al. 2023).
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Some protist groups, however, evolved to become parasites of plants and animals with worldwide
economic importance (Dixon 2009, Neuhauser et al. 2010, Derevnina et al. 2016). Free-living
Cercozoa fulfil both functions: predominantly bacterivorous or fungivorous consumers graze on
the root-associated microbiome, and shape the community structure of the rhizosphere
micorbiota (Bonkowski 2004, Geisen et al. 2018), while Phytomyxea are a subgroup containing a
broad variety of obligate plant pathogens, including the genera Plasmodiophora and Spongospora
(Neuhauser et al. 2014). Hemibiotrophic protists can alternate between saprotrophic growth in
soil and pathogenic infection of plant roots (Kamoun et al. 2015). Among them, oomycetes such
as Pythium arrhenomanes and P. ultimum cause damping-off and root-rot in Zea mays. Their
oospores have a long lifespan and persist in the soil, germinating when a suitable host reappears

and promoting their accumulation under continuous cropping.

1.2 Study system, hypothesis and objectives

To explore how protist communities respond to soil legacy development, we analysed a five-
season Zea mays monoculture on newly established field plots without a history of maize
cultivation (Vetterlein et al. 2020, Vetterlein et al. 2021). The field experiment was initiated in
autumn 2018 with 24 homogeneously packed plots of loam or sand, each measuring 11 x 3,1
metres. The plots were arranged in a randomised design and managed identically (no tillage and
only mineral fertiliser). This set-up provided uniform starting conditions yet contrasting soil
textures, creating a unique chronosequence (2019-2023) under a shared climate (Vetterlein et al.

2021).

Targeted amplicon markers captured the protistan groups Cercozoa and Oomycota. Cercozoan
primers amplified the full diversity of Cercozoa, including the plant-pathogenic Phytomyxea
(Dumack et al. 2019, Fiore-Donno et al. 2020) and oomycete primers retrieved the breadth of
Oomycota, a lineage rich in maize pathogens such as Pythium and Phytophthora (Telle et al. 2011,

Schmidt et al. 2020, Fiore-Donno and Bonkowski 2021).

We hypothesised that continuous maize cultivation selects for conspecific, directional shifts in
rhizosphere protist communities, resulting in a progressive diversity decline and a cumulative
enrichment of host-associated microbial consortia, including potential root pathogens (Bass et
al. 2018, Schmidt et al. 2020, Bickel and Koehler 2021). These patterns would result in a temporal
intensification of plant-soil feedbacks and the formation of persistent soil legacy effects. We
profiled Cercozoa (including Phytomyxea) and Oomycota communities across five seasons to (i)

determine how soil texture modulates legacy-driven trajectories, (ii) relate changes in alpha- and
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beta-diversity to abiotic drivers, and (iii) quantify shifts in the balance between pathogenic and

heterotrophic protists in bulk soil and rhizosphere.

2 Methods

2.1 Field experiment and study site

The field experiment is situated at the Bad Lauchstadt Research Station in central Germany
(51.3904 °N, 11.8759 °E). Long-term climate records for 1993-2013 report a mean annual
precipitation of around 525 mm and a mean temperature of 9.7 °C (Schadler et al. 2019). In 2018,
twenty-four plots (11 m x 3.1 m) were excavated to 1 m depth and refilled with homogenised soil.
Loam, taken from the upper 50 cm of a local Haplic Phaeozem, was sieved to 20 mm and
compacted with a vibrating plate to a bulk density of 1.36 g cm™. The sand substrate comprised
83 % industrial quartz sand blended with 17 % of the same loam and settled to a bulk density of
1.50¢g cm~® without mechanical compaction. Each plot contained a 25 cm gravel layer beneath a
75 cm soil layer to ensure uniform drainage. The design is two-factorial, with twelve loam and
twelve sand plots. Within each texture, six plots were sown with wild-type Zea mays L. B73 and six
with its root-hairless mutant rth3, giving six replicates per treatment level. Since April 2019 maize
has been grown annually under identical management (no tillage, mineral fertiliser only; no heavy
machinery). The maize crop was always harvested in October; stubble remained on the plots,
which were covered with a permeable tarp from October to March to suppress winter weeds,

remaining weeds were removed by hand (Vetterlein et al. 2021).

2.2 Sample collection and processing

Sampling was performed once per growing season at the maize growth stage BBCH 19, when the
maize plant had produced nine or more leaves, typically in late June or early July. The 24 plots
(loam/wild-type, loam/rth3, sand/wild-type, sand/rth3; six replicates each) were sampled in
random order. The sampling locations were established using soil cores taken to determine root
length density. These cores were positioned 10 cm from a randomly selected maize plant and
perpendicular to the row orientation. A 20 x 20 x 20 cm soil cube was then extracted around each
of these boreholes. To avoid resampling areas that had previously been disturbed, sampling
points in subsequent years were randomly selected while ensuring a distance of at least 50 cm
from any earlier destructive sampling. All sampling points were georeferenced and recorded in a
GIS. The soil cube was transported to the field laboratory within 15 min. There the block was

weighed, gently crumbled by hand, and roots were separated. Rhizosphere adhering to the roots
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was removed with sterile toothbrushes over sterile Petri dishes. The detached rhizosphere and

the remaining bulk soil were homogenised and stored at 4 °C for DNA extraction.

2.3 Environmental and plant covariates

Daily weather records were used to derive cumulative rainfall from sowing to BBCH-19 and the
corresponding temperature sum expressed as growing-degree days (GDD). Across the
chronosequence, rainfall between sowing and sampling ranged from a minimum of 22 mm in 2020
to a maximum of 50 mm in 2021, whereas GDD varied between about 124 °C d (2020) and 156 °C
d (2022) (Fig. S 1). Thus 2021 represented the wettest growth season, while 2022 combined the
lowest rainfall with the highest thermal peak. Plant traits were measured on the same day as
microbiome sampling. In each plot three shoots were harvested and oven dried. Root traits were
obtained from three soil cores per plot. After washing and scanning, root length was corrected for
decomposition with depth-specific factors. The spatio-temporal framework served as the

foundation for evaluating the dynamics of protistan communities.

2.4 DNA extraction, amplicon sequencing and processing

DNA extraction and purification were performed using the FastDNA® SPIN Kit for Soil (MP
Biomedicals, CA, USA) according to the manufacturer’s protocol. Extractions for the 2019, 2022,
and 2023 samples were conducted in Cologne, while DNA from the 2021 samples was extracted
by a collaborating research group in Braunschweig using the same protocol. Separate two-step

PCR protocols were used to target the regions of interest for Oomycota and Cercozoa.

For oomycete communities, the ITS1 region was amplified using the primer pair S1777F and
58S0OomR (Fiore-Donno and Bonkowski 2020) in the first PCR, followed by a semi-nested PCR with
barcoded primers S1786StraF and 58SOomR with an annealing temperature of 58°C under similar
conditions. For cercozoan community profiling, the hypervariable V4 region of the 18S rRNA gene
was amplified. In the initial PCR, the forward primers S615F_Cerco and S615F_Phyt (1:1 mixture)
were used together with the reverse primer S963R_Phyt (Fiore-Donno et al. 2020). A semi-nested
PCR followed, using an equimolar mixture of the barcoded primers S615F_Cer and S947R_Cer.
Both PCR steps began with an initial denaturation at 95°C for 2 min, followed by 24 cycles of 95°C
for 30 s, annealing at 52°C (first PCR) or 58°C (semi-nested PCR) for 30 s, extension at 72°C for
30 s, and finished with a final elongation at 72°C for 5 min. In both protocols, 1 ul of template DNA
was used in the initial PCR and 1 pl of the amplicon was used for the semi-nested step; tagged
primers (as described in Fiore-Donno et al. (2018)) were incorporated during the second PCR.

Final reaction mixtures included DreamTaq polymerase (Thermo Fisher Scientific, Dreieich,
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Germany) at 0.01 units, Thermo Scientific DreamTaq Green Buffer, 0.2 mM dNTPs, and 1 pM
primers. To mitigate potential effects of PCR competition, each reaction was performed in
duplicate, and at least two negative controls were included per PCR batch. Both duplicates of the
second PCR were pooled (12.5 pl each) before purification and normalization using the
SequalPrep Normalization Plate Kit (Invitrogen, Thermo Fisher Scientific, USA) to obtain a
concentration of 1 - 2 ng/ul per sample. The purified PCR products were then sequenced on an
Ilumina MiSeq platform (lllumina Inc., San Diego, CA, United States) were performed at the
Cologne Center for Genomics (Cologne, Germany), using the MiSeq v3 Reagent kit with 2 x 300

cycles.

For Oomycota and Cercozoa the raw paired end reads were processed through a customized
mothur (v.1.45.3) pipeline (Schloss et al. 2009): reads were merged under stringent criteria (no
mismatches allowed in primer or barcode regions, zero ambiguities), with a minimum overlap of
200 bp for Cercozoa and 70 bp for Oomycota, contigs failing these thresholds were discarded.
After demultiplexing and trimming of primer and tag sequences, sequences were de novo
clustered at 97 % similarity via abundance-based greedy clustering (agc) (Rognes et al. 2016),
with chimeras identified and removed by VSEARCH and singleton OTUs below 0.005 % total
abundance filtered out (fewer than 142 reads for Cercozoa and 127 reads for Oomycota).
Taxonomy was then assigned by BLAST+ (Camacho et al. 2009), using an e value cutoff of 1 x 10™>°
against the PR? database for Cercozoa (Guillou et al. 2013) and 1 x 107"° against a custom
Oomycota ITS reference database for Oomycetes based on NCBI GenBank (Solbach et al. 2025
[unpublished]); in both cases, only the top hit was retained and non target sequences excluded.
OTUs with = 95 % identity to a reference were assigned to species level, with lower identity
matches assigned at higher taxonomic ranks. Chimeras were identified using UCHIME (Edgar et
al. 2011) asimplemented in mothur and the abovementioned reference template (Fiore-Donno et
al. 2018). Since chimera detection of Oomycetes often led to false positives or negatives with
UCHIME, all sequences with an alignment to sequence length ratio of less than 0.7 were
discarded instead. The taxonomic assignment of both OTU databases was manually checked. The
final Cercozoa dataset comprised 850 OTUs at a mean depth of 33,697 reads per sample and the

final Oomycota dataset comprised 208 OTUs at a mean depth of 7,282 reads per sample.

2.5 Statistical analysis

All statistical analyses were conducted using R (v4.3.2, R Core Team, 2023), final data
visualisations were produced using ggplot2 (Wickham 2016) and RcolorBrewer (Neuwirth 2022).

Data wrangling and reshaping were carried out with dplyr for filtering (Wickham et al. 2023), tidyr
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(Wickham et al. 2024) and reshape2 (Wickham 2007) for pivoting tables, forcats (Wickham 2023)

for recoding of categorical variables.

Spearman correlations of covariates were calculated between sampling year (time) and each
predictor (GDD, rainfall, root length, shoot dry weight). Root and shoot traits were further analysed

with two-way ANOVA followed by Tukey contrasts.

To ensure data quality, OTU tables for Cercozoa (including Phytomyxea), Phytomyxea alone and
Oomycota were filtered to = 5,000 reads per sample and extreme outliers were excluded based
on ordination space (maximum one sample per protistan group). After filtering, a maximum of 24
samples per condition (i.e., one per field plot) could be retained. Phytomyxea and Cercozoa
showed full or near-full retention across most years and soil types. However, no rhizosphere
samples remained for either group in 2023 due to quality filtering. Oomycota retention was more
variable, with lower sample numbers particularly in sandy soils. No bulk soil samples were
sequenced for either group in 2021, neither for Oomycota in 2022. Full sample counts per group,

year, soil type, and sampling location are available in Tab. S 1.

Calculations of a-diversity were based on Hill hnumbers (Chao et al. 2014) with OTU richness (Hill
#0), diversity (Hill #1; exponential Shannon) and evenness (Hill #2; inverse Simpson) and
performed in vegan (Oksanen et al. 2024). For these analyses, bulk soil and rhizosphere samples
were analysed separately. Log-normalised richness was compared among years with one-way
ANOVA followed by Tukey’s HSD (agricolae; de Mendiburu (2023)) or, where assumptions failed,
Kruskal-Wallis with Dunn’s post hoc test (FSA; Ogle et al. (2025)).

Bray-Curtis dissimilarities of relative abundances were ordinated with NMDS (vegan::metaMDS);
solutions with stress < 0.20 were retained. Bulk soil and rhizosphere samples were pooled for
NMDS to increase statistical power and capture overall community trajectories. Environmental
vectors were fitted using envfit (999 permutations), and the five strongest predictors (R?, P < 0.05)
were added to biplots. When sampling plot accounted for significant variation among samples, a
partial fitting approach was applied to control for this block effect. Environmental vectors were
then fitted with permutations stratified by sampling plot. Growing degree days (GDD) were used
to represent temperature effects, while rainfall and irrigation were summed to represent total
precipitation input. For root traits, root length was fitted as a representative variable. Community
differences were assessed with PERMANOVA (adonis2); heterogeneous dispersions (betadisper)
were handled by pairwise PERMANOVAs with Bonferroni- and FDR-adjusted P values and, if

necessary, by refitting the model without the most dispersed year(s). Despite two maize
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genotypes being included in the experiment, PERMANOVA analysis revealed that plant genotype
had no significant influence on protist community composition (Cercozoa: p = 0.598;
Phytomyxea: p = 0.407; Oomycota: p = 0.759). Genotype was therefore grouped together for all

analyses.

For eight focal genera (Trinematidae, Platyreta, Spongospora, Plasmodiophorida sp.,
Myzocytiopsis lenticularis, Phytophthora undulata, Pythium arrhenomanes, P. monospermum)
log,-transformed abundances were regressed against time with separate quasi-Poisson GLMs
(glm, family = quasipoisson(link = "log")) for loam and sand. Model slopes, pseudo-RQ, dispersion,

quasi-AlC and FDR-corrected P values guided interpretation.

Differentially abundant OTUs were identified with DESeqg2 (Love et al. 2014). Size factors were
estimated by the “poscounts” method. Wald tests calculated log, fold changes for each year

relative to 2019, with adjusted p-values (Benjamini-Hochberg) < 0.05 indicating significance.

3 Results

3.1 Plant performance across seasons

Plant growth metrics, calculated as the plot-level averages of three plants or cores, varied
considerably over the five-year monoculture period. Root length showed a gradual accumulation
over time (Fig. S 2, top), while shoot dry mass closely tracked seasonal climatic patterns, peaking
inthe wetyear of 2021, declining during the 2022 drought, and partially recovering in the moderate
year 2023 (Fig. S 2, bottom).

3.2 Alpha diversity reveals lineage specific legacy effects

Clear but lineage-specific trends in protist a-diversity emerged across the five years sequence
(Fig. 1,Fig. S 3). Cercozoan richness (Hill #0) dropped after the first year: OTU richness fell to
roughly 65 % of the 2019 baseline (ANOVA: F 1,145y = 119.08, p < 0.001). However, richness in bulk
soilrecovered to approximately 90 % of the initial level by 2023 (ANOVA: F (1,135 = 41.89, p < 0.001).
These changes were accompanied by declines in diversity (Hill #1) and evenness (Hill #2) in both
the rhizosphere and the bulk soil, suggesting that specific OTUs became dominant in the bulk soil

over time.

The obligate plant-parasitic subgroup Phytomyxea comprised 12 OTUs and largely mirrored the
broader cercozoan pattern. Rhizosphere richness declined and stayed low after the first year. In

contrast, after an interim decline, bulk soil richness returned to the 2019 baseline by 2023 (F 1 2s¢)
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=117.58, p <0.001). This was accompanied by a decrease in diversity (Hill #1) and evenness (Hill

#2), both of which recovered to initial levels by 2023, in both bulk soil and rhizosphere (Fig. S 3).

The behaviour of Oomycota, which includes key plant pathogens, was different. Bulk soil richness
remained unchanged over the years (ANOVA: F¢ 5,y = 0.45, p = 0.50). However, increasing
dominance of specific oomycete taxa was evident in loam bulk soil, where evenness (Hill #1)
declined over time (Fig. S 3). In the rhizosphere, the Oomycota richness declined to ~80 % of that
in 2019 over time (ANOVA: F(,112) = 9.72, p < 0.002), but diversity (Hill #1) and evenness (Hill #2)
remained stable, indicating that the decline was mainly due to low-abundance taxa rather than

the dominant community members.
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Fig. 1 Boxplots of temporal changes in OTU richness (Hill number, a = 0) under continuous maize
cultivation for Cercozoa, Phytomyxea, and Oomycota across four sampling years. Richness
declined over time in the rhizosphere for all groups. Different letters indicate statistically

significant differences between years (Tukey’s HSD, p < 0.05).
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3.3 Shifts in community composition driven by time and environment

Non-metric multidimensional scaling (NMDS, stress <0.2) indicated lineage-specific temporal
shifts in the composition of protists across the bulk soil and rhizosphere (Fig. 2, Tab. 1,Fig. S 5, Fig.
S 6). Soil texture significantly modified these trajectories for Cercozoa (PERMANOVA: R®>=0.02, p
=0.001) and Oomycota (R*=0.02, p = 0.002), whereas Phytomyxea were unaffected by texture (p
= 0.434). The texture dependence was also reflected by the contrasting directions and strengths
of the environmental vectors fitted to the NMDS ordinations (Fig. S 4). While cercozoan consumer
communities primarily exhibited variability in beta dispersion, Oomycota—including the plant

pathogenic genus Pythium spp. —showed clear compositional shifts over time.

Beta-dispersion of cercozoan communities increased significantly after the first year and
variation on community composition remained high in subsequent years. The communities in
both soil types were structured by time (both soils: p =0.001), temperature (both soils: p=0.001),
precipitation (sand: p = 0.001; loam: p = 0.003), shoot biomass (both soils: p = 0.001), and root
length (sand: p = 0.001; loam: p= 0.41) (Fig. S 4). In loam the variation in cercozoan community

composition increased year by year, whereas in sand, community variation decreased in 2023.

Obligate plant parasitic Phytomyxea also underwent significant temporal shifts in beta diversity.
Beta dispersion increased from 2019 to 2022, but decreased in 2023, corresponding with the
decline and partial recovery of alpha diversity in 2023. Community structure was primarily shaped
by time (sand: p = 0.002; loam: p = 0.001) and precipitation (sand: p = 0.001; loam: p = 0.004).
Root length also influenced community composition, but only marginally (sand: p = 0.083; loam:

p =0.001) (Fig. S 4).

Oomycota displayed a pronounced directional shift in community structure across the five-year
monoculture period, forming a temporal gradient in ordination space. This shift was evident in
both soil types and was not associated with beta dispersion. Despite relatively stable alpha
diversity patterns, oomycete community composition changed markedly over time (both soils: p
= 0.001), with precipitation (both soils: p = 0.001), temperature (sand: p=0.021; loam: p = 0.001),
and root length (sand: p=0.001; loam: p = 0.001) identified as key drivers.

To identify the taxa that contributed to these community-level patterns, we analysed taxa specific
abundance trends across the years (Fig. 3, Fig. S 7,Fig. S 8). Within Cercozoa, changes in
community structure were marked by a decline in plant-pathogenic Phytomyxea and an increase
in heterotrophic genera (Fig. S 7). Obligate plant pathogenic Phytomyxea, including the genera
Spongospora and Plasmodiophorida, showed a clear decrease after the first year, while
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heterotrophic cercozoan genera such as Trinematidae and mycophagus Platyreta amoeba
increased markedly in 2022 (Fig. 3). In Oomycota, a decline in potential non-pathogenic taxa
(Myzocytiopsis lenticularis, Phytophthora undulata) was evident shortly after the first year (Fig. 3,
Fig. S 8), whereas the proportions of known maize pathogens—especially Pythium arrhenomanes
and P. monospermum—increased progressively over the years (Fig. S 7, Fig. S 8). These linear
increases were clearly reflected in the log,-transformed yearly abundance trends (Fig. 3),

consistent with the directional compositional shifts observed in beta diversity.

Together, ordination and differential-abundance analyses depict two contrasting compositional
trajectories: a shift towards heterotroph consumers in Cercozoa, and a progressive enrichment

of potential plant pathogenic Pythium in Oomycota.
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Tab. 1 Permanova results for temporal community shifts (2019-2023). PERMANOVA (Rz, F-values,
and p-values) on Bray—Curtis distances for Cercozoa, Phytomyxea, and Oomycota communities.
Analyses for all plots combined and separated for sand and loam soils. Asterisks in the beta
dispersion (BetaDisper) row denote significant differences of community variability between

years (***p <0.001).

~year
R2 F-value p-value BetaDisper
Cercozoa Sand 0.123 19.36 0.001 oo
Loam 0.137 23.58 0.001 *xx
Phytomyxea Sand 0.048 6.93 0.001 *xx
Loam 0.104 17.24 0.001
Oomycota Sand 0.094 7.69 0.001 *xx
Loam 0.174 20.80 0.001
Cercozoa Phytomyxea Oomycota

Loam 2D Stress: 0.1817 3D Stress: 0.1544

3D Stress: 0.1409
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Fig. 2 Shifts of protist community composition (Cercozoa, Phytomyxea and Oomycota) over five
years of continuous maize cultivation. NMDS ordinations of Bray-Curtis dissimilarities for
Cercozoa (left), Phytomyxea (center), and Oomycota (right), shown separately for loam (top) and
sand (bottom). Each polygon encloses samples from a given year (colour-coded). The ordinations
were performed in two or three dimensions, depending on the stress (threshold = 0.2) and only

the first two NMDS axes are shown.
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Fig. 3 Abundance trends of selected protistan taxa over five maize seasons. The panels show the
year-wise log, transformed abundance (log,[abundance + 1]) of representative taxa from the phyla
Cercozoa (including Phytomyxea) and Oomycota, split by soil type (loam = green; sand = orange).
The curves reflect quasi-Poisson generalised linear models (GLMs); the Spearman correlation

coefficients (r) are shown for each soil type.
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4 Discussion

4.1 Legacy effects of maize-pathogens and the rise of microbial antagonists

The alternating wet and dry seasons of 2021 and 2022, respectively, acted as natural pulses of
perturbations, restructuring protist communities in distinct ways. While cercozoan communities
showed increased variation following the 2022 drought, suggesting opportunistic priority effects
causing more diverse trajectories in community assembly after rewetting, oomycete
communities were largely unaffected by drought and exhibited coherent, directional
compositional shifts, consistent with gradual accumulation and maize-specific pathogen

enrichment.

Generally, over the course of the five consecutive maize seasons, the OTU richness of both protist
lineages in the rhizosphere declined, mirroring the loss of diversity typically reported for bacterial
communities in monoculture (Li et al. 2019, Liu et al. 2024). In contrast, rotation systems are
known to sustain richer microbiomes and limit pathogen pressure (Venter et al. 2016). However,
the persistent decline in the abundance of the dominant Phytomyxean genera Plasmodiophora
and Spongospora can likely be attributed to the absence of their respective former host plants -
Brassicaceae and potatoes - in the agricultural soil, as these pathogens are known to produce
propagules capable of surviving in soil for multiple years (Balendres et al. 2017, Zahr et al. 2021).
Although a certain promiscuity in host specificity of Phytomyxea does exist (Neuhauser et al.
2014), and e.g. Polymyxa graminis being a common pathogen of cereals (Kanyuka et al. 2003),
maize cultivation apparently did not lead to an enrichment of these phytomyxid pathogens over
time. During the five-year period, there was a steady increase in the dominance of the maize-
specific hemiobiotrophic pathogens Pythium arrhenomanes and P. monospermum, with a
concurrent disappearance of rare oomycete taxa. In parallel, the abundance of heterotrophic
cercozoan consumers (e.g., small flagellate glissomonads and testate Trinematidae amoebae)
increased, while the abundance of obligate phytomyxean plant parasites declined. It is not known
whether beneficial heterotrophic Cercozoa can be directly recruited by plants (Bonkowski 2004,
Gao et al. 2019, Amacker et al. 2020), but mycophagous vampyrellid amoebae, such as the genus
Playtreta, are well known to suppress fungal and oomycete pathogens through direct grazing (Old
and Darbyshire 1978, Chakraborty and Old 1982, Old and Chakraborty 1986, Hess and Suthaus
2022). Their significantly increasing abundance over time suggests increasing top-down control.
Maize roots dynamically adjust their exudate composition throughout the growing season
(Santangeli et al. 2024), altering microbial habitats and selectively influencing microbial

colonizers and their grazers (Bais et al. 2006, Hartmann et al. 2009, Ruger et al. 2023, Niedeggen
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et al. 2024, Schultes et al. in review). Although root-secreted secondary metabolites may act as
signalling molecules to recruit beneficial rhizosphere microbes, they can also increase the risk of
attracting root pathogens or herbivores (Oldroyd 2013, Santhanam et al. 2015). Consequently, the
parallel increase in both heterotrophic cercozoans and potential maize-pathogenic oomycetes

suggests an ecological trade-off within the rhizosphere community.

Over time, however, the two physically divergent substrates, loam and sand, differentiated not
only in their microbial response dynamics but even further diverged in soil structure. Phalempin
et al. (2025) demonstrated, within this field experiment, that old root channels in loam remained
intact but not in sand. Consequently, roots and their co-evolved microbiomes transitioned to a
decomposer system during root decay. Root biopore recycling, whereby new roots of subsequent
crops re-use old root channels of the previous crop, is thus characterised by the legacy of the
former decomposer communities. Hemibiotrophic pathogens, such as Pythium oomycetes,
which spend part of their life cycle as decomposers appear to derive significant advantage from
the decomposition phase. Especially bacterial rhizosphere microbiomes, as well as their
cercozoan consumers, tend to diversify during the decomposition stage (Niedeggen et al. in prep).
Thus, loam likely promoted microbial legacy effects through biopore recycling, favouring the
recolonisation of new roots by residual propagules or enriched microsites. This structural
continuity may have also fostered the gradual build-up of maize-specific oomycete pathogens.
Established populations thus likely gained an advantage during colonisation in successive
seasons, progressively displacing rare taxa. Also the gradual increase in cercozoan dispersion in
loam (Fig. S 4) may be explained by biopore recycling, because microbial niches diversify through
recurrent changes between the rhizosphere and root decomposer communities. Changes in
cercozoan community composition were significantly influenced by shoot biomass, strongly
indicating that belowground energy input from rhizodeposition through shoot photosynthetic
activity drives belowground foodweb interactions. A recent study of Santangeli et al. (2024)
confirmed that C exudation per maize plant increased with increasing shoot biomass production
over time, but the C exudation rate per unit root surface area decreased as plants matured, so
that also qualitative changes in rhizodeposition cannot be excluded. By contrast, the
communities of Phytomyxea and Oomycota were not affected by aboveground plant traits, but
rather by root length, reflecting the direct dependence of these potential plant pathogens with
plant roots. In sand, the decomposition of dead roots was slow and sand was unable to support
stable biopores, which strongly restricted biopore recycling and likely hindered the transmission
of microbial propagules from old to new roots. Cercozoan communities showed a strong

response to the 2022 drought in sand (Fig. S 4), exhibiting a sudden increase in community

56



Chapter llI Protist community shifts under maize monoculture

dispersion, which suggests a strong pulse disturbance. Loam soils are likely more buffered due to

their greater moisture-holding capacity (Hillel 2003, Libohova et al. 2018).

Ultimately, the observed patterns reflect a dynamic interplay of decomposers and pathogen
accumulation, driven by complex interactions among plant, microbial, and soil-structural

legacies conditioned by climate variability.

4.2 Conclusion

Continuous maize cultivation leaves distinct biological legacies in the rhizosphere, shaping
protist community composition and function over time. The polyphyletic nature and resulting
divergent functional adaptations of protists were reflected in contrasting trajectories of taxon-
specific responses unfolding during continuous maize monoculture: enrichment of potential
maize-specific pathogenic Oomycota and increased variability among of heterotrophic, and
partly potentially antagonistic Cercozoa, while maize was not the right host for Phytomyxea. Soil
texture and climate extremes further influenced these responses. In loam, stable biopore
networks of old root channels, and greater moisture retention likely led to gradual microbial shifts.
In sand, weaker structural cohesion led to more sudden community shifts after a drought year.
These patterns emphasize the critical influence of the abiotic context on rhizosphere feedback
and soil legacies. Given the critical roles of protists as both, potential plant pathogens and
antagonists in plant-soil feedbacks, their inclusion in agroecological strategies is vital for

maintaining microbial functionality and supporting resilient crop systems under climate stress.
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10 Supplementary material

Protist community shifts under maize monoculture

Tab. S 1 Sample counts retained after filtering, by year, soil type, and compartment. Numbers of

samples retained for analysis per protist group (Cercozoa, Phytomyxea, Oomycota), year, soil

(loamvs. sand), and compartment (bulk vs. rhizosphere). Maximum possible per group =24 (1 per

plot). Dashes (-) indicate no sequencing was performed for that group x compartment x year

combination. Note: no rhizosphere data available in 2023 for Cercozoa or Phytomyxea due to

filtering losses.

Protist Group Year Bulk Loam Rhizo Loam Bulk Sand Rhizo Sand
Phytomyxea 2019 24 24 22 24
2020 - - - -
2021 - 20 - 23
2022 24 24 24 22
2023 24 11 24 0
Cercozoa 2019 24 24 22 24
2020 - - - -
2021 - 19 - 23
2022 24 24 24 23
2023 24 11 24 0
Oomycota 2019 22 14 18 15
2020 - - - -
2021 - 13 - 5
2022 - 15 - 20
2023 18 19 3 15
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Fig. S 1 Climatic conditions across the five maize seasons. Top: cumulative rainfall (mm) and
combined rainfall and irrigation (mm) from sowing to microbial sampling based on daily records
from the German Weather Service (DWD). Bottom: Growing degree days (GDD, °C), calculated as
the cumulative daily temperature exceeding the base temperature threshold from sowing to

sampling.
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Fig. S 2 Seasonal changes in plant performance metrics, shown separately for sand (orange) and
loam (green) plots. Top: root length (cm), corrected for degraded roots. Bottom: Plant dry weight
at harvest (g). Statistical analysis was performed using Quasi-Poisson GLMs and ANOVA with the
model structure variable ~ time * soil, followed by Tukey’s HSD post hoc tests. Different letters

denote statistically significant differences between years and soil types (p < 0.05).
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Fig. S 3 Boxplots of temporal changes in a-diversity as exponential Shannon entropy (Hill number,

a=1) and evenness as inverse Simpson index (Hill number, a = 2) for Cercozoa, Phytomyxea, and

Oomycota communities across four sampling years. A-F show bulk soil,

G-L rhizosphere,

Generally, a-diversity tended to decline over time. Different letters indicate statistically significant

differences between years (Tukey’s HSD, p < 0.05).
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Fig. S 4 Soil-type-specific community shifts across five years of continuous maize as in Fig. 2,

including vectors of the most influential environmental factors. NMDS ordinations depict changes

in beta diversity for Cercozoa (left), Phytomyxea (centre), and Oomycota (right) communities from

2019 to 2023, shown separately for loam (upper panel) and sand (lower panel) soils. Polygons

enclose samples from each year, with point shapes differentiating sampling compartments (bulk

soil vs. rhizosphere). Statistically significant environmental variables are fitted as vectors.

Temperature = GDD, cumulative growing degree days; Plant DW = shoot dry weight; Time, Root

length; Precipitation = combined rainfall and irrigation. Ordinations were performed in two or

three dimensions depending on stress (threshold = 0.2); only the first two NMDS axes are shown.
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Fig. S 5 Rhizosphere specific protist community composition shifts (Cercozoa, Phytomyxea and
Oomycota) over five years of continuous maize cultivation. NMDS ordinations of Bray—Curtis
dissimilarities for Cercozoa (left), Phytomyxea (center), and Oomycota (right), shown separately
for loam (upper panel) and sand (lower panel) soils. Each polygon encloses samples from a given
year. The ordinations were performed in two or three dimensions, depending on the stress

(threshold = 0.2) and only the first two NMDS axes are shown.
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Fig. S 6 Bulk soil specific protist community composition shifts (Cercozoa, Phytomyxea and
Oomycota) over five years of continuous maize cultivation. NMDS ordinations of Bray—Curtis
dissimilarities for Cercozoa (left), Phytomyxea (center), and Oomycota (right), shown separately
for loam (upper panel) and sand (lower panel). Each polygon encloses samples from a given year.
The ordinations were performed in two or three dimensions, depending on the stress (threshold =

0.2) and only the first two NMDS axes are shown.
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Fig. S 7 Differentially abundant protistan taxa between 2019 and 2023. Bar plots show log, fold

changes in taxon abundance between 2023 and 2019, based on DESeq2 analysis at the genus

level (Cercozoa) and species level (Phytomyxea, Oomycota). Yellow bars indicate taxa more

abundant in 2023; blue bars those more abundant in 2019. Only statistically significant changes

(adjusted p < 0.05) are shown. Taxa are ordered by effect size within each microbial group.
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Fig. S 8 Trends in relative-abundance of protistan taxa in bulk vs. rhizosphere compartments. The
stacked bar plots show the square-root transformed relative abundances of all Cercozoa taxa
(left, including Phytomyxea) and Oomycota (right) taxa from 2019 to 2023. Data are shown
separately for the bulk soil (top panels) and the rhizosphere (bottom panels). Taxa are colour-
coded by group and ordered by abundance within each dataset. Square-root transformation

reduces the effects of dominance while preserving the visibility of less abundant taxa.
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Summary

o Rhizosphere microbial succession and biopore recycling were traced through a growth >
decay - regrowth cycle of maize to disentangle how biological legacies (resident microbiota) and

physical legacies (root biopores) influence rhizosphere assembly and plant performance.

o A column experiment compared ‘fresh’ soil with maize monoculture-conditioned ‘legacy’
soil. High-resolution MRl mapped root architecture in situ, tracking root channels through decay
and regrowth, identifying re-entered biopores. Guided sampling along recycled biopores and free
growing roots, followed by 16S, ITS and 18S amplicon sequencing profiled bacteria, fungi,

Oomycota, Cercozoa and Phytomyxea.

o Microbial succession followed three phases: (i) distinct rhizosphere microbiomes during
growth; (ii) a community shift after decomposition; and (iii) an imperfect return to rhizosphere
microbiomes during regrowth since root decay shifted rhizosphere community composition.
About 10 % of new roots re-entered existing biopores, boosting rooting depth and microbial
heterogeneity. Communities in legacy and fresh soil were always distinct, demonstrating the

influence of previous cropping history.

L The microbial maize rhizosphere composition alternates between living-root and

decomposer states, while biopore recycling increases community heterogeneity.
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1 Introduction

Plant-soil interactions are inherently dynamic. Through coordinated biological, chemical, and
physical mechanisms, plants continuously remodel the soil surrounding their roots (Bever 1994,
Berg and Smalla 2009). Over time, these modifications accumulate to create a distinctive soil
legacy that persists beyond plant senescence (Kardol et al. 2007, Frouz 2024). This legacy is
formed at the plant-soil interface, particularly in the rhizosphere — the narrow zone directly
influenced by living roots (Hartmann et al. 2009). Host-specific microbial consortia (i.e.
microbiomes) assemble and co-evolve here along the developing roots (Friman et al. 2013,
Bonkowski et al. 2021). These consortia leave behind a legacy through their propagules in the soil,

a persistent microbial signature, once the roots have decayed.

Soil legacy effects manifest through multiple pathways. Biologically, plants selectively assemble
specific microbial taxa, creating distinctive microbiome signatures, revealing that plants can
effectively "condition" soils through selective recruitment and enrichment of specific microbial
taxa (van der Putten et al. 2013, Gundale and Kardol 2021). Physically, root growth reorganizes the
soil matrix, creating biopores that alter soil structure (Ehlers et al. 1983, Lucas et al. 2019, Wu et
al. 2021, Wendel et al. 2022). Chemically, root exudation and litter decomposition modify soil
nutrient profiles and organic matter composition. These processes interact synergistically,
collectively influencing subsequent plant generations and shaping plant community composition
and ecosystem dynamics at various spatial and temporal scales (Petermann et al. 2008, Kinkel et

al. 2011, Bever et al. 2012, Kardol et al. 2013, Schnepf et al. 2022).

Research on soil microbial legacies has revealed their significant impact on plant growth. The
plant associated microbiomes can create positive, neutral or negative feedback effects. Positive
legacy effects occur when subsequent plants benefit from enhanced nutrient availability or
protection against pathogens (Mariotte et al. 2018, Wubs and Bezemer 2018, Hannula et al. 2021).
Conversely, negative legacy effects emerge when plant growth is hindered by the accumulation of
pathogens or altered nutrient cycling (Kardol et al. 2007, van der Putten et al. 2013). These legacy
effects have particular relevance in agricultural systems, where the rhizosphere microbiome
assembled by one crop can substantially influence the productivity of subsequent crops (Hu et
al. 2018, Roy et al. 2021, Liu et al. 2023). Continuous cropping systems, such as maize
monocultures, often demonstrate altered microbial community structures with increased
pathogen abundance and reduced crop performance (Frindte et al. 2020, Mao et al. 2021, Zhao

etal. 2021).

Despite the growing appreciation for the importance of soil microbial legacies in agricultural
sustainability, a critical knowledge gap exists in understanding the specific mechanisms
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governing microbiome transmission between crop generations. This gap is particularly significant
given the increasing interest in microbiome engineering as a sustainable alternative to
conventional agricultural inputs (Oyserman et al. 2018). An important shortcoming of current
experimental approaches is that most microbial rhizosphere consortia are reassembled from
scratch in sieved experimental soil. Under field conditions without tillage, biopores created by
roots of previous crops remain (Stirzaker et al. 1996), and maintain a distinct spatial arrangement

of microbial propagules along former root channels, even after the roots have decomposed.

These old root channels are frequently reused by subsequent crops (Rasse and Smucker 1998),
serving as 'root highways', reducing the mechanical impedance and thereby facilitating deeper
root penetration into subsoil layers (Passioura 2002). This is enhancing resource acquisition
(Athmann et al. 2013), but also exposes new roots to both beneficial microbiome legacies and
potentially harmful decomposer communities. While the decay of roots partly restores soil
nutrients (Eissenstat and Yanai 1997), the decaying root material may also enrich harmful
microorganisms (Watt et al. 2006), including hemibiotrophic pathogens such as Phytophthora
and Pythium species during their saprophytic life stage (Kamoun et al. 2015). Understanding the
persistence of beneficial microbial assemblages after crop removal and identifying which
microbial taxa exhibit the strongest legacy effects in a subsequent rhizosphere, represents a

crucial research frontier.

Building on our ongoing research examining the spatiotemporal organization of the maize
rhizosphere (Vetterlein et al. 2020), we focus on two central research questions: (1) How do
biological legacies influence the structure and function of the maize rhizosphere microbiome? (2)
How does biopore recycling, as a physical legacy, mediate the reassembly and functional
potential of these communities across successive growth phases? We hypothesize that soils
conditioned by previous crop growth exhibit significant modifications in microbial diversity during

regrowth, primarily driven by pre-established microbial consortia in root channels.

To address these questions, we integrated modern sequencing technologies with non-invasive
MRI root phenotyping in a controlled experimental system. Our study contrasts two soil
treatments with identical composition but different management histories (Vetterlein et al. 2021):
(1) fresh soil with no prior plant history, and (2) legacy soil exposed to four consecutive seasons
of maize monoculture in the field. We implement a three-phase experimental study to capture
dynamic changes in root architecture and microbial community composition: (1) Initial
microbiome assembly on roots of a first-generation maize plant, (2) root decay period, and (3)
microbiome assembly on roots of a second generation maize plant, with or without biopore
recycling.
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Through molecular profiling, we elucidate how microbial communities shift between growth
stages under the influence of management history and biopore recycling. By linking microbial
legacies to biopore recycling, we aim to clarify how these legacy effects collectively shape the

spatio-temporal organisation of the maize rhizosphere and maize growth.

2 Material and Methods

2.1 Soil history treatments

Two soil history treatments were used to study the effects of soil legacy on the composition of the
maize rhizosphere microbiome: (i) Fresh soil, a mix of 83% quartz sand (WF33, Quarzwerke
Weferlingen, Germany) and 17% 1 mm-sieved loam collected from the top 50 cm of a haplic
Phaeozem in Schladebach, Germany, where it had been under continuous agricultural use and
last cultivated with oilseed rape; and (ii) Legacy soil, derived from the same quartz/loam mixture,
but installed in the field at the Bad Lauchstadt research station in October 2018 and cultivated
with maize (Zea mays L., inbred line B73) over four consecutive seasons from April 2019 to June

2022 (Vetterlein et al. 2021).
2.2 Three-phase column experiment design

The experiment comprised three distinct growth phases designed to examine how legacy effects
and biopore recycling influence rhizosphere microbial community dynamics and root
architecture over time: (a) Phase 1 — Establishment of the primary root system; (b) Decay phase
and (c) Phase 2 — Legacy phase with second generation of root growth in the presence of biopores

(with a control set of freshly prepared columns).
2.2.1 Phase 1- establishment of a primary root system

Maize seeds (inbred line B73) were surface sterilised in a 10% H,0O, solution followed by a three-
hour soak in a calcium sulphate solution. The seeds were then sown in 30 cm x 8 cm cylindrical
PVC columns filled with either fresh or legacy soil. Prior to packing, both soil types were fertilised
with N, P, K, Mg, Ca and micronutrients as described in Vetterlein et al. (2021). The soil columns
were compacted to a bulk density of 1.5g cm™ and irrigated to maintain a volumetric water
content of 18%. Following sowing, the columns were placed in a climate chamber at 20°C during
the day (14h) and 16°C at night, with 60% relative humidity. Plants were grown for 24 days until the
first roots reached the bottom of the column. Out of the initial 18 columns per treatment, viable
plants developed in 13 columns with fresh soil and in 16 columns with legacy soil, of which the
shoots were then harvested. This phase established the primary root system, forming the

foundation for the next experimental stages.
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2.2.2 Decay phase- root system decomposition

Following growth phase 1, the soil columns were incubated for seven months (205 days) under
controlled conditions (20°C and 40% water holding capacity) to allow the roots to decompose.
Root decomposition was monitored in a subset of columns using MRI imaging at one, four, and
six months after the end of Phase 1. After the end of the incubation period - referred to as the
decay phase - five columns per treatment (fresh and legacy soil) were opened and destructively
sampled for rhizosphere samples (see section 3.5). Following data collection, the remaining

columns containing biopores left by the decayed roots were ready to be reseeded in Phase 2.
2.2.3 Phase 2 - regrowth of a consecutive root system

In Phase 2, we compared two treatments to examine root growth and rhizosphere development
under different legacy conditions: (i) First growth columns — newly prepared controls for this
phase, and (ii) Second growth columns — reseeded columns containing biopores from Phase 1
and the subsequent decay phase. Atotal of 37 columns were set up: The first growth control group
included 23 new columns (12 with fresh soil, 11 with legacy soil), while the second growth group
comprised 14 reused columns (6 fresh soil, 8 legacy soil) that had undergone both Phase 1 and

Decay.

Maize seeds were then sown in all columns under identical environmental conditions as in Phase
1. To preserve the integrity of the soil matrix of reused columns, no additional fertilizer was added
to the second growth columns. Newly prepared first growth columns as control, received the
same fertiliser formulation as in Phase 1, but rates were reduced by 19 % (legacy soil) and 14 %
(fresh soil) reflecting the nitrogen removed with shoot biomass in Phase 1; other nutrients were

scaled proportionally.

Plants were grown until roots reached the bottom of the column, which occurred after 21 days. At

harvest, shoot parameters and rhizosphere samples were collected for further analysis.
2.3 MRI-based root trait analysis

Maize root architecture was assessed non-invasively using high-resolution MRI, which generated
3D images of roots within the soil columns (van Dusschoten et al. 2016). MRI data were processed
using NMRooting software to extract key root traits, including total root length (mm), maximum
rooting depth (mm), and digital root fresh weight (g). In replanted columns, MRI scans taken after
Phase 2 were precisely aligned with those of Phase 1, enabling us to differentiate roots growing in

undisturbed soil matrix from those reusing existing biopores (Fig. Sl 3). This alignment allowed for
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quantification of biopore recycling by calculating the root length within these pre-existing

channels.
2.4 Shoot-trait measurements

At harvest, number of leaves per plant, leaf length (measured as the length of the longest leaf),
and photosynthetic activity as indicated by SPAD values were quantified for shoots.
Photosynthetic activity was measured using a SPAD-502Plus (Konica Minolta) device at three
positions on the shoot. Shoots were then cut above the root crown, dried at 60 °C until constant

weight, and weighed to determine shoot dry biomass.
2.5 MRI-guided rhizosphere sampling

Soil cores were loosened by gently tapping the columns and carefully pushed out onto a sterile
surface. Precise sampling locations for molecular analysis were guided by the corresponding 3D
MRI images. Rhizosphere sampling focused on collecting soil tightly adhering to root surfaces,

achieved by carefully scraping soil from roots immediately after extraction.

In first growth columns (without biopores), samples were taken along growing seminal roots. In
decay phase columns, pre-decay MRI scans were used to locate biopores and associated
seminal roots, from which soil was collected using a small spatula. In second growth columns
(with established biopores), rhizosphere samples were collected from two distinct regions: (i)
along seminal roots growing in the undisturbed soil matrix (free growing seminal root), and (ii)
along seminal roots growing within biopores (legacy root). All samples were stored at 4°C and

processed for DNA extraction within one week.
2.6 DNA extraction, PCR and sequencing

DNA extraction and purification were performed using the FastDNA® SPIN Kit for Soil (MP
Biomedicals, CA, USA) according to the manufacturers’ protocols. Separate two-step PCR
protocols were used for each taxonomic group to target the regions of interest for bacteria, fungi,

Oomycota, and Cercozoa.

Prokaryotic 16S rRNA and fungal ITS1 amplicons were generated using established two-step PCR
protocols with the 515f-806r primer set (Caporaso et al. 2011) and the ITS1F-ITS2 primer set
(White et al. 1990, Gardes and Bruns 1993), respectively, as described by Schultes et al. (in
review) with 8mer barcoded primers in the second PCR. For the fungal ITS1 amplicons, unspecific
bands were observed on 1.5 % agarose gels after the first PCR. Correct bands were excised,
incubated in 30 pl of sterile water at 60 °C for 10 min and stored at 4 °C overnight before doing the
second PCR with 10 pl of this DNA suspension. Amplification products were quantified using the
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QuantiFluor dsDNA System on a QuantusTM Fluorometer and pooled at equimolar
concentrations. Pooled PCR products were purified with PEG (20 % PEG8000 in 2.5 M NaCl.

Library preparation and sequencing on a NovASeq instrument was conducted by Novogene.

For oomycete communities, the ITS1 region was amplified using the primer pair S1777F and
58S0omR (Fiore-Donno and Bonkowski 2020) in the first PCR, followed by a semi-nested PCR with
barcoded primers S1786StraF and 58SOomR under similar conditions (with an annealing
temperature of 58°C). For cercozoan community profiling, the hypervariable V4 region of the 18S
rRNA gene was amplified. In the initial PCR, the forward primers S615F_Cerco and S615F_Phyt
(1:1 mixture) were used together with the reverse primer S963R_Phyt (Fiore-Donno et al. 2020). A
semi-nested PCR followed, using an equimolar mixture of the barcoded primers S615F_Cer and
S947R_Cer. Both PCR steps began with an initial denaturation at 95°C for 2 min, followed by 24
cycles of 95 °C for 30 s, annealing at 52°C (first PCR) or 58°C (semi-nested PCR) for 30 s, extension
at 72 °C for 30 s, and finished with a final elongation at 72 °C for 5 min. In both protocols, 1 pl of
template DNA was used in the initial PCR and 1 pl of the amplicon was used for the semi-nested
step; tagged primers (as described in Fiore-Donno et al. (2018)) were incorporated during the
second PCR. Final reaction mixtures included DreamTaq polymerase (Thermo Fisher Scientific,
Dreieich, Germany) at 0.01 units, Thermo Scientific DreamTaq Green Buffer, 0.2 mM dNTPs, and
1 UM primers. To mitigate PCR competition, each reaction was performed in duplicate, and at
least two negative controls were included per PCR batch. Both duplicates of the second PCR were
pooled (12.5 ul each) before purification and normalization using the SequalPrep Normalization
Plate Kit (Invitrogen, Thermo Fisher Scientific, USA) to obtain a concentration of 1 - 2 ng/ul per
sample. The purified PCR products were then sequenced on an Illumina MiSeq platform (Illumina
Inc., San Diego, CA, United States) atthe Cologne Center for Genomics (Cologne, Germany). With

the MiSeq v3 Reagent kit, 2 x 300 cycles were performed.
2.7 Sequence processing and bioinformatics

For prokaryotes and fungi the raw sequence reads were initially demultiplexed using Cutadapt
(Martin 2011) and primer sequences were trimmed using QIIME 2 (version 2024.2 (Bolyen et al.
2019)). Quality-filtered reads were processed using default parameters of DADA2 (Callahan et al.
2016), implemented in QIIME2. The taxonomic assignment of operational taxonomic units (OTUs)
was done using a custom classify-sklearn plugin classifier against the SILVA SSU138.2 Ref NR99
database for bacteria (Quast et al. 2013) and, the UNITE 10.0 dynamic database for fungi
(Abarenkov et al. 2024), respectively. The databases were customized by sub-setting to the

amplicon region. The classified reads were quality filtered by removing rare OTUs that appeared

79



Chapter IV Root legacies govern the maize rhizosphere

less than 20 times and in less than five samples in a given dataset. Sequence alignment was

executed with MAFFT (Katoh and Standley 2013).

For Oomycota and Cercozoa the raw paired end reads were processed through a customized
mothur (v.1.45.3) pipeline (Schloss et al. 2009): reads were merged under stringent criteria (no
mismatches in primer or barcode regions, zero ambiguities), with a minimum overlap of 200 bp
for Cercozoa and 70 bp for Oomycota, contigs failing these thresholds were discarded. After
demultiplexing and trimming of primer and tag sequences, sequences were de novo clustered at
97 % similarity via abundance-based greedy clustering (agc) (Rognes et al. 2016), with chimeras
identified and removed by VSEARCH and singleton OTUs below 0.005 % total abundance filtered
out (fewer than 452 reads for Cercozoa and 218 reads for Oomycota). Taxonomy was then
assigned by BLAST+ (Camacho et al. 2009), using an e value cutoff of 1 x 10~>° against the PR®
database for Cercozoa (Guillou etal. 2013) and 1 x 10" against a custom Oomycota ITS reference
database for Oomycetes based on NCBI GenBank (Solbach et al. 2025 [unpublished]); in both
cases, only the top hit was retained and non target sequences excluded. OTUs with = 95 % identity
to a reference were assigned to species level, with lower identity matches assigned at higher
taxonomic ranks. Chimeras were identified using UCHIME (Edgar et al. 2011) as implemented in
mothur and the abovementioned reference template (Fiore-Donno et al. 2018). Since chimera
detection of Oomycetes often led to false positives or negatives with UCHIME, all sequences with
an alignment to sequence length ratio of less than 0.7 were discarded instead. The taxonomic
assignment of both OTU databases was manually checked. The final Cercozoa dataset comprised
629 OTUs at a mean depth of 40,379 reads per sample and the final Oomycota dataset comprised

81 OTUs at a mean depth of 5,730 reads per sample.
2.8 Statistical analysis

All statistical analyses were conducted using R (v4.3.2, R Core Team, 2023), final data
visualisations were produced using ggplot2 (Wickham 2016) and RcolorBrewer (Neuwirth 2022).
OTU count tables for bacteria, fungi, Oomycota, Phytomyxea and Cercozoa were converted to
relative abundances. Relative abundances were aggregated to the required taxonomic ranks, then
square root transformed to account for compositionality (Greenacre 2021). Data wrangling and
reshaping were carried out with dplyr for filtering (Wickham et al. 2023), tidyr (Wickham et al.
2024) and reshape2 (Wickham 2007) for pivoting tables, forcats (Wickham 2023) for recoding of

categorical variables.

Calculations of a-diversity were based on Hill numbers (Chao et al. 2014) with OTU richness (Hill

#0), diversity (Hill#1; exponential Shannon) and evenness (Hill #2; inverse Simpson) and executed
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in vegan (Oksanen et al. 2024). Sampling completeness was evaluated from species
accumulation and rarefaction curves. Normality was tested with the Anderson-Darling test
(nortest; Gross and Ligges (2015)) and homogeneity of variances with Levene’s test (car; Fox and
Weisberg (2019). When one-way ANOVA assumptions were met, pairwise comparisons were
performed with Tukey’s HSD (agricolae; de Mendiburu (2023)). Otherwise, a non parametric
Kruskal-Wallis test followed by Dunn’s post hoc test (FSA; Ogle et al. (2025)), with p values tidied
by broom (Robinson et al. 2024) and adjusted for multiple comparisons using the Benjamini-

Hochberg FDR procedure.

Community composition based on Bray—Curtis distances was assessed by non-metric
multidimensional scaling (NMDS) (vegan::metaMDS). Stress plots guided the choice of
dimensionality (stress < 0.2 accepted). Treatment groupings were overlaid with standard vegan
functions. Homogeneity of multivariate dispersion among treatments was evaluated with
vegan::betadisper on the same distance matrix and tested for significance with permutest (999

permutations); significant contrasts are depicted as 95 % confidence ellipses in the ordinations.

Differentially abundant OTUs were identified with DESeq2 (Love et al. 2014). Low depth samples
(determined by rarefaction) were removed. Counts were analysed in a negative binomial GLM
after adding a pseudocount (+1) and log2 transformation. Wald tests were used for contrasts, and
p values were Benjamini-Hochberg adjusted. Shared and unique OTUs among and plant
growth/decay phases and rhizosphere locations (free growing seminal root, legacy root or
biopore) were visualised in VennDiagram (Chen 2022). OTUs absent from all samples in a phase

x location subset were excluded before diagram construction.
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3 Results

Plant performance and rhizosphere composition differed markedly between fresh and legacy

soils across the growth-decay phases.
3.1 Legacy soil restricted plant performance but promoted deeper rooting

Plants responded differently to soil legacy conditions aboveground and belowground, showing
reduced overall growth but adaptive rooting behaviour (Figure 1). Aboveground, leaf length
measurements indicated no significant difference in shoot performance due to soil history during
the first growth phase. However, during the second growth phase, plants grown in legacy soil with
no additional fertilization developed significantly shorter leaves compared to those in fresh soil or
compared to those during the first growth phase (Figure 1A). This was further supported by lower
SPAD values (chlorophyll content) observed in legacy soil treatments during the second phase
(Fig. SI 1). Also belowground, plants grown in legacy soil displayed smaller digital root fresh
weights than those grown in fresh soil, but in both growth phases (Figure 1B). Across soil histories,
there was a trend toward a further reduction of root system size in the second growth phase.
Notably, plants in legacy soil reached deeper maximum rooting depth than those in fresh soil
during the first growth phase (Figure 1C). In the second growth phase, however, roots in both soils,
legacy and fresh, reached the bottom of the column within the 21-day growth period. Soil legacy
had no effect on biopore recycling. With both soil histories, approximately 10% of the old root
channels that were established during the first growth phase were re-used during the second
growth phase (Fig. Sl 2), which corresponds to about 20% of all roots growing during the second
growth phase.
A Leaf length [mm] B Digital root fresh weight C Maximum rooting depth [mm]
g R
2nd growth o a ab + a
omd BRI N - - o
2 grontn | L —— o| {

125 15.0 17.5 20.0 225 05 1.0 1.5 2.0 25 150 200 250

Figure 1 Effects of soil history and growth phase on plant performance. (A) Leaf length [mm], (B)
digital root fresh weight and (C) maximum rooting depth [mm] of plants grown in 1) fresh soil (no
maize history) and 2) legacy soil (four years of maize cultivation) during the two successive growth
phases. Leaf length was measured from the shoot base to the tip of the longest leaf and root
characteristics were assessed using MRl imaging. Different letters indicate statistically significant

differences (Tukey's HSD p < 0.05). Each point represents a single plant replicate.
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3.2 Root decay transiently lowers pathogen diversity

The a-diversity patterns of the different microbial groups showed contrasting responses to root
decomposition, in both fresh soil and legacy soil, reflecting their distinct ecological strategies and
trophic positions. Fungal and oomycete communities, including taxa from pathogen-rich lineages
such as Hypocreales and Pythium (Fig. Sl 4), exhibited similar patterns of transiently reduced OTU
richness during the decomposition phase (Figure 2). For fungi, this reduction was statistically
significant in fresh soil (ANOVA F(s64) = 6.02, p < 0.001) and was accompanied dominance of
specific taxa reflected by strongly reduced evenness (Hill #2), and resulting in overall reduced
diversity (Hill #1) (Fig. SI 5). The reduction of oomycete richness occurred in legacy soil (ANOVA:
F 5,204y =7.00, p <0.001), while their Hill #1 and Hill #2 values remained unchanged, indicating that
the decline concerned mainly low-abundance taxa rather than the dominant community

members (Fig. Sl 5).

Obligate biotrophic Phytomyxea showed a contrasting response pattern. Phytomyxea richness
increased during decomposition in fresh soil (ANOVA: Fs,196 = 7.35, p < 0.001) and remained
elevated in the second growth phase, whereas legacy soil showed no significant changes across
phases. The Evenness (Hill #2) remained unaffected by the growth phase, indicating that the
diversity (Hill#1) increase after decomposition was mainly due to the increased OTU richness (Fig.

S| 5).

Also, Cercozoan richness peaked during the decay phase in both soil history types (ANOVA: F(s 65,
= 5.69, p < 0.001), but diversity and evenness remained unaffected (Fig. SI 5). The increase of
cercozoan consumer richness was particularly pronounced among the less abundant Cercozoan
orders Cryptofilida, Marmimonadida, and Imbricatea (K.-W. on relative abundance, all p<0.01;
Dunn’s post-hoc, all p<0.03), indicating that decomposition creates opportunities for subordinate

taxa to flourish.

This rise in cercozoan consumer richness during decay coincided with increased bacterial
evenness (Hill #2) and marginally increased OTU richness (p= 0.09), resulting in significantly

increased diversity after decay (Figure 2, Fig. SI 5).
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Figure 2 Shifts in rhizosphere species richness following root decomposition. Boxplots with OTU
richness (Hill #0) of fungi, Oomycota, Phytomyxea, Cercozoa and bacteria. Different letters

indicate significant differences (Tukey’s HSD).

3.3 Root decay and soil legacy jointly reshape community composition

The rhizosphere microbiome underwent significant community shifts as it transitioned through
the succession of root growth, decay, and regrowth phases, with patterns that differed between
fresh soil and legacy soil. During the first growth phase, plants assembled distinct rhizosphere
communities in both soil types, creating a characteristic living root-associated microbiome
(Figure 3). This living rhizosphere effect was evident across all microbial groups studied— fungi,

Oomycota, Phytomyxea, Cercozoa and bacteria —demonstrating the influence of living roots on
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microbial community assembly. However, communities in legacy soil were always distinct from

those in fresh soil (Table 1), demonstrating the influence of previous cropping history.

After the decay of roots, the rhizosphere microbiomes had shifted towards specific decomposer
communities. This transition was particularly pronounced among primary decomposers (fungi,
bacteria) and their consumers (Cercozoa) (Table 1). The magnitude of this shift varied by
taxonomic group, with bacteria showing the strongest response to phase transitions (R*=0.499),

followed by Cercozoa (R* = 0.334) and fungi (R*= 0.299, see Table 1).

When new roots colonized the soil during the second growth phase, they encountered a microbial
environment still bearing the legacy of decomposer communities. Rather than reverting
completely to the original rhizosphere composition, second growth phase root communities
maintained significant differences from first growth phase communities (Table 1). Microbial
communities developing inside pre-existing biopores in both soil types showed remarkably higher
variability than those colonizing adjacent mineral soil, particularly bacteria (B-dispersion: F =
5.19, p<0.001) and Cercozoa (B-dispersion: F=5.63, p <0.001, Figure 3). The obligate pathogenic
Phytomyxea showed a clear succession from root microbiome to decomposer communities in
legacy soil, but in fresh soil their composition remained unchanged across growth phases (f3-
dispersion: F=0.365, p =0.696). Oomycota were the least affected by soil history (R2=0.085, see
Table 1), only in fresh soil their communities diverged during decay and partly shifted back during
regrowth, whereas in legacy soil no significant community change across growth phases

occurred.

Table 1 PERMANOVA, Bray-Curtis dissimilarity - Effects of soil history and growth and decay
phases on beta diversity. Separate models were run for each microbial group. Variance explained

(R?), and p-value for the effect of soil history and the interaction term soil history x growth/decay

phase.

Group ~ soil history ~ soil history * phase

R? F p-value R® F p-value
Fungi 0.169 4.473 0.001 0.299 5.451 0.001
Bacteria 0.239 6.900 0.001 0.499 12.730 0.001
Cercozoa 0.151 3.906 0.001 0.334 6.416 0.001
Phytomyxea 0.167 4.345 0.001 0.222 3.588 0.001
Oomycota 0.085 2.041 0.005 0.145 2.164 0.001
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samples within each phase for the respective soil history (fresh vs. legacy).

86



Chapter IV Root legacies govern the maize rhizosphere

3.4 Decomposer legacy redirects second-phase microbiome assembly

The decomposition of roots created lasting microbial legacies that influenced community
assembly in the second growth phase, with effects that varied by microbial group and soil history.
Analysis of the most influential taxa for the NMDS fit and phase-specific responders revealed
consistent patterns of succession across the growth-decay-regrowth cycle (Fig. Sl 7). For fungi,
saprotrophic Ascomycota lineages increased significantly after root decay. Oomycete responses
were particularly distinctive, DESeq2 agreed with the relative abundances, both reporting a strong
increase of Myzocytopsis lenticularis and Lagenidium spp. during decay, especially in legacy soil.
Cercozoan succession patterns revealed complex trophic interactions, with different flagellate
and amoeboid taxa increasing during specific phases of the growth-decay cycle. Notably,
sandonid flagellates flourished on living roots in legacy soil, while Thaumatomonas species
proliferated on decomposed roots in legacy soil and Neuromorpha vorax dominated decomposed
roots in fresh soil. Across both soil histories Paracercomonas metabolicus was identified as the
most consistent responder in the decay phase by indicator-taxa analysis (DESeq2). Bacterial
succession was characterized by a shift from fast-growing copiotrophs like Pseudomonas during
active root growth to specialized decomposers such as the Actinomycete Sporichthya during

decay.
3.5 Core taxa persist, with limited phase-specific turnover

Despite the substantial community shifts observed across growth and decomposition phases, a
significant proportion of microbial taxa persisted throughout the experiment, forming a stable
core microbiome in both fresh soil and legacy soil. Bacteria and fungi showed similar patterns of
core community structure, with approximately 32.5 % and 26% of their total OTUs, respectively,
being shared across all phases and sampling locations (Fig. Sl 6). These core taxa were countered
by substantial phase-specific diversity, particularly along free-growing seminal roots during the
first growth phase, which harboured about 13% of bacterial and 20 % of fungal OTUs exclusively.
In contrast, Oomycota, Phytomyxea and Cercozoa exhibited much larger core microbiomes, with
63 %, 75 % and 81.5 % of their OTUs, respectively, being shared across all rhizosphere samples
regardless of phase. Despite this overall stability, our MRI-guided sampling approach revealed
specialized ecological niches within these groups. Remarkably, 12.5 % of oomycete OTUs and
only 1.6 % of cercozoan OTUs were exclusively associated with living roots across both growth
phases, underscoring oomycetes roles as potential plant pathogens, while cercozoan are
consumers. Conversely, a small proportion of "strict decomposer" OTUs (2.5 % in Oomycota and

1 % in Cercozoa) occurred exclusively in decayed biopores.
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4 Discussion

4.1 Biological legacies restrict growth and increase microbial heterogeneity

Biological legacy from four seasons of monoculture maize (legacy soil), as well as the biological
and physical legacies that were already established during one growth phase, altered plant
performance (Figure 1). Plants grown in legacy soil consistently developed smaller root systems,
but roots grew deeper (Figure 1B-C). During the second growth phase, which received no
additional fertiliser, plants in legacy soil displayed an expected reduction in shoot performance,
evidenced by shorter leaves and lower SPAD values (Figure 1A, Fig. SI 1). This outcome reinforces
our first research question, showing that the biological legacy accumulated in legacy soil
increasingly constrained plant growth, especially when external nutrient inputs were withheld. As
root systems in both soil history types reached the bottom of the column during the regrowth
phase (Figure 1C), a physical legacy effect through biopores facilitating deeper root growth was
observed. Accordingly, biopore recycling emerged as a shared trait independent of soil history,
underlining biopore recycling as a key mechanism by which root systems in both soils achieved

deeper rooting, as discussed below.
4.2 Biopore recycling: Reused biopores guide deep rooting

Clear separation of living and residual roots in the MRI scans enabled in-situ quantification of
newly elongated roots (Fig. SI 3). We found that 10 % of biopores were reused by new roots in the
second growth phase, corresponding to approximately 20% of all roots developed in this phase,
consistent to previous reports (Nakamoto 1997, Athmann et al. 2013, Han et al. 2017). Our
approach revealed how biopores can act as 'root highways' (Passioura 2002), providing zones of
low penetration resistance and rapid routes for deeper soil exploration (Figure 1C). Beyond
facilitating root penetration and potentially influencing nutrient uptake, microbial biomass in the
rhizosphere is typically higher than in the surrounding undisturbed soil matrix (Alphei et al. 1996,
Vinther 1999, Pankhurst 2002). These coevolved rhizosphere communities contain beneficial
(e.g., PGPB or mycorrhizal fungi) or detrimental (e.g., pathogens) microorganisms whose
propagules persist even after root death. As the rhizosphere microbiome transitioned from active
root growth to decay and subsequent root system regrowth, these microbial communities
responded dynamically to changing qualities of C inputs and structural niches. This broader
interplay between root legacies and microbial communities set the stage for the following

patterns of microbial succession.
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4.3 Microbiome succession was cyclical but not fully reversible

The living plant co-organizes its own rhizosphere microbiome by favouring certain taxa and
inhibiting others (Bais et al. 2006, Rlger et al. 2021, Yim et al. 2022, Rlger et al. 2023, He et al.
2024), but shoot harvest and subsequent root death initiate decomposition processes. This
transfer alters key parameters for microbial growth and community organization, especially
concerning changes in the quality and availability of carbon and nutrients (Personeni and Loiseau
2004, Bauke et al. 2017, Pan et al. 2023). This resulted in a general shift in rhizosphere
composition across all microbial groups between the growth phases (Figure 3). It corresponded
to transitions from rhizosphere microbiomes developed during the first growth phase to distinct
decomposer communities during root decay, as reported for decay of plant litter (Bastian et al.
2009, Esperschutz et al. 2013). In particular, the results of the present study provide new evidence
that although root-growth-associated microbiomes reassemble during plant growth following
root decay, the rhizosphere microbiome of a subsequent plant still bears a distinctive signature
of the preceding decomposer community. Thus root decomposition marked a clear inflection
point in rhizosphere community composition, as shown by our alpha and beta diversity metrics
(Figure 2, Figure 3, Fig. SI 5). Fungal and oomycete alpha diversity declined after root decay and
only partially recovered during the second growth phase (Figure 2). Since most fungi as well as
hemibiotrophic oomycetes are opportunistic saprophytes (Ballhausen and de Boer 2016,
Rodenburg et al. 2024), this likely reflects priority effects and pre-emptive competition on
decomposing roots, where the first colonizer occupies most resources, effectively preventing
other species from establishing. As these opportunistic taxa thrived during the decay phase, they
may have gained a competitive advantage when root growth resumed, which in some cases could

have hindered the full restoration of the original community.

The high amount of easily available carbon sources in the rhizosphere favours copiotrophs,
causing sharp declines in bacterial richness as compared to bulk soil (Bonkowski et al. 2021).
Roots in contrast are a poor resource for decomposers (Bertrand et al. 2006), but offer a wider
variety of resource qualities that likely provide more niches for a broader diversity of taxa
(Machinet et al. 2009). Thus, Cercozoan OTU richness increased following root decay but declined
again during the subsequent regrowth phase (Figure 2). This temporary rise in richness likely
reflects a response to the temporal variability in the availability and composition of prey and

decomposing root material.

Cercozoa encompass a range of trophic strategies (Dumack et al. 2020), with different species
exhibiting the capacity to consume specific microbial taxa at successive stages of root decay.

Communities of bacterivorous cercozoa often closely match the diversity of bacterial rhizosphere
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microbiomes, suggesting that these communities can adapt quickly to changes in their bacterial
food sources (Dumack et al. 2022). As root regrowth progressed, the microbial niche likely shifted
back toward taxa associated with living roots, resulting in reduced diversity. Although bacterial
OTU richness showed only a marginal increase during decay (Fig. Sl 4, Figure 2), both Shannon
and Simpson-based Hill numbers increased significantly after decay (Fig. SI 5). This indicates that
while few new taxa appeared, the community became more evenly structured, with reduced
dominance. Such reorganisation reflects the metabolic flexibility and competitive—cooperative
interactions of bacterial communities (Freilich et al. 2011), enabling them to rapidly adapt to

decomposition by balancing abundances among taxa.

Most OTUs persisted throughout all phases, resulting in a robust core microbiome, as
demonstrated by the overlap in the Venn diagrams (Fig. SI 6). Consequently, phase-related
diversity shifts were primarily driven by changes in relative abundance rather than by significant
gains or losses of OTUs. By contrast, the cores of fungi and bacteria were smaller indicating that
their community structure is more sensitive to host availability and resource fluctuations. Hence,
while higher trophic levels and potential pathogens adapted to environmental fluctuations by
adjusting proportions within a common core, fungi and bacteria underwent more fundamental

changes in OTU membership.

Communities in the decay phase clustered separately from the growth phase communities
(Figure 3), which confirms substantial microbial community turnover and supports the hypothesis
that root decomposition promotes a community distinct from the microbiome associated with
living plant roots. The decay period creates a short-lived “window of opportunity” in which
opportunistic saprotrophs and low-abundance copiotrophs (r-strategists) bloom in response to
the change in the quality and availability of organic substrates (Fierer et al. 2007, Bastian et al.
2009). During subsequent regrowth, the fungal, Phytomyxea, Cercozoa and bacterial
communities largely returned to their original structures. However, oomycete assemblages were
only partially recovered, with a significant proportion being obligate host-dependent specialists,
as Venn diagram analysis showed that 12.5 % of oomycete OTUs rely on living roots for
maintenance, creating a diversity bottleneck (Fig. Sl 6). The lack of living roots and shifts in
substrate quality during decay appears to grant opportunistic taxa a lasting competitive edge,
partially hindering the full reassembly of the original community once plant growth resumes.
Collectively, these patterns indicate that legacy-induced microbial networks drive a cyclical, yet

not fully reversible, succession in the maize rhizosphere.

Despite these clear overall patterns, soil history modulated both the intensity and trajectory of
microbial succession and plant root development (Figure 3). Dispersion of beta diversity was
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significantly higher in legacy soils during regrowth for bacteria and cercozoans, implying more
heterogeneous or unpredictable regrowth patterns. Thus, legacy soil, already conditioned by
repeated maize monoculture, appears to introduce significant variability after decay, thereby

reducing the host specificity of rhizosphere microbiomes.

According to community-selection theory (Goodnight 2011) and recent experimental evidence in
maize (Ruger et al. 2021, Schultes et al. in review), the individual microbiomes of single roots
within the root system differ in species composition, and consequently selection acts at the level
of many semi-independent sub-communities. Across both soils, phase-specific OTUs appeared
in distinct root zones—for example, the 1 % of cercozoan “strict decomposer associated taxa”
confined to decaying biopores and the 12.5 % of oomycete OTUs found exclusively on living roots.
These patch-restricted taxa show that the fitness and traits of an individual microbe can become
a function of community membership (Goodnight et al. 1992, Weidner et al. 2015). In the second
growth phase, the mosaic of root-patch legacies meant that each biopore inherited a slightly
different inoculum, widening dispersion of beta diversity and introducing substantially increased
variability in consecutive bacterial and cercozoan rhizosphere microbiomes. Together, these
highly heterogeneous root-patch legacies explain how a stable core microbiome can coexist
alongside the phase-specific turnover and heightened variability observed in legacy soil.
Especially in legacy soil, the coupling of reduced plant performance (Figure 1) with this microbial
succession could point to a feedback loop between plant development and community
dynamics—a loop driven not only by biological history and resource exploitation but also by the

biopore network that links past root systems to future growth cycles.
4.4 Conclusion

This study shows that biological legacy from four seasons of continuous maize and the physical
legacy of pre-existing biopores jointly determine both plant performance and rhizosphere
assembly. Plants grown in legacy soil formed smaller root systems. 10 % of biopores were reused
by new roots, exploiting them as low-resistance pathways for deeper rooting. Microbial
communities followed a reproducible but incomplete growth > decay > regrowth loop: root-
associated consortia shifted to decomposer dominance after root death and only partly re-
assembled during the second growth phase, leaving (i) a persistent core of = 63 % of cercozoan
and oomycete OTUs, (ii) zone-restricted groups such as saprotrophic fungi confined to decayed
biopores and oomycetes restricted to living roots, and (iii) a metabolically flexible bacterial
community whose membership turned over between rhizosphere and decay. In legacy soil, this
mosaic of root-patch legacies enlarged the dispersion of beta diversity during regrowth, producing
greater heterogeneity within cercozoan and bacterial microbiomes, and coinciding with a
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reduction in root growth. Together, the data demonstrate a feedback loop in which past crop
history shapes the spatial inoculum (biopores plus microbial patches), which in turn modulates

current plant vigour and further sculpts the rhizosphere.
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Fig. SI 1 SPAD values (chlorophyll content) in leaves across both soil histories (fresh and legacy)
and growth phases (first and second growth). Boxplots show SPAD measurements taken at
harvest for plants grown in fresh and legacy soils. Letters indicate statistically significant
differences between treatments based on Tukey’s HSD test (p < 0.05). Each point represents an

individual plant replicate.
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Fig. S| 2 Reuse of biopores: old root channels from the first growth phase during the second
growth phase. The percentage was calculated by dividing the root length found in biopores during
the second growth phase by the total root length measured after the first growth phase. Letters
indicate statistically significant differences between treatments based on Tukey’s HSD test (p <

0.05). Each point represents an individual plant replicate.
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Fig. SI 3 MRI-based visualization of root decomposition and re-use in legacy and fresh soil. Panels
(A) and (B) depict a soil column with legacy soil, while panels (C) and (D) represent a fresh-soil
column. In each case, the first panel (A or C) shows a raw MRI scan acquired at the end of the first
growth phase and five scans during the second growth phase. The second panel (B or D) overlays
newly formed roots (cyan) and old root channels (pink), revealing how biopores from the first

growth phase persist and potentially guide root development in the subsequent phase.
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Fig. Sl 4 Relative abundances of Protistan, bacterial and fungal taxa across phases. Stacked bar
plots show square root transformed relative abundances of taxa at different taxonomic levels:
Cercozoa (order level), Phytomyxea (species level), Oomycota (species level), Bacteria (phylum
level) and Fungi (order level). Taxa are colour coded according to their respective groups. The bars
are ordered by abundance within each dataset to highlight dominant and less abundant taxa. The

y-axis represents relative abundance, allowing variation between phases to be visualised.
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Fig. SI 5 Shifts in a-diversity following root decomposition. The boxplots show the diversity as

exponential Shannon entropy (Hill #1) and the evenness as inverse Simpson index (Hill #2) for

fungi, Oomycota, Phytomyxea, Cercozoa and bacteria. Different letters indicate significant

differences (Tukey’s HSD test).
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Fig. S16 Overlap of rhizosphere OTUs across plant growth phases. Venn diagrams illustrate shared
and unique OTU counts between the three growth phases (first growth, decay, and second growth)
for microbial communities in the rhizosphere: Fungi, Oomycota, Phytomyxea, Cercozoa and
bacteria. Diagrams on the left represent samples from fresh soil, while those on the right show
legacy soil. Colour coding above each diagram indicates the sampling location: free growing
seminal root, legacy root (seminal roots growing inside a biopore) or biopore. Numbers within

each sector represent the number of OTUs specific to, or shared between, growth phases.
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Fig. SI 7 Taxa contributing to shifts in community composition: Non-metric multidimensional

scaling (NMDS) plots depict beta diversity of Fungi, Bacteria, Cercozoa, Phytomyxea, and

Oomycota communities, as in Figure 3, with vectors fitted for the most explanatory OTUs. Arrows

represent OTUs significantly associated with community variation (envfit, p < 0.05), with direction

indicating the gradient and length proportional to the strength of correlation (R%). Only the top five

taxa (based on R’ values) per community are shown. Labels correspond to species-level

taxonomic assignments where available. NMDS dimensionality and stress values follow the same

thresholds as in the main figure.
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Fig. Sl 8 Differentially abundant taxa in fungal, cercozoan, oomycete, and bacterial communities.
Differential abundance analysis was performed using DESeq2 on count data aggregated at
different taxonomic levels: species level for fungi, Cercozoa, and Oomycota, and genus level for
bacteria. The log2fold change represents differences in taxon abundance between the growing
and decomposer communities across two soil histories: fresh soil and legacy soil. Bars extending
to the right indicate higher abundance in communities at the growing root, and bars extending to
the left indicate higher abundance in communities in decomposed root channels. Colour coding
indicates soil history and community composition: Dark brown = Rhizosphere microbiome (fresh
soil), dark blue = Rhizosphere microbiome (legacy soil), light brown = Decomposer microbiomes
(fresh soil), bright blue = Decomposer microbiome (legacy soil). Taxa are sorted by effect size
within each microbial group. Only significantly differentially abundant taxa (based on adjusted p-

value thresholds) are shown.
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General Discussion

Linking aims and hypotheses to findings

Root systems are dynamic interfaces where the continuous interaction of bottom-up carbon
release and top-down trophic control forms the rhizosphere microbiome. Carbon is secreted in
the form of mucilage at the growing tips, while exudates are passively released at older root zones;
these pulsed inputs initiate bacterial and fungal growth. Protist grazers then restructure the
emerging microbial assemblage, and the altered prey field feeds back on the predators
themselves. This coupled, bidirectional loop likely promotes rhizosphere self-organisation and is
influenced by two legacy dimensions inherited from previous crops: microbial propagules and

reused biopores.

Based on this, the thesis aimed to investigate how the interaction between C supply and soil
legacies promotes self-organisation in the rhizosphere under continuous maize cultivation. Five
working hypotheses guided the experimental programme: H1, that microbial activity begins only
when local C exceeds substrate-specific thresholds; H2, that photosynthate allocation mosaics
define the spatial template for microbial niches; H3 and H4, that biological residues and recycled
biopores, respectively, shape community succession; and H5, that pathogenic protists
accumulate during continuous maize cultivation, thereby reinforcing negative plant-soil feedback

loops.

Carbon thresholds as the first biochemical gate

Over the past decade, it has become clear that the C released by roots represents a strategic
investment. Ideally, it should encourage the growth of microbial communities to protect the host
plant, mobilise nutrients, and stabilise the plant-soil system (Vandenkoornhuyse et al. 2015,
Spooren et al. 2024). This process can be divided into two steps: (i) pre-selection in C hotspots,
followed by (ii) host-mediated selection. Pre-selection through C input into the soil creates local
micro-environmental hotspots where fast-growing, root-compatible taxa can outcompete the
bulk soil background (Bulgarelli et al. 2012, Kuzyakov and Blagodatskaya 2015). These hotspots
attract both beneficial microorganisms, such as plant growth promoting PGPR and mycorrhizal
fungi, and detrimental microorganisms, such as pathogens (Bais et al. 2006). C-threshold gating
therefore acts as a biochemical rather than immunological first filter. This is followed by host-
mediated selection, turning this stochastic colonisation into a more deterministic rhizosphere
microbiome. During this immune-gated phase, the composition of root exudates is modified

through the addition of flavonoids, riboflavin and other signalling molecules (Santangeli et al.
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2024). These molecules may encourage the growth of beneficial microbes, which improve plant
nutrition and growth (Wang et al. 2024), increase plant tolerance to abiotic stresses (Nozari et al.
2021, Notununu et al. 2022), and trigger systemic resistance against a broad spectrum of

pathogens and insect herbivores (Neal et al. 2012, Pieterse et al. 2014).

Our respiration-kinetics assays quantified step one (Chapter I: Microbial utilization of maize
rhizodeposits (Niedeggen et al. 2024)). Microbial growth was initiated above 60 % of Cy for
simple sugars and late-season exudates but required 250 % and 630 % of C.,; for early-season
exudates and mucilage, respectively. Multi-peaked respiration curves for complex substrates
implied that secondary metabolites delay microbial growth in the rhizosphere, hindering the rapid
degradation of functionally relevant plant compounds (Bais et al. 2006, Sasse et al. 2018, Khashi
u Rahman 2019). By restraining fast-growing copiotrophs, these compounds may simultaneously
facilitate the subsequent enrichment of plant-selected taxa. Accordingly, community structure
shifts from the largely stochastic assemblages seen at root tips to the more deterministic, plant-
directed structure observed further along the root axis (Ruger et al. 2021). Spatial imaging linked
these kinetics to in-situ gradients. PET-MRI of "'C photosynthate showed pronounced tip-centred
hotspots, with signal intensity, and thus C availability dropping along the root axis (Chapter II:
Photosynthate hotspots structure rhizosphere microbiota). The high relative tracer signal shown
and existing literature suggest that the C supply at the root exceeds the activation threshold,
whereas concentrations drop below it within a few millimetres of the surface (Ahmed et al. 2015,
Zickenrott et al. 2016, Lohse et al. 2021). This multi-step process was supported by DNA-SIP,
which revealed that strongly '*C-labelled, copiotroph-dominated consortia occupied carbon-rich
tips, whereas older segments hosted weaker-labelled, more diverse assemblages. Further
microscale data by Ghaderi et al. (2025) showed the same pattern: metabolically active zones are
restricted to a narrow sheath around the root; as enzyme and microbial activity drop steeply
beyond 1-2 mm. Taken together, this reinforces our hypothesis (H1) that, due to substrate-specific
activation thresholds, microbial activity, and therefore the zones modulated by plants, are
confined to the immediate rhizosphere. Furthermore, it leads to spatiotemporal niche partitioning
across the root system, supporting our hypothesis (H2) that patchy C release creates distinct
carbon niches resulting in selection acting at the level of many semi-independent sub-

communities.

However, exudate profiles change markedly during plant development and in response to stress
(Gargallo-Garriga et al. 2018, Santangeli et al. 2024, Hartwig et al. 2025). Therefore, the dynamic

chemistry of rhizodeposits must be considered alongside plant growth dynamics. During active
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vegetative growth plants invest in specialised metabolites that help assemble protective soil
microbiomes (Rolfe et al. 2019). However, after flowering resources are redirected towards seed
formation, resulting in a reduction in such selective signals (Keith et al. 1986, Swinnen et al. 1994).
Thus, the selection of microbes by roots is a dynamic process influenced by ontogeny and the

environment.

In summary, plants do not passively tolerate microbes surviving the C gradient; rather, they
actively interact with the soil microbiome to assemble a rhizosphere microbiome that maximises
their own benefit. This process begins with C provisioning and continues with an evolved chemical
and immunological dialogue. Our findings showed that the functional rhizosphere is defined by
C-thresholds and substrate composition, as microbes respired rather than proliferated beyond
these hotspot zones. These empirically derived thresholds and kinetic functions therefore
provided a quantitative context for the dialogue between plants, soil and microbes. Incorporating
microbial growth kinetics and exudate chemistry into rhizosphere models will refine predictions
of rhizosphere width, C turnover and microbial activity. Specifically, replacing the standard first-
order decay terms with kinetic functions and incorporating spatial confinement with
concentration gradients enables microbial activity to be incorporated into models ranging from
pm-scale pores to 3D root architecture and field-scale platforms (Vetterlein et al. 2020, Landl et
al. 2021, Schnepf et al. 2022). Such multi-scale integration will help to understand how the

rhizosphere self-organises, as well as the soil-borne legacies, that arise there.

Dual legacies: biological and physical filters

During active growth, maize roots and the rhizosphere microbiota, together develop a
characteristic 'rhizosphere signature': an interconnected community, that transitions from fast-
growing pioneer taxa at the advancing tip to host-mediated, function-rich partners along older
root segments. This spatially organised pattern, which is shaped by C supply, immune signals and
environmental context, does not disappear when the crop is harvested. Instead, its physical
structure remains as a matrix of former root channels, known as biopores (Ehlers et al. 1983), and
its biological components persist (Stenstrom et al. 2001). Together, these form a dual legacy on

which the next generation must establish itself.

Imaging studies confirmed that such intact biopores persist over growing seasons and that
subsequent roots preferentially re-enter them (Rasse and Smucker 1998, Banfield et al. 2017,
Han et al. 2017, Wendel et al. 2022). By acting as 'root highways', biopores reduce penetration
costs (Passioura 2002) and improve the acquisition of resources (Athmann et al. 2013). Inside the
developing biopores, the resident community experiences a second, decomposition-driven
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succession (Blagodatskaya et al. 2021). After a root dies, the hotspot shifts from a rhizosphere
fuelled by exudates to a detritusphere fuelled by increasingly recalcitrant root tissue. First, labile
compounds are consumed by fast-growing copiotrophs (Herzog et al. 2019). Once these pools
have been depleted, resources become more complex (cellulose, lignin) and the community
turns over to slower-growing, enzyme-rich specialists (often filamentous fungi) before activity

eventually subsides and most taxa return to dormancy (de Boer et al. 2005).

Our field chronosequence showed how microbial legacy builds up over five consecutive maize
seasons, influencing the rhizosphere microbiome of subsequent crops under realistic agricultural
conditions (Chapter lll: Protist community shifts under maize monoculture). Over time, the
rhizosphere protist community gradually diverged from the initial baseline as the abundance of
potentially plant-pathogenic oomycetes and cercozoan predators increased, supporting the
hypothesis (H3) that microbial residues direct microbial succession over successive growth
seasons. As the rhizosphere is spatially limited, this biological legacy is physically bound to
biopores. Therefore, soil texture determines the boundary conditions for this legacy loop. In sandy
soils, roots tended to be thicker, resulting in larger pores, as observed in loamy soils (Lippold et
al. 2021, Ruger et al. 2023a). However, Phalempin et al. (2025) found that only loamy soil
preserved a well-connected biopore network. In sandy plots, biopores collapsed and root
residues were accumulated rather than decomposed. We therefore suggest that the biopore
network preserved in the loam supported gradual, cumulative shifts in community composition.
In contrast, the unstable sand environment led to more seasonally driven shifts. This supports the
hypothesis (H4), that biopore recycling transmits legacy-borne microbes, which could potentially

intensify negative plant-soil feedback.

The subsequent column study examined the impact of biological and physical legacies by
comparing 'fresh' soil with 'legacy' soil conditioned by maize monoculture from the field
experiment, over a cycle of maize growth, decay and regrowth (Chapter IV: Root legacies govern
the maize rhizosphere). Thus, it linked drivers at the field level with microscale habitat structure
and enabled microbial succession to be traced along the original pore network. High-resolution
MRI was employed to map root architecture in situ, track root channels through decay and
regrowth, and identify re-entered biopores. Approximately one in five new roots recycled an old
biopore. Legacy-driven, rhizosphere microbiomes with increased B-dispersion were then
established in these biopores, supporting H4. This was particularly evident in pre-conditioned

legacy soil, where prior monoculture had already diversified the inoculum, supporting H3.
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Crucially, the second-generation rhizosphere community recovered, but did not fully converge
with the first-generation community. Consequently, the microbial composition of the rhizosphere
in continuous maize cultivation fluctuates between living-root and decomposer states while
retaining traces of the past. This illustrates how the fallow period between crop cycles alters plant-
mediated biological legacies and enables the cyclical changes seen in continuously cultivated
maize (Dhungana and Nguyen 2025). On the one hand, bacterial and bacterivorous cercozoan
communities flourished in terms of alpha diversity during decay, taking advantage of the diverse
carbon sources available. However, the arrival of a fresh root probably resulted in plant selection,
which reduced the diversity of bacterial and cercozoan communities. As this selection is initially
stochastic, beta dispersion between different communities increased in the second-generation
rhizosphere. On the other hand, groups of root-associated pathogenic oomycetes and fungi,
which share many functional traits (Dodds et al. 2009) experienced a bottleneck when living plant
roots were unavailable, resulting in a loss of diversity. This diversity was only regained when the
next root appeared. The reduction in alpha diversity was even more pronounced for fungi. In
addition to a bottleneck caused by the unavailability of living plant roots, this suggests anincrease
in rare species specialised in decomposing dead plant material (i.e. saprotrophs) (de Boer et al.
2005). The recovery of successive rhizosphere microbiomes across bacteria, fungi, Cercozoa and
Oomycota suggests strong plant-mediated recruitment pressures, that can override the effects of
decomposers. However, the initial stage is not fully restored as the legacy inocula in individual

biopores gradually guide and diversify regrowth trajectories.

Trophic feedbacks: predators, pathogens and plant signals

The dual physical and biological legacies of biopores and microbial residues in the soil shape the
encounter between a new root and its microbiome. Continuously growing the same crop in the
same field leads to the accumulation of host-specific soil-borne pathogens, while reducing the
diversity and functionality of the microbial community (Shipton 1977, McDonald and Stukenbrock
2016, Strom et al. 2020, Yang et al. 2020). Field surveys showed that it is continuous cultivation
rather than crop identity, that drives cyclic but directional turnover, ultimately shifting soils
towards distinct microbial communities biased towards the host crop (Dhungana and Nguyen
2025). Such soil-borne legacies further impact plant performance and agricultural yield. Mao et
al. (2021) confirmed a strong, soil biota-mediated negative feedback loop under continuous
maize monoculture, demonstrating that living soil from such plots suppresses biomass and yield

in subsequent crops.
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When pathogen pressure increases, plants activate a multilayered immune network to defend
themselves (Dodds et al. 2024). Two stages can be distinguished: pattern-triggered immunity
(PTI), which recognises conserved pathogen-associated molecular patters, and effector-triggered
immunity (ETI), which targets secreted effector proteins. Cell-surface receptors activate defence
pathways, triggering broad-spectrum resistance against a wide range of pathogens. These
pathways include the production of reactive oxygen species (ROS), Ca** influx, mitogen-activated
protein kinase (MAPK) cascades, the induction of defence genes and the hormonal signalling,
most notably salicylic acid (SA) and jasmonic acid (JA) (Bari and Jones 2009). Further, altering
quorum sensing and other microbial signalling processes, that direct the formation of protective
partnerships in the rhizosphere (Wang and Song 2022). Although the primary aim is pathogen
suppression, this plant-mediated enrichment of antagonistic microbes has been framed as the

plant’s ‘cry for help’ (Bakker et al. 2018, Rizaludin et al. 2021, Mesny et al. 2023).

A coupling between pathogen build-up and antagonist acquisition by the plant is shown for
Arabidopsis plants in soil preconditioned with the oomycete pathogen Hyaloperonospora
arabidopsidis, which assembled a protective bacterial consortium (Berendsen et al. 2018,
Goossens et al. 2023). Likewise, cucurbit roots exuded bitter triterpenes, that attracted
Enterobacter and Bacillus strains which are antagonistic to Fusarium oxysporum (Zhong et al.
2022), and dune grass (Carex arenaria) emitted pathogen-induced volatiles, that attracted anti-
fungal bacteria (Schulz-Bohm et al. 2018). Similarly, in crops, durum wheat, that was naturally
infected with the Fusarium graminearum crown-rot pathogen recruited the Stenotrophomonas
rhizophila bacterium, inducing resistance to the disease and promoting wheat growth (Liu et al.
2021). Our five-year maize chronosequence pointed to a similar pattern, with potentially
beneficial heterotrophic Cercozoa co-enriching alongside rising pathogen pressure, although
direct plant recruitment of heterotrophic Cercozoa cannot be confirmed (Gao et al. 2019,
Amacker et al. 2020). Pathogenic oomycetes adapted to maize, notably Pythium arrhenomanes
and P. monospermum, accumulated steadily over time, supporting the hypothesis (H5), that
protist pathogens strengthen negative plant-soil feedbacks under monoculture. However,
heterotrophic cercozoans, including mycophagous vampyrellid amoebae such as Platyreta and
testate Trinematidae amoebae, also flourished. These consumers can suppress fungal and
oomycete pathogens through direct grazing (Old and Darbyshire 1978, Chakraborty and Old 1982,
Old and Chakraborty 1986, Hess and Suthaus 2022). The specific enrichment of predatory
protists, like Cercozoa, in response to pathogen pressure was also shown by a recent study on
chilli pepper (Gao et al. 2024). Taken together with our maize data, these observations appear to

support the concept of an underground 'cry for help', whereby shifts in root exudation driven by
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defence mechanisms restrain pathogens by sustaining populations of their microbial predators.
Over successive cycles, supporting pathogen antagonists could mature into disease-suppressive
soils (DSS) (Raaijmakers and Mazzola 2016, Jayaraman et al. 2021). While these soils do not
eradicate soil-borne pathogens, the resident microbiome keeps disease expression minimal,
even when both the pathogen and a susceptible host are present (Weller et al. 2002, Mazzola
2007, Schlatter et al. 2017). Therefore, disease pressure is mitigated even under continuous

monoculture.

Spatiotemporal feedbacks in the self-organising rhizosphere of maize
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Figure 1 Soil legacies shape maize rhizosphere microbiomes - microbial assembly along the root life cycle.
During plant growth, plant-derived C creates spatiotemporal carbon niches in which plant-microbe
interactions occur. Microbial assembly in these niches is guided by three filters: (1) a community-poolfilter,
defined by soil texture and accumulated biological legacies in the bulk soil; (2) a temporal filter, which is
imposed by the plant’s pulsed C release; and (3) a spatial filter, created by root architecture and
C-allocation patterns. Biopores provide an additional physical spatial filter that directs root elongation and
microbial recolonisation. Climatic variation (e.g. moisture and temperature fluctuations) modulates all
filters. Along the root, microbial succession proceeds. First, a biochemical gate at the root tip, where highly
concentrated mucilage favours opportunistic, defence-competent copiotrophs, leading to an initially
stochastic community. In older root segments, plant-mediated selection occurs, where exudates (including
secondary metabolites) and trophic interactions shape a host-specific rhizosphere environment. When the
plant dies, the system undergoes a growth < decay shift: during decomposition, plant C is successively
released, favouring saprotrophic taxa in the detritusphere and establishing a biopore network that stores
physical and biological legacies. These legacies subsequently feed back to the next root generation,
forming a growth © decay feedback loop that couples rhizosphere and detritusphere dynamics, linking soil
legacies, C-thresholds and root architecture to the assembly and turnover of the maize rhizosphere
microbiome. The figure was created in https://BioRender.com and can be viewed and downloaded here:
https://uni-koeln.sciebo.de/s/DK1NsXCQPfXK4WD
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Collectively, this thesis provided insight into how the rhizosphere microbiome of maize develops
and evolves through a series of locally constrained processes. Along the growing root, pulsed
photosynthate appeared to create temporary, millimetre-scale carbon niches (Chapter I:
Microbial utilization of maize rhizodeposits). At the root tip, C release is likely high enough to
exceed activation thresholds, favouring opportunistic, defence-competent copiotrophs (Chapter
Il: Photosynthate hotspots structure rhizosphere microbiota). As the root elongates, these
hotspots seem to transition into a more mediated rhizosphere environment. C concentrations
decrease, secondary metabolites increase, and the community shifts towards slower-cycling,
plant-mediated taxa. These bottom-up, C-mediated microbial niches are further modulated by
trophic control (Ruger et al. 2021, Ruger et al. in prep). The result is probably a spatial patchwork

comprising mutualists, cheaters, pathogens and regulators.

Legacy processes added a temporal dimension to this patchwork. When roots decomposed, the
food web shifted towards a detritusphere: saprotrophs flourished, plant-pathogen specialists lost
their hosts and declined (Chapter IV: Root legacies govern the maize rhizosphere). During the next
growth cycle, these inocula could function as an initial filter, affecting the early stages of microbial
community assembly. Our field chronosequence demonstrated that under continuous maize
cultivation, this feedback can drift towards a state biased towards pathogens (Pythium spp.)
(Chapter IllI: Protist community shifts under maize monoculture). However, the concurrent
increase in potentially antagonistic heterotrophic cercozoans suggested that plants may actively
sustain antagonists, that moderate disease levels. When viewed as an interactive unit, the plant
and its microbiota appear to collectively form a distinct rhizosphere community, supplemented
by phase-specific functional blooms. This reflects a dynamic consortium, that is assembled,

pruned, and recovered each season.

In summary, C-thresholds determine where microbial niches can form. Physical and biological
legacies, alongside trophic interactions, define the available inoculum and the taxa, that
ultimately thrive. Together, these local processes generate the spatiotemporal feedback loops,

that organise the maize rhizosphere microbiome.

Although modelling tools are becoming more sophisticated, incorporating multiple layers and
their interactions, the rhizosphere remains an intricately layered system whose feedback loops

defy simple generalisations. Continued integration of empirical data into predictive models is
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essential to ensure that each conclusion, however precise, fits the dynamic complexity of the soil

ecosystem, rather than imposing a false simplification.

Legacy-aware rhizosphere engineering for sustainable agriculture

One of the main objectives of understanding the spatio-temporal feedbacks between soil legacies
and the maize rhizosphere microbiome is to discover key traits, that can be harnessed from this
fundamentally layered below-ground system to reliably support sustainable crop production.
Since the mid-20th century, the introduction of mineral fertilisers, pesticides and mechanisation
has led to increased productivity, economic development and social transformation in modern
intensive agriculture worldwide (FAO 2013). While these technologies stabilise production in the
short term, they have also accelerated soil-organic-matter (SOM) loss, nutrient imbalances and
biodiversity decline, pushing many agro-ecosystems towards biophysical tipping points (Pimm
and Raven 2000, Foley et al. 2005, Vitousek et al. 2009, Liu et al. 2010, Panettieri et al. 2014). The
stability of soil organic matter (SOM) primarily depends on microbial necromass (Miltner et al.
2012, Kallenbach et al. 2016, Liang et al. 2017). Once soil organic carbon (SOC) falls below ~1 %
this necromass-driven pool becomes unstable, with microbial fractions drifting out of
stoichiometric equilibrium and becoming inefficient at immobilising C (Loveland and Webb 2003,
Clayton et al. 2021). Long-term trials show that organic agricultural systems, displaying higher
SOM and better soil structure, deliver more stable soil functions, such as lower nitrate leaching
and fewer plant-parasitic nematodes, and a yield gap to conventional farming, that narrows over
time, underscoring the link between SOM maintenance andyield resilience (Schrama et al. 2018).
Hence, maintaining SOM above this tipping point is critical for yield stability, water retention and

nutrient supply (Philip Robertson et al. 2014, Oldfield et al. 2019).

Consequently, targeted approaches through soil microbiome engineering are proposed as a
possible route forward. There is a growing consensus, that breeding strategies should select plant
varieties based on their ability to foster beneficial microbes, creating resilient crops, that can
withstand abiotic and biotic stresses (Bender etal. 2016, Oburger et al. 2022). Therefore, breeding
approaches should take a holobiont perspective into account, incorporating root traits, that could
attract beneficial partners or protect against pathogens (Nerva et al. 2022, Salse et al. 2024).
Another factor to consider when breeding is root exudates: the chemical footprint released by
crops into the soil. While exudates can support a diverse microbiome, that can trigger induced
systemic resistance responses, mucilage hydrogels can maintain water connectivity in the
rhizosphere and improve drought tolerance (Zarebanadkouki et al. 2019). However, exudates are
also linked to soil-borne pathogen infections (Yuan et al. 2018). Therefore, choosing crop rotations
and cover crops based on the chemical footprint they leave is crucial (Jing et al. 2022).
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Another method of soil microbiome engineering uses inoculation of the roots with PGPR,
arbuscular mycorrhizal fungi (AMF), protists, or entomopathogenic nematodes. Enhanced
nutrient acquisition and protection against pathogens and insects are anticipated to reduce the
use of fertiliser, pesticides and herbicides (Ehlers 2001, Vessey 2003, Asiloglu et al. 2020,
Amacker et al. 2025). For example, protist inoculation has been shown to increase plant above-
ground biomass by enhancing the activity and survival of PGPR (Jousset 2017), which stimulate
nutrient acquisition (Levrat et al. 1992, Alphei et al. 1996) or produce antimicrobial and antifungal
compounds (Mazzola et al. 2009, Jousset and Bonkowski 2010). However, the success of this
method varies depending on the local environment and so diagnostic-guided inoculation seems
to be a key step in ensuring its application is successful. Large-scale field trials have shown that
soil microbiome indicators can predict 86 % of the variation in how plants growth respond to AMF
inoculation, whereas the abundance of pathogenic fungi explains a third (Lutz et al. 2023). Further
ideas to improve the success of microbiome inoculations include strain improvement through
genome editing of single bioinoculants (Wen et al. 2021) and shifting whole microbial
communities through soil transplantation (Raaijmakers and Kiers 2022, Gerrits et al. 2023).
Recent reviews demonstrated the potential and success of microbial applications, while also
highlighting the need to properly consider the ecological side effects (Trivedi et al. 2020, Oburger
et al. 2022, Compant et al. 2025). They emphasise the need for a better understanding of how
inoculants evolve in the natural environment, in order to address their potential effects on non-

target organisms, antibiotic resistance, horizontal gene transfer, invasiveness, and pathogenicity.

An extensive agricultural approach to creating a beneficial soil environment would involve
combining knowledge from various levels of research on microbes, soil structure, and exudates
within a legacy-aware soil management system. This would implicate (i) the diversification of crop
rotation practices, thereby shifting the balance of microbial succession away from an
accumulation of crop-specific pathogens and increasing the diversity of exudates and (ii) reduced
tillage to limit compaction and preserve biopores, thereby enabling deep rooting and enhancing

rhizosphere reassembly.

Organic agricultural systems incorporate legacy-aware management, where diversified rotations,
minimal tillage and restrained chemical use work with, rather than against, soil legacies
(Gunapala and Scow 1998, Bonanomi et al. 2016). The diversity of crop rotations, which involves
alternating nutrient-demanding crops with species that require fewer nutrients, followed by
regenerative phases of deep-rooted, nitrogen-fixing legumes or multi-species cover crops,

prevents the accumulation of negative feedback loops (Olesen et al. 2000, Bond and Grundy
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2001, Stockdale et al. 2001). It dilutes host-specific pathogen pools, expands the chemical and
functional breadth of root exudates, thereby supporting the development of DSS (Peters et al.
2003, Peralta et al. 2018, Seitz et al. 2024). Furthermore, organic management improves the
physical properties of soil, primarily because higher SOM reduces compaction, increases
aggregate stability, and improves the availability of water to plants (Williams et al. 2017). Stability
of soil biotic and abiotic properties and soil processes are linked to more stable soil functions
(Schramaetal. 2018). Consequently, the mechanisms that soil-ecological engineering now seeks
to capture, such as trait-based crop design and exudate steering to encourage beneficial legacies

and support DSS, cannot be considered revolutionary.

Contemporary research is deepening our understanding of the underlying processes that
influence soil legacies, demonstrating that managing these legacies is a logical approach to
sustainable agriculture. Rather than being exploited for short-term results, which risks SOM loss
and destabilises feedback loops, this knowledge and advancing methods should be used to
create site-specific, predictive interventions that support the long-term reduction of resource use
and negative consequences of intensive land use, as well as the restoration of degraded soils.
Consequently, working with soil legacies rather than against them transforms the rhizosphere into

a resilient buffer, that can sustain yield with minimal external inputs.

Closing remarks

The work presented here indicates that spatiotemporal feedback loops between soil legacies and
the maize rhizosphere microbiome generate a self-organising interface, which is characterised by
cyclical transitions between living-root and decomposer states. The initiation of microbial growth
is determined by carbon release patterns, while root-derived legacies supply the historical
inoculum and pore architecture, that direct their assembly. By providing quantitative descriptors
such as microbial activation thresholds and kinetic functions, this thesis offers parameters, that
can be incorporated into multi-scale models. Overall, it suggests that deliberate, legacy-aware
soil management could help to create aresilient rhizosphere system with low input requirements,

that supports consistent yields.
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