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Abstract 
All multicellular organisms undergo a decline in tissue and organ function as they age. 

Loss in stem cell number or activity over time is one possible explanation for this 

decline. However, little is known about mechanisms leading to stem cell exhaustion in 

aged tissues. This study reveals a mechanism explaining stem cell exhaustion in the 

hair follicle. Genome-wide analyses revealed that aged hair follicle stem cells displayed 

widespread reduction of chromatin accessibility, specifically at crucial self-renewal and 

differentiation genes that were characterized by bivalent promoters occupied by both 

active and repressive chromatin marks. Aged hair follicle stem cells showed reduced 

self-renewing capacity and attenuated ability to activate the expression of these 

bivalent genes upon regeneration. These functional defects were niche-dependent as 

transplantation of aged hair follicle stem cells into synthetic niches restored stem cell 

functions and transcription of poised genes. Mechanistically, the old hair follicle stem 

cell niche displayed widespread alterations in extracellular matrix composition and 

mechanics, resulting in mechanical stress and concomitant transcriptional repression, 

shifting these bivalent promoters to a silenced state. Tuning tissue mechanics in vivo 

and in vitro recapitulated age-related stem cell changes implicating niche mechanics 

as a central regulator of chromatin state, which, when altered, leads to age-dependent 

stem cell exhaustion. 

  



 8 

Zusammenfassung 
Alle mehrzelligen Organismen erleiden mit zunehmendem Alter einen Rückgang der 

Gewebe- und Organfunktionen. Eine mögliche Erklärung für diesen Rückgang ist der 

Verlust der Stammzellenzahl oder -aktivität im Laufe der Zeit. Über die Mechanismen, 

die zur Erschöpfung der Stammzellen in gealterten Geweben führen, ist jedoch wenig 

bekannt. Diese Studie enthüllt einen Mechanismus, der die Erschöpfung der 

Stammzellen im Haarfollikel erklärt. Genomweite Analysen ergaben, dass gealterte 

Haarfollikel-Stammzellen eine weit verbreitete Reduktion der Chromatinzugänglichkeit 

zeigten, insbesondere bei wichtigen Selbsterneuerungs- und Differenzierungsgenen. 

Diese waren durch bivalente Promotoren gekennzeichnet, die sowohl aktive als auch 

repressive Chromatinmarken haben. Gealterte Haarfollikel-Stammzellen zeigten bei 

der Regeneration eine verminderte Selbsterneuerung und eine abgeschwächte 

Expression der bivalenten Gene. Diese funktionellen Defekte waren nischenabhängig, 

da durch die Transplantation gealterter Haarfollikel-Stammzellen in synthetische 

Nischen die Stammzellfunktionen und die Transkription der bivalenten Gene 

wiederhergestellt wurden. Mechanistisch gesehen zeigte die alte Haarfollikel-

Stammzellnische Veränderungen in der Zusammensetzung und Mechanik der 

extrazellulären Matrix, was zu mechanischem Stress und damit einhergehender 

Unterdrückung der Transkription führte und die bivalenten Promotoren in einen 

stillgelegten Zustand versetzte. Veränderung der Gewebemechanik, in vivo und in 

vitro, rekapitulierte altersbedingte Stammzellveränderungen. Wir zeigen somit, dass 

die Mechanik der Stammzellenniche ein zentraler Regulator des Chromatinzustands 

ist, der, wenn er verändert wird, zur Stammzellerschöpfung führt. 
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1. Introduction 
Aging is an unavoidable outcome of life characterized by a progressive decline in 

tissue and organ function in addition to an increased mortality risk [1]. It is also the 

primary risk factor for major human pathologies, including cancer, diabetes, 

cardiovascular disorders, and neurodegenerative diseases. The process of aging has 

fascinated, attracted curiosity and excited imagination throughout the history of 

humankind. Although it is a very familiar, it is one of the least well-understood aspect 

of human biology. The next sections will unroll in more detail some factors that underlie 

and associate with aging, mainly focusing on epigenetics, stem cell exhaustion, and 

the niche, before talking about the model system used in this thesis: the hair follicle 

stem cells. 
 

 

1.1 Aging  
30 years ago, a new era in aging research was initiated by the isolation of the first long-

lived strains in Caenorhabditis elegans [2]. Although a lot of progress has been made, 

the complexity of aging and its causes remain a significant challenge for human kind. 

Aging has been linked, at the molecular level, with DNA damage, epigenetic 

alterations, telomere shortening, protein aggregation, and accumulation of aberrant 

mitochondria and lysosomes. At the cellular and organismal level, aging includes 

cellular senescence, deregulated nutrient sensing, chronic low-grade inflammation, 

and stem cell exhaustion [3-5]. 
 

 

1.1.1 Aging theories and factors  
In recent decades, aging research entered the realm of molecular and cellular biology, 

and many factors have been identified to contribute to this process (Fig. 1).  
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Fig. 1. Factors involved in aging 
This diagram highlights multiple factors involved in aging: Genomic instability, Telomere 
shortening, Epigenetic alterations, Senescence, Mitochondrial dysfunction, Reactive oxygen 

and nitrogen species, Nutrient sensing, Protein homeostasis. Adapted from [3, 6] 

 

 

1.1.1.1 Reactive oxygen and nitrogen species damage and the oxidative stress 

theory of aging 
With age, damage to macromolecules (lipids, DNA, and proteins) accumulates and is 

associated with loss of functionality. A prime candidate that causes this damage is the 

accumulation of oxidative stress by reactive oxygen and nitrogen species (RONS) [7]. 

However, the exact mechanisms of oxidative stress-induced aging are still unclear. 

One proposed probability is that increased RONS levels lead to cellular senescence, 

a physiological mechanism described in more detail below (s. 1.1.1.3) [8]. Interestingly, 

although RONS in high doses have the potential to damage the majority of cellular 

macromolecules, balanced RONS signaling may contribute to longevity by initiating an 

adaptive response [9]. An extension of this theory is the oxidation-inflammatory theory 

of aging. This theory proposes that chronic oxidative stress disturbs regulatory 

systems, such as the nervous, endocrine, and immune systems. Immune system 
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activation induces an inflammatory state that creates a vicious circle in which chronic 

oxidative stress and inflammation feed each other, and consequently, increases the 

age-related morbidity and mortality [10]. 
 

 

1.1.1.2 Mitochondrial theory of aging  
Several reports have shown that mitochondrial function has a profound impact on the 

aging process and mitochondrial dysfunction can accelerate aging in mammals [11, 

12]. Accumulating evidence from the last three decades shows that mitochondrial DNA 

(mtDNA) mutations, like point mutations or large-scale deletions, increase with age in 

humans and mammalian model organisms. The original mitochondrial theory of aging 

concentrates on mitochondria as the main producer of reactive oxygen species (ROS), 

and oxidative damage as a source for mtDNA mutations [13]. However, new data 

suggests that most mammalian mtDNA mutations originate as replication errors made 

by the mtDNA polymerase γ [14, 15]. These mutations may polyclonally expand and 

cause respiratory chain dysfunction in different tissues [16] [17]. Mice deficient in 

mitochondrial DNA polymerase γ display several aspects of premature aging and a 

reduced lifespan in addition to an increase of point mutations and mtDNA linear 

deletions [11, 12, 17]. Furthermore, mtDNA mutations have been linked with stem cell 

dysfunction, contributing to the age-associated decrease in homeostasis and 

regenerative potential. [18, 19]. Therefore, evidence suggests mtDNA mutations might 

be implicated in the aging process.  

 

 

1.1.1.3 Senescence  
Cellular senescence is a permanent exit from the cell cycle, triggered by multiple 

factors such as DNA damage, oncogenic mutations, oxidative stress. Thus, senescent 

cells cannot contribute to tissue homeostasis because of their lack of replicative 

capacity [20, 21]. However, they remain metabolically active and obtain an irreversible 

senescence-associated secretory phenotype (SASP). This involves secretion of 

soluble factors (interleukins, chemokines, and growth factors), degradative enzymes 

like matrix metalloproteases (MMPs), and insoluble proteins/extracellular matrix (ECM) 

components [8, 22, 23]. Cellular senescence can be caused by multiple factors, 
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including, short telomeres, overexpression of oncogenes, and DNA damage [24]. Mice 

that were engineered to eliminate senescent cells showed rejuvenation or delayed 

aging, thereby demonstrating an essential role of cellular senescence in aging [25, 26]. 
 

 

1.1.1.4 Telomere length 
Telomeres are nucleoprotein caps flanking DNA. They are shortened by cell division 

and oxidative stress and are lengthened by the enzyme telomerase and DNA 

exchange during mitosis. When telomeres reach a critical length, cells become 

senescent [27, 28]. Telomere shortening also explains the limited proliferative capacity 

of some types of in-vitro-cultured cells, the so-called Hayflick limit [29]. Notably, 

telomere shortening can also be observed during normal aging both in humans and in 

mice [30]. Mice with shortened or lengthened telomeres show decreased or increased 

lifespans, respectively [31, 32], and activating telomerase can revert aging phenotypes 

[33, 34]. Furthermore, meta-analyses in humans support the existence of a strong 

relationship between short telomeres and mortality risk [35]. However, other large-

scale epidemiological studies showed that telomere length has only a weak negative 

association with other markers of biological age and life expectancy [28, 36, 37]. These 

findings indicate that telomere length might be one of several factors of aging and 

might function independently of others.  
 

 

1.1.1.5 Nutrient sensing and metabolism 
Metabolic homeostasis is a major constituent of cellular and organismal homeostasis. 

Metabolic homeostasis involves the coordinated response of distinct cells and tissues 

[38]. Cell signaling pathways that sense the availability of nutrients and the energy 

status of the cells communicate coordinately with hormonal and growth factor signaling 

pathways to regulate whole-body metabolic homeostasis. The four associated key 

protein groups are Insulin/Insulin-like growth factor (IGF-1), mechanistic Target Of 

Rapamycin (mTOR), sirtuins, and AMP-activated kinase (AMPK) [38]. During aging, 

metabolic homeostasis declines, which likely contributes to the general aging of the 

whole organism [39]. Several interventions, genetic and pharmacological, affecting the 

activity of metabolic pathways also affect the rate of aging. Indeed, the Insulin/IGF-1 
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Signalling (IIS) pathway and the mTOR pathway are among the most extensively 

studied pathways shown to regulate life- and health span in several organisms [40, 

41]. Similar to insulin, IGF-1 takes part in glucose sensing [42] IGF-1 inhibits the 

secretion of other growth hormones by binding to its cell surface receptor [42]. mTOR 

is composed of the mTORC1 and mTORC2 protein complexes and senses amino 

acids and it is related with nutrient abundance [43]. mTOR and IIS are both part of the 

anabolic metabolism. Calorie restriction, the most potent environmental intervention 

shown to extend lifespan and healthspan in many species, is accompanied by changes 

in the insulin/IGF-1 circulating levels, while inhibition of the mTOR pathway has mutual 

and distinct effects with calorie restriction [44, 45]. The Sirtuin protein family acts as 

nicotinamide adenine dinucleotide (NAD+) dependent histone deacetylases [46, 47]. 

Sirtuins sense low energy levels by detecting the simultaneously increase of NAD+ 

and help to control catabolic metabolism. In addition to histones, they also deacetylate 

transcription factors and other cellular proteins affecting gene expression activity. 

Sirtuins mediate various beneficial effects on metabolic tissues, e.g., visceral fat and 

liver. They are involved in reduced glycolysis and increased fatty acid oxidation in liver 

and muscle, reduced hepatic lipogenesis, adipose tissue browning, and fat 

mobilization [46]. Various lines of evidence support the notion that sirtuins mediate the 

effects of calorie restriction to a large extent [48]. The lifespan-extending of worms, 

flies, and mice through sirtuin activation is still uncertain, but the improvements in 

healthspan seem to be robust [47]. AMPK senses adenosine monophosphate (AMP) 

and adenosine diphosphate (ADP) [49]. These molecules are present in higher 

amounts when nutrients are low. Therefore, AMPK is a sensor of fasted or calorie-

restricted states and catabolism. Similar to sirtuins, higher activity of AMPK seems to 

have longevity-promoting effects [49]. AMPK inhibits mTORC1 directly, by 

phosphorylating Raptor, which functions as a scaffold for recruiting mTORC1 

substrates, and indirectly, by activating TSC2, which in turn regulates further 

downstream kinases [50-52]. At the same time, by reprogramming metabolism away 

from anabolic pathways, AMPK relieves the pressure on mitochondrial respiration and 

reduces the chances of cellular damage from the generation of reactive oxygen 

species [53]. Calorie restriction can also increase the activity of AMPK. On the other 

hand, less AMPK sensitivity due to cellular stress results in oxidative stress, reduced 

autophagy, metabolic syndrome, more fat disposition, and inflammation [54]. Taken 
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together, the main cell signaling pathways in metabolic regulation also seem to play a 

dominant role in the modulation of the rate of aging. From the current point of research, 

finetuning these pathways might be the best option to expand life- and healthspan in 

humans as seen in model organisms already.  
 

 

1.1.1.6 Protein homeostasis 
Most proteins fold into well-defined 3D structures and remain folded throughout their 

lifetime to perform their biological functions. Moreover, the abundance of each of the 

thousands of different proteins in a mammalian cell must be carefully controlled [55]. 

A complex protein homeostasis network, comprising molecular chaperones and 

proteolytic machinery and their regulators, operates to ensure the maintenance of 

protein homeostasis [56]. These factors, most prominently the heat-shock family of 

proteins, coordinate protein synthesis with polypeptide folding, the conservation of 

protein conformation [57]. Beyond regulation of folding, this network also ensures that 

misfolded protein species are removed, either by autophagy, lysosome, or by 

degradation mediated by the proteasome [58]. Together, these mechanisms avoid the 

accumulation of potentially toxic protein aggregates. Nonetheless, sustaining 

proteome balance is challenging when facing various external and endogenous 

stresses that accumulate during aging [59]. These stresses lead to the decline of 

protein homeostasis network capacity and proteome integrity. The resulting 

accumulation of misfolded and aggregated proteins affects, in particular, postmitotic 

cell types such as neurons, which in turn manifests in disease [60, 61]. The age-

dependent decline in the ability of cells to maintain a functional proteome is a significant 

driver of age-related cellular dysfunction and degenerative diseases [62, 63]. During 

aging, the protein homeostasis network becomes increasingly burdened by increasing 

loads of misfolded proteins and proteins damaged by oxidative stress, especially in 

nondividing, long-lived cells such as neurons [64-66]. Interestingly, stem cells seem to 

be more resistant to age-dependent protein homeostasis network decline than 

differentiated cells. Human embryonic stem cells exhibit elevated levels of proteasome 

activity for degrading misfolded proteins, while human pluripotent stem cells have 

increased capacity to assist protein folding [67, 68]. Furthermore, the asymmetrical 

division of stem cells might also help to maintain a balanced proteome, with the 
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differentiating cell inheriting the damaged proteins [69, 70]. These mechanisms may 

contribute to the maintenance of stem cells throughout the animal lifespan. 
 
 
1.1.1.7 Genomic Instability 
Under physiological conditions, DNA is continuously damaged by both endogenous 

and environmental factors, including DNA replication errors, spontaneous hydrolytic 

reactions, and RONS. A highly conserved system of genome maintenance 

mechanisms provides most of the DNA stability [71]. Genetic lesions resulting from 

extrinsic or intrinsic damages are highly diverse. They include point mutations, 

translocations, chromosomal gains and losses, telomere shortening, and gene 

disruption caused by the integration of viruses or transposons [72]. These forms of 

DNA alterations may affect crucial genes and transcriptional pathways, and 

consequently result in dysfunctional cells. If these cells are not eliminated by regulated 

cell death such as apoptosis or senescence, they may endanger tissue and organismal 

homeostasis. Therefore, DNA damage may impact the functional competence of stem 

cells, thus compromising their role in tissue renewal [73, 74]. Extensive data from 

humans and animal models show increased markers of genome instability with age, 

thereby establishing the association between DNA damage and aging [72, 75]. Cells 

have established ways to repair damage, decrease damaging molecules before 

damage can appear, or to remove cells that have accumulated too much damage. 

Repair enzymes reverse the damage and return the DNA to its intact state. These 

repair mechanisms are highly conserved and can be classified into the following 

pathways: direct reversal, base excision repair, nucleotide excision repair, double-

strand break repair, and interstrand crosslink repair. Direct reversal repair tries to 

correct single-base methylation incidents. Mutations in these enzymes have been 

linked with increased brain, lung, and bladder cancer risk [76, 77]. 

Base excision repair fixes single-base lesions, e.g., guanine oxidation. Defects in this 

process have been linked with neurodegeneration and cancer [78]. 

Mismatch DNA repair solves misincorporated bases during replication or as part of 

other DNA repair pathways. It is linked to Lynch syndrome and colon cancer 

development [79]. 
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Nucleotide excision repair deals with bulky or helix-distorting lesions, e.g.,  6–4 

photoproducts or cyclopyrimidine dimers, which are often caused by UV irradiation. 

Patients with defects in nucleotide excision repair suffer from sun sensitivity and 

increased risk of skin cancer development [80]. Interstrand crosslink repair corrects 

covalently linked DNA strands, while double-strand break repair deals with breaks in 

both strands. These repair pathways are also linked to numerous age-related diseases 

[72]. In total, more than 50 DNA repair disorders have been described with various 

degrees of overlapping phenotypes with aging [81, 82]. Since most of these syndromes 

recapitulate only some aspects of aging, their relevance to normal aging remains 

unsolved. However, DNA repair capacity may decrease with age [83, 84]. If the repair 

fails and damage accumulates, three outcomes can occur: cells can transform and 

become cancerous, cells can enter senescence, or die through apoptosis. Aging may 

also alter these outcomes, e.g., the incidence of cancer increases [85, 86]. 
 

 

1.1.2 Stem cell theory of aging 
Tissues undergo continuous cell renewal in a process termed homeostasis. This 

process depends on the dynamic activity of tissue-resident stem cells. Stem cells can 

self-renew and differentiate along multiple lineages. These same stem cells are also 

called into action to regenerate damaged tissue following an injury to repair and 

prevent tissue overgrowth. They are rare cells located in specialized niches, which 

contribute to the proper control of stem cell self-renewal and differentiation. As all 

multicellular organisms undergo a decline in tissue and organ function as they age, the 

stem cell theory of aging postulates that a loss in stem cell number or activity over time 

causes this decline [87]. Several stem cell lineages show this decline: Neural 

progenitors show a decrease in number and impaired proliferative potential with aging 

and telomere dysfunction [88]. Melanocyte SCs are significantly depleted, possibly due 

to impaired melanocyte maintenance and melanoblast senescence. In the case of 

specific mouse models of hair greying, melanocyte SCs accumulate ectopic pigments 

[89, 90]. Hematopoietic SCs (HSCs) display altered function for mobilization, homing, 

and lineage choice and are skewed towards a myeloid fate at the cost of lymphoid fate, 

suggesting a decline of fully functional HSCs with age [91-93]. Muscle SC precursors, 

called satellite cells, show a markedly impaired tendency to proliferate and to produce 
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myoblasts necessary for muscle regeneration. This impairment is due to a reduced 

expression of the notch ligand delta and, therefore, an aberrant differentiation towards 

a fibrogenic fate, giving rise to fibrotic muscles during aging [94-96]. A decline in stem 

cell number and function has also been reported in the forebrain and bone [97, 98]. 

Stem cell exhaustion is also frequently observed in human age-related diseases and 

rare genetic disorders. As an example, patients with Hutchinson-Gilford progeria 

syndrome [99], Werner syndrome [100], and Fanconi anemia [101] show premature 

depletion of mesenchymal stem cells (MSCs). Neural stem cells (NSCs) show defects 

in neuronal differentiation and DNA repair in patients with Parkinson's disease [102] 

and xeroderma pigmentosum [103].  

The mechanisms underlying stem cell senescence and exhaustion during organismal 

aging include genomic instability, telomere attrition, epigenetic alterations, cellular 

senescence, mitochondrial dysfunction, loss of proteostasis, and altered intercellular 

communication. Although phenotypes and mechanisms vary widely, it appears that all 

stem cell populations decline in function with age. With a greater understanding of stem 

cell aging and its reversal, it may one day be possible to rejuvenate tissues and 

increase human health- and lifespan. 
 

 

1.1.3 Aging and the stem cell niche 
The term “niche” was first introduced in 1978 by Schofield as he described the 

functionality of hematopoietic cells in a local environment [104]. This local environment, 

consisting of neighboring cells and ECM, regulates SC behavior, and is essential for 

their function [105, 106] The niche thus provides soluble, adhesive, and physical 

signals to stem cells, which are critical for maintaining stem cell functions. Due to the 

complex composition of niches, they function by integrating a surplus of signals, both 

local and systemic, to ensure appropriate and coordinated responses of SC to the 

changing needs of tissues [107, 108]. Thus, aging of the SC environment can, in part, 

also critically modulate stem cell function. Mammalian spermatogonial stem cells 

(SSCs), for example, can function for much longer than an average lifetime when 

transplanted to a young environment [109, 110]. Also, niche deterioration has received 

much attention as a mechanism of germline stem cell (GSC) aging [111-113]. 

Senescent niche cells might affect neighboring stem cells by secreting tumor-
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promoting mitogens and pro-inflammatory cytokines that, through paracrine signaling, 

negatively affect SC function [114]. Consistent with this, studies utilizing heterochronic 

transplantation and parabiosis experiments show that primarily cell-extrinsic 

mechanisms drive aging in satellite cells [115-117], NSCs [118, 119], and GSCs [109]. 

Aged niche cells can also fail to send proper signals to stem cells, thereby affecting 

cell fate choices. For example, increased Fgf2 in the aged satellite cell niche of mouse 

muscle impairs self-renewal [116]. Inflammation markers also increase in the aging 

niche, e.g., in HFSCs, and impair stem cell function [120]. Although HSC aging is 

thought to be mainly cell-intrinsic, recent studies have shown that the aged HSC 

microenvironment contributes, at least partially, to the skewing of aged HSCs towards 

a myeloid lineage. This happens through the secretion of increased levels of pro-

inflammatory ligands [121, 122]. Other niche factors are also beginning to emerge in 

the HSC research, confirming the contribution of the aged niche towards altered SC 

fate [92, 123]. A recent study confirmed the role of the niche in epithelial stem cell 

aging [124]. A decrease in stemness-maintaining Wnt signaling caused a functional 

decline of ISC due to the production of Notum, an extracellular Wnt inhibitor, in aged 

niche cells, the Paneth cells. Another recent study observed the stiffening of the central 

nervous system microenvironment with age. This mechanical change is sufficient to 

cause age-related loss of function of oligodendrocyte progenitor cells [125]. Thus, 

understanding how aging affects the composition and function of stem cell niches and 

whether niche-targeted therapies could be used to enhance tissue homeostasis and 

regeneration potential during aging may be an exciting avenue of future research. 

Since precise transcriptional networks and epigenetic barriers control stem cell 

function and state, understanding stem cell aging also requires understanding the 

underlying epigenetic and transcriptional changes. 
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1.2  Chromatin architecture and epigenetic regulation of gene expression 
The cell is often referred to as the basic functional unit of life. Complex multicellular 

organisms consist of hundreds to billions of cells with diverse functions and 

phenotypes. Astonishingly, all the instructions to build such various cell types in an 

organism are stored as heritable information in the genome – a linear polymer of 

deoxyribonucleotides, the DNA. 

 

 

1.2.1 Chromatin 
DNA resides in the nucleus of the cell and is organized together with histone proteins 

in a higher-order structure called chromatin. The DNA helix is wrapped in a highly 

compacted order of 1.7 turns (146 base pairs) around an octamer of histone proteins, 

also called nucleosome, to fit it, despite a total physical length of 2m (in humans), into 

a nucleus of an average diameter of 6 μm [126]. The core histones consist of H2A, 

H2B, H3, and H4, and can be exchanged by variant histones, including H3.3, 

macroH2A, and H2A.Z. The composition and post-translational modification of 

nucleosomes reflect distinct functional states [127]. They regulate chromatin 

accessibility through a variety of mechanisms, such as altering transcription factor (TF) 

binding through steric hindrance and modulating nucleosome affinity for active 

chromatin remodelers [128]. The chromatin itself folds into building blocks, known as 

topologically associating domains (TADs), which often span hundreds of kilobases 

(500-800 kb) [129]. TADs are the boundary elements or linear units of chromatin that 

fold into 3D structures. They serve as functional platforms for physical looping 

interactions between genes and proximal as well as distal regulatory elements, e.g., 

enhancer-promoter interactions. TADs are enriched with several genomic features 

such as CTCF (a transcriptional repressor), especially at TADs boundaries.  

Heterochromatin is a tightly packed form of DNA, which comes in multiple varieties 

between the two extremes of constitutive heterochromatin and facultative 

heterochromatin [130]. Both are responsible for critical genome functions; constitutive 

heterochromatin is typically situated at pericentromeric and telomeric domains of 

chromosomes. Constitutive Heterochromatin is also enriched for the histone 

methylation marks H3K9me2 and H3K9me3. It exhibits a dense organization 

throughout interphase, enrichment for repetitive DNA sequences, relatively low 
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transcription levels, and precise replication timing [131]. Facultative heterochromatin 

is associated with transcriptional regulation of developmental genes and employs 

different histone marks and readers, e.g., through the Polycomb-family of proteins. 

While densely arranged within facultative and constitutive heterochromatin, histones 

are depleted at regulatory loci, including within enhancers, insulators, and transcribed 

gene bodies [132]. Internucleosomal DNA is often bound by TFs, RNA polymerases, 

or architectural proteins with linker histones, which facilitate higher-order chromatin 

organization and regulate access to DNA [133-135]. This landscape of chromatin 

accessibility broadly reflects regulatory capacity — rather than a static biophysical 

state — and is a critical determinant of chromatin organization and function. The 

accessible genome comprises ~2–3% of the total DNA sequence yet captures more 

than 90% of regions bound by TFs [136]. TFs have a broad range of functional roles, 

providing dynamic regulation of transcription on short timescales and establishing and 

maintaining persistent epigenetic canalization of cell types that share a common 

genome.  

 

 

1.2.2 The Histone code 
Apart from packaging the genome, histone proteins are subject to various chemical 

modifications that dynamically adjust the readout of the genetic information. Diverse 

environmental stimuli require a living cell to vigorously adapt to which genetic 

information is read out and set into operation. Each histone harbors a flexible N-

terminal tail protruded from the histone core [137]. The histone tail is important for 

interactions both inside and outside of nucleosome, and is subjected to a variety of 

post-translational modifications, including methylation (me), acetylation (ac), 

ubiquitination (ub), phosphorylation (ph), and SUMOylation (su) [138] (Fig. 2). These 

modifications have essential roles in the regulation of chromatin structure, and 

therefore affect gene expression, silencing, and many other DNA processes such as 

replication, recombination, and DNA repair machinery. The complexity of possible 

combinations of post-translational modifications of histones and the impact on genomic 

functions led to the proposal of the histone code hypothesis, emphasizing the important 

role of epigenetic marks to the genetic code [139, 140]. H3K4 and H3K36 methylation, 

and H3 and H4 acetylation characterize active genes. These modifications function to 
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neutralize histone charges and recruit chromatin remodeling proteins that lead to the 

unraveling of the chromatin structure, allowing access to the basal transcriptional 

machinery [141]. In contrast, gene silencing results in the recruitment of chromatin 

modifiers (HDACs, HMTs) and repressive complexes, such as Polycomb proteins 

[142]. This leads to chromatin condensation (heterochromatin). H3K27 and H3K9 

methylation characterize condensed chromatin. Together, the cofactors and regulatory 

proteins affecting these epigenetic modifications define the chromatin landscape that 

dictates the expression profile of the cell. A further layer of gene activation and 

silencing, as well as genome compaction, can be achieved through DNA methylation 

[142]. Active genes display DNA hypomethylation at gene promoter regions, while 

gene silencing results in the recruitment of DNA methylation machinery (DNMTs, 

MBPs), and DNA hypermethylation. Having this multilayered transcriptional control 

mechanism serves as a system of checks and balances that allows fine-tuning and 

adaptability of the gene expression profile of the cell.  
 

 

 

Fig. 2. Nucleosome and the histone code 
DNA wound around the histone octamer, forming a nucleosome. Posttranslational 

modifications of histone tails regulate gene expression. H3K4 methylation, and H3 and H4 

acetylation characterize active genes. H3K27 and H3K9 methylation characterize condensed 
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chromatin. Other lysins can be modified as well. Further modifications are possible, such as 

ubiquitination, phosphorylation, and SUMOylation. Adapted from [143]. 
 

 
1.2.3 Promoters, enhancers and regulation of transcription by RNA 

polymerase II 
RNA polymerase II (RNAPII) is an enzyme that transcribes all protein-coding and many 

non-coding genes, while RNAPI and III transcribe genes encoded for transfer RNA, 

ribosomal RNA, and various small RNAs. RNAPII consists of twelve subunits, of which 

RPB1 is the largest. RPB1 has a unique carboxyl-terminal domain (CTD), which acts 

as a binding scaffold for many nuclear factors involved in steps of the transcription 

process [144, 145]. All the amino acids within the CTD are highly modified by various 

post translational modifications. CTD phosphorylation recruits factors that regulate 

chromatin states and RNA processing, integrating transcription with genome 

architecture and stability [146]. During transcriptional initiation, the CTD becomes 

phosphorylated at Ser5 (S5p). S5p plays a direct and essential role in recruiting and 

facilitating the capping enzyme, synthesizing the 5’-cap structure on the nascent RNA. 

It also contributes to the recruitment of other factors involved in the transition process 

from initiation to elongation state of RNAPII, early transcription termination, as well as 

histone modification [146]. Shortly after promoter escape, the level of S5p decreases. 

Throughout the productive elongation state of RNAPII S2p levels increase. This mark 

helps in the recruitment of splicing and polyadenylation factors, as well as H3K36 

histone methyltransferases, promoting compatible chromatin remodeling for a stable 

transcription process [146, 147]. Transcription typically initiates at a defined position, 

the transcription start site (TSS), at the 5’ end of a gene, which we refer to as gene 

start. The TSS is embedded within a core promoter, which is a short sequence 

encompassing ~50 base-pairs (bp) upstream and ~50 bp downstream of the TSS. 

Promoter sequences define the direction of transcription and indicate which DNA 

strand will be transcribed. The core promoter serves as a binding platform for the 

transcription machinery, which comprises Pol II and its associated general transcription 

factors [148]. Coordination of chromatin modification, mainly through the control of 

post-translational modification of histones, also has a vital role in transcription initiation 

[149, 150]. The recruitment of all of these co-activators and co-repressors of 
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transcription initiation is controlled by transcription factor binding to cis-acting DNA 

sequences that can lie within the core promoter or in more remote locations (enhancers 

and repressors) [151]. Besides binding transcription factors, enhancers recruit 

transcription cofactors and can increase transcription from a core promoter 

independent of their relative distance and orientation [152, 153].  
 

 

1.2.4 Bivalency maintains genes “ready to be transcribed” 
Mammalian SCs, in particular embryonic SCs, display a unique epigenetic and 

transcriptional state termed bivalent or poised state. As with the Histone code, gene 

promoters and enhancers are decorated in each cell type by precise combinations of 

histone marks according to their current transcriptional status. H3K4me3 is typically 

associated with activation, while H3K27me3 is associated with repression. 

Simultaneous occupancy of these histone methylation marks characterizes promoter 

bivalency [154] (Fig. 3). While the associated genes are repressed, bivalent promoters 

are pre-loaded with poised RNAPII [155, 156]. The function of these bivalent domains 

is to maintain the genomic loci in a state that is both rapidly responsive to 

developmental cues and, at the same time, refractory to subthreshold noise [154, 157]. 

Similarly to bivalent promoters, poised enhancers are characterized by the presence 

of both H3K4me1, typically associated with active enhancers, and H3K27me3, and 

likely play a key role during differentiation. Bivalency is a chromatin property initially 

thought to be tightly linked to the pluripotent state of stem cells in mammals. However, 

recent findings suggest that they represent a universal mechanism for tissue-specific 

gene regulation [158]. Bivalent domains strongly correlate with abundance of CpG 

islands [159]. Regions of DNA where a cytosine nucleotide is followed by a guanine 

nucleotide are called CpG sites. CpG islands are genomic regions with a high 

frequency of these CpG sites. CpG islands thus appear to play a significant role in the 

establishment of bivalent domains. Unmethylated CpG islands are critical factors in 

controlling H3K4me3 levels through the recruitment of Trithorax-group proteins and 

TET proteins. On the other hand, CpG islands likewise play an essential role in 

establishing and maintaining H3K27me3 at bivalent domains, through polycomb group 

proteins. One possible concept implies that productive transcription, through the proper 

assembly of TFs, coactivators, and the splicing machinery, prevents stable PRC2 
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recruitment or binding around the TSS. On the other hand, either the absence of 

transcription or transcription at levels below a certain threshold is sufficient to allow 

PRC2 recruitment to promoter CpG islands [154, 160]. Higher levels of transcription 

appear to displace PRC2 and thus H3K27me3, whereas low levels permit default 

recruitment of PRC2 to CpG islands. Removal of H3K27me3 is expected to render 

bivalent promoters more amenable for transcription, in part due to the reduced 

compaction. In contrast, when PRCs establish a stronger foothold around promoters, 

H3K27me3 acts as a stronger barrier for activation, forging repression. Interestingly, 

promoters that lose both H3K4me3 and H3K27me3 have a high probability of 

becoming DNA-hypermethylated [161]. 

 

 
 

Fig. 3. Bivalency characterizes a dynamic equilibrium between activation and 

repression 
A. In the bivalent state, activating stimuli and repressive complexes counterbalance each 

other. For differentiation, genes need to be activated once a signal reaches a certain threshold, 
ensuring that significant expression of these genes does not occur prior to that threshold. Only 

H3K4me3-marked genes, such as housekeeping genes, are constitutively active. In contrast, 
fully repressed genes require high levels of signal for activation. Genes carrying neither active 

nor repressive marks may be induced, but the absence of repressive signals renders them 

vulnerable to noise and may lead to subthreshold activation. Bivalent genes are fully active 
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once the correct threshold is reached because the transcription machinery is already pre-

loaded. However, higher levels of signal are required to displace the counterbalancing 
repressive factors. Adapted from [154] B. Examples of constitutively active (Krt14), bivalent 

(Lef1) and repressed (Hoxa13) genes in HFSCs. The ChIP-seq traces are based on [162]. 

 

 

1.2.5 Aging and epigenetics 
Accumulating evidence links aging to epigenetic alterations that involve alterations in 

DNA methylation patterns, posttranslational modification of histones, and chromatin 

remodeling. However, similar to the above-discussed factors of aging, the extent or 

even the direction of heterochromatin changes (lost or acquired) induced by aging 

differ between cells, organs, and species, thus highlighting the complexity of the 

epigenetic mechanisms underlying aging [163]. In several cases, loss of 

heterochromatin marks, including DNA methylation, H3K9me3, H4K20me3, and 

histones, have been reported with age. Therefore, it has been proposed that aging is 

at least partially associated with the disruption of heterochromatin [164-167]. However, 

H3K9me3 increases in the head of aging Drosophila melanogaster, and H4K20me3 is 

enriched in the aged liver and kidney of Rattus norvegicus [168]. Aging-associated 

epigenetic drifts of H3K27me3, H3K4me3, and H3K36me3, a transcriptional 

elongation marker, are even more unpredictable and cell context-dependent [168]. 

Particularly in mammalian systems, there is a global and local change in DNA 

methylation. For example, global DNA hypomethylation during aging has been 

reported in mice, rats, and humans [169, 170]. Promoter hypermethylation of 

polycomb‐target genes was described in several aging tissues, like blood, 

mesenchymal stem cells, ovary, brain, kidney, and skeletal muscle [171-175]. 

Redistribution of DNA methylation and hypermethylation of promoters of genes 

involved in cell cycle and senescence has also been reported [165, 176]. 

Interestingly, analysis of a large panel of DNA methylation samples identified an age 

predictor that correlates the methylation levels of a few hundred CpG sites with 

chronological age and applies to a large panel of tissues [177]. Many of these 353 

CpGs investigated are located close to poised promoters of bivalent genes, suggesting 

that aging may correlate with reduced plasticity in the expression of some bivalent 

genes, instead of changing active gene transcription [177]. In line with this observation, 
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bivalent gene promoters acquire DNA methylation in aged tissues and are also 

methylated and stably silenced in cancer [171, 172, 178-180]. In aged mouse muscle 

stem cells, increased heterogeneity of the DNA methylation status at various promoter 

regions was associated with increased transcriptional noise of the genes under their 

control [181]. This is in line with several single-cell sequencing studies in mice and 

humans, revealing increased cell-to-cell variation and increased gene expression 

noise in aging heart, muscle, pancreas, and dermal cells when compared to their 

younger counterpart [182-186]. 

It is possible that these epigenetic changes increase overall heterogeneity between 

cells in a tissue and that such an increase may drive aging [187]. The development of 

new single-cell approaches may help to integrate how different epigenetic 

modifications become altered with aging. Understanding these changes in more detail, 

as well as their drivers, may also lead to a strategy of rejuvenation. 

 

 

1.3 Mechanotransduction and its role in epigenetic - and stem cell -

regulation 
Mechanotransduction describes a cellular process that converts mechanical stimuli 

into biochemical signals to generate responses that enable cells to adapt to their 

physical surroundings [188]. Physical forces or mechanical interactions are one of the 

most fundamental driving forces in determining size and geometry in any biological 

systems [189-191]. All cells, from the simplest form to the most complex organism, are 

mechanosensitive [192, 193]. They are exposed to different types of mechanical stimuli 

in vivo: cyclic stress (heart), shear stress (fluid flow over the cell surface), stretch or 

tensile strain (skin), distension (bladder), compression (bone, cartilage) (Fig. 4). Each 

of these stimuli plays a specific role in the regulation of proliferation, differentiation, 

migration, or morphology of the individual cells [194, 195]. Any disruption or altering 

cellular response to mechanical stimuli can lead to severe human diseases such as 

deafness, muscular dystrophies, developmental disorders, cancer, and most 

importantly to this work, premature aging [188]. Therefore, it is crucial to understand 

the molecular principles of sensing mechanical stimuli and the subsequent cellular 

response. Cells can sense the extracellular matrix's rigidity or geometry through 

integrins in focal adhesion complexes [196], stretch-activated receptor assemblies 
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sense the microenvironment and adapt their permeability to various extracellular ions 

[197]. Cadherin assemblies sense mechanical signals at cell-cell junctions and 

mechanically couple neighboring cells [198]. Additionally, numerous other well-

characterized receptors, such as G protein-coupled receptors and Notch receptors, 

have been shown to respond to mechanical signals in the microenvironment [199]. The 

polymerization state of actin regulates the cytoplasmic-to-nuclear localization of 

various mechanosensitive transcription factors, such as the YAP/TAZ and MAL-SRF 

transcription factors pathway [200, 201]. Mechanotransduction through both the MAL-

SRF and YAP/TAZ pathways requires active Rho-GTPase signaling and actomyosin-

mediated contractility, which results in the translocation of these transcription factors 

from the cytoplasm to the nucleus where they initiate their respective transcriptional 

activities. The cytoskeleton networks also bridge the cell membrane and the nucleus 

through the linker of nucleoskeleton and cytoskeleton (LINC) complex, thereby 

allowing direct transmission of mechanical signals to the nucleus [202, 203].  

Interestingly, the nucleus' mechanical properties adapt to mechanical stimuli, thereby 

regulating gene expression. The mechanical properties of the nucleus are determined 

by the interplay of cytoskeleton–nucleus links, by the integrity and composition of the 

nuclear lamina and by the degree of DNA packaging into chromatin [204, 205]. For 

example, on stiff substrates, the apical actin stress fibers compress the nucleus into a 

flat ellipsoid. In contrast, on soft substrates, the more relaxed depolymerized actin 

structures result in the loss of mechanical tension and a spherical nucleus [206, 207]. 

Cells grown on stiff substrates also have higher lamin A/C levels than their 

counterparts grown on soft substrates, and nuclear stiffness scales with levels of 

nuclear lamin A/C [208, 209]. In progeria, a genetic disorder of premature aging, 

mutations in lamin A/C correlate with abnormal nuclear morphology [210].  

Sensing mechanical signals from the microenvironment has important functional 

implications, especially for stem cells, to adapt to various tissue microenvironments 

[211, 212]. For example, mesenchymal stem cells sense the underlying stiffness of the 

extracellular matrix as part of their differentiation into various cell types [213]. 

Hematopoietic stem cells, in the bone marrow, sense shear forces generated by the 

blood flow, thereby enabling them to differentiate into the various blood lineages [214]. 

Epithelial cells can undergo an epithelial-mesenchymal transition in response to local 
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mechanical signals, which is crucial in establishing early-developmental expression 

programs [215].  

In human epidermal progenitor cells, a long-term, mechanical force-driven increase in 

H3K27me3 is involved in restricting lineage commitment [216]. Extrinsic mechanical 

strain induces the formation of a perinuclear F-actin ring, which results in a depletion 

of free nuclear G-actin. As nuclear actin is an important transcriptional cofactor, this 

decrease in nuclear actin leads to a downregulation of global transcription. Although 

this transcriptional repression is global, it specifically enables accumulation of 

H3K27me3 on promoters of lineage-specific differentiation genes, thereby decreasing 

differentiation  [216].  

Mechanotransduction also plays a role in DNA damage protection [217]. Recently, it 

has been shown in human epidermal progenitor cells that high mechanical stretch 

deforms the nucleus, which cells initially counteract via a calcium-dependent nuclear 

softening driven by the loss of H3K9me3-marked heterochromatin [218]. The resulting 

changes in chromatin rheology and architecture protect the genetic material from 

mechanical forces. When high-amplitude stretch persists, it induces supracellular 

alignment of tissue to redistribute the mechanical force before it reaches the nucleus. 

This tissue-scale mechanoadaptation, mediated by cell-cell contacts, allows cells to 

restore the initial chromatin state [218]. 
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Fig. 4. Sensing and transduction of mechanical signals 
Cells are exposed to many types of forces, including shear stress, hydrostatic pressure, 

compressive forces, tension and stiffness. Membrane surface receptors, such as integrin, focal 
adhesion complex, or ion channels, can sense these forces signals and transmit them through 

the actin cytoskeleton to the nucleus, which in turn generates cellular responses. Also, the 
nucleus itself can sense forces. Adapted from [219]. 

 

 

1.4  Mammalian skin 
In this thesis, hair follicle stem cells (HFSCs) were used as a paradigm to study the 

effect of aging on stem cells. HFSCs reside in the so-called bulge niche within hair 

follicles of the mammalian skin. The skin consists of a multilayered, stratified 

epithelium, the epidermis, that covers the surface of the entire body. It serves as a 

barrier to protect the body from internal water loss and external environmental insults, 

like toxins, pathogens, or temperature changes. Due to this front-line defense function, 

it must self-renew, to rapidly replace lost or damaged cells, every 7-10 days [220]. 

Epidermal stem cells reside in the basal layer of this stratified epithelium, where they 

initiate a transcriptional program of terminal differentiation while moving upwards to 

give rise to the spinous layer, the granular layer, and finally the cornified layer. In 
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addition to the epidermis, the skin harbors multiple specialized appendices such as the 

hair follicle that is maintained by its stem cell population, the HFSCs [221, 222]. Hair 

follicles self-renew through cyclical bouts of growth (anagen), degeneration (catagen), 

and rest (telogen). At the start of the hair cycle, complex signaling crosstalk with 

neighboring niche-resident cells activate quiescent HFSCs, which reside in the so-

called bulge niche, to proliferate and migrate to supply the cells needed for hair follicle 

down-growth [223, 224]. Besides their role in HF cycling, HFSCs can participate in 

wound repair and may serve as origin for several squamous cell carcinomas. The skin 

consists further of the underlying mesenchymal compartment - the dermis, and an 

adipose subcutis underneath. A basement membrane separates the epidermis and 

dermis. 
 

 

1.4.1 Hair Follicle morphogenesis and cycling 
Hair follicles play a crucial role in skin homeostasis and are also vital in 

thermoregulation, social communication, and sensory processes. The morphogenesis 

of HFs is a tightly controlled process that relies on the precise signaling crosstalk 

between the epidermis and the underlying mesoderm. In mice, HF morphogenesis is 

initiated at embryonic day (E) 14, when a dermal condensate of specialized fibroblasts 

forms in the dermis adjacent to the yet undifferentiated epidermis. Inductive epidermal 

signals act on the dermal condensate, which subsequently signals back to the 

epidermis leading to placode formation. A complex signaling network of activating and 

inhibitory signals secreted and received by the placodes and the dermal condensate 

allows further HF morphogenesis. Also, it promotes neighboring cells to adopt IFE fate 

resulting in coordinated HF spacing [225]. By E16, the placode further develops into a 

hair germ (HG), and the dermal condensate differentiates into the dermal papilla (DP). 

During organogenesis, the HG grows downwards and forms a peg that subsequently 

engulfs the dermal papilla at around E18. HF keratinocytes that are in direct contact 

with the DP become hair matrix cells. Hair matrix cells proliferate and move upwards 

to differentiate into six cylindrical layers of inner root sheath (IRS) and the hair shaft. 

The outer layer of the HF, the outer root sheath (ORS), forms a continuum with the IFE 

and is surrounded by the BM [226-228]. During postnatal life, hair follicles are 

periodically regenerated through a continuous cycle that comprises three distinct 
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phases: anagen (growth phase), catagen (regression phase), and telogen (resting 

phase) [228, 229] (Fig. 5). At the beginning of the anagen phase, stem cells present in 

the bulge region of the hair follicle proliferate and generate ORS cells. Before activation 

of hair follicle stem cells, secondary hair germ cells rapidly proliferate and produce the 

transit-amplifying cells (TACs) in the germinal matrix. Subsequently, the TACs 

differentiate into the IRS cells and hair shafts [230, 231]. During catagen, cells in the 

ORS and the germinal matrix undergo apoptosis, and the lower two-thirds of hair 

follicles regress. In telogen, hair follicle stem cells are relatively quiescent, and the 

bulge of the hair follicles is in contact with the dermal papilla. During the early adult life, 

between postnatal day 18 (P18) and 70, body hair growth is mostly synchronized [228, 

232]. Generally, based on studies of C57BL/6 mice, between P18 and P23, hair 

follicles go through a short period of telogen phase before initiating a new anagen 

phase, which produces a new hair follicle between P23 and P35. By P37, the anagen 

hair follicle starts to regress and enters a transient catagen phase, during which the 

lower portion of the hair follicle is degraded. At the same time, the DP moves upward 

with the remaining epithelial cells. These cells eventually form an hair germ beneath 

the bulge stem cell compartment. By ∼P44, with the completion of hair follicle 

regression and hair germ formation, the hair follicle enters a prolonged telogen phase. 

This telogen phase is considerably longer than between P18 and P23 and typically 

lasts four weeks before the hair follicle enters the next anagen phase by ∼P70 [233]. 
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Fig. 5. HF cycling  
During the resting phase (Telogen), HFSCs residing in the outer layer of bulge remain in 

quiescence. At the onset of the growth phase (Anagen), stem cell progenies located in sHG 

proliferate and initiate HF regeneration in response to the activating signals. HFSCs begin to 
proliferate and give rise to outer root sheath, cells migrating downward from the bulge and 

feeding into the bulb of matrix at the base of the newly formed HF. At the same time, hair germ 
develops into matrix, and then terminally differentiate to form hair shaft and inner root sheath. 

When the HF enters a destructive phase (Catagen), the lower part of the HF undergoes 
apoptosis and the epithelial strand regresses upward. Once the dermal papilla is drawn upward 

toward the bulge, the HF re‐enters telogen. Adapted from [234]. 

 
 
1.4.2 Hair Follicle Stem Cells 
HFs rely on stem cells located in distinct anatomical regions to supply differentiated 

progeny. They include slow-cycle epithelial stem cells of the bulge [235], fast-cycling 

epithelial progenitors in the secondary hair germ [236], dermal stem cells of the lower 

dermal sheath [237, 238], and melanocyte stem cells [239]. The SC behavior is tightly 

linked to signals from various sources, including intradermal adipocytes [240], dermal 

fibroblasts [241], blood vessels [242], lymphatic vessels [243] and peripheral nerves 

[244]. Characterizing these dynamic signaling networks within the niche is critical for 

understanding how stem cells self-renew, differentiate, maintain tissue homeostasis, 

and how their dysfunction contributes to disorders. At the end of HF morphogenesis, 

the quiescent HFSC niche, the bulge, is formed below the SG [235]. It contains SCs 

that are marked by their expression of keratins (K15, K5, K14), the cell surface markers 

CD34 and Leucine-rich repeat-containing G protein-coupled receptor 5 (Lgr5) and 

integrins (α6β4 and α3β1). To initiate the hair cycle and to start cell proliferation, 

HFSCs need to become activated. SC activation relies, among others, on the 

regulation of the two critical signaling pathways: Wnt and Bone Morphogenetic 

Proteins (BMPs) signaling [232]. 
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Fig. 6. HFSCs and their niche 
The interfollicular epidermis of the skin is continuously renewed by epidermal stem cells. 

Epidermal stemness is maintained by autocrine WNT signals and by contact with the basement 
membrane. Once these cells initiate differentiation, they move upwards and give rise to various 

differentiated layers. The hair follicle is compartmentalized into multiple micro-niches that are 

maintained by distinct stem cell populations. CD34+ HFSCs reside in the bulge niche, where 
they are activated through signaling with their immediate progeny (hair germ cells) and 

mesenchymal dermal papilla cells to initiate differentiation and hair follicle growth. Further 
instructive signals are provided by the surrounding niche basement membrane, proximal 

dermal fibroblasts and T cells. Adapted from [108]. 
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1.4.3 Signaling during HF cycle  
Since activating and inhibitory signals can both be present in the HFSC niche, the 

probability of HFSC activation is the readout of the summation of both activating and 

inhibitory signals [245, 246]. The two main counteracting signals are BMP and Wnt/β-

catenin signaling pathways [247, 248]. High BMP signaling keeps HFSCs in an 

inactivated state, while Wnt/β-catenin signaling promotes HFSC activation and 

maintains HF growth [245-250]. Moreover, the TGF-β2, Foxp1, and oncostatin M and 

SHH signaling pathways also regulate the hair cycle [245, 251-253]. Factors that can 

tilt the balance of Wnt/β-catenin and BMP signaling can modulate HFSC activity, 

thereby suppressing or promoting anagen entry [254]. 

When Wnt signaling is induced in the hair follicle, both in the bulge compartment and 

hair germ progenitors, hair growth is activated [255-257]. The activated Wnt signaling 

in the epithelial cells is likely downstream of the signaling events from the DP [256]. 

Wnt ligands bind to the frizzled receptor leading to the inactivation of a downstream 

destruction complex, thus enabling β- catenin to accumulate in the cytosol and to enter 

the nucleus to activate transcription of Wnt target genes [258]. Deletion of β‐catenin or 

Wntless genes in the skin, required for transcriptional activation of the Wnt pathway 

and secretion of Wnt ligands, respectively, comprises the telogen‐to‐anagen transition 

[249, 250, 256]. The epidermal deletion of β-catenin or its downstream mediator Lef-1 

leads to hair loss [259, 260]. In the absence of β-catenin, HFSCs fail to differentiate 

into follicular keratinocytes and adopt epidermal fate [259]. In the nuclei of Wnt 

responding cells, TCF3/4 switch from association with TLE4, which negatively 

regulates gene expression, to association with stabilized, nuclear β‐catenin to activate 

a subset of Wnt‐targeted genes. TLE4 overexpression, delayed the transition to Wnt 

activation and hair growth [261]. The potent role of Wnts in regenerating hair was 

highlighted by their ability to induce wound‐induced hair neogenesis in mice [262]. 

Wnts are, in this case, induced by Fgf9, which is produced by T cells, when these cells 

enter the wound dermis [263]. 

BMP signaling plays an essential role in regulating HFSC quiescence. BMPs belong 

to the Tgf-β superfamily, and upon binding to their receptor, they signal through R-

Smads, Smad1,-5, and -8 [264]. Bmpr1a is a crucial receptor for the epithelial cells to 

interpret BMP ligands. When Bmpr1a was specifically deleted from adult HFSCs, 

HFSCs lost quiescence and became hyperproliferative but did not lose their SC identity 
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[265]. However, differentiation of the expanded HFSCs and progenitors appears to be 

compromised, and the Bmpr1a cKO mice fail to regenerate hair shafts. Thus, BMP 

signaling seems to have a dual role in maintaining HFSC quiescence and promoting 

terminal differentiation of HFSCs, likely through its action in distinct hair follicle cell 

populations. Multiple sources of BMP ligands have been identified in the skin. In the 

adipocytes located in the subcutaneous epidermis, BMP2 was found to be periodically 

expressed. The oscillation of BMP2 expression in adipocytes is correlated with the 

anagen‐to‐telogen transition, hair growth, and HFSC quiescence [248]. In late anagen 

to the middle of telogen, BMP2 is highly expressed in adipocytes, and HFSCs are 

rested in a refractory phase, generally resistant to activation signals. During the late 

telogen to early anagen transition, BMP2 expression in adipocytes is reduced 

considerably and correlates with the permissive phase for HFSC activation. In addition 

to BMP2 produced by adipocytes, BMP6 is found to be secreted by the inner bulge 

layer [230]. BMP6 expression in these cells plays a role in restricting HFSCs from 

activation. Also, the DP produces BMP6 [266]. It remains an open question of how 

BMP producing cells coordinate to govern HFSC quiescence and whether there is a 

hierarchical organization of BMP producing cells in their ability to regulate HFSCs. 

In contrast to the Wnt and BMP signaling pathways, FGF signaling pathways have 

shown diverse regulatory outcomes. The DP produces FGF7 and FGF10, and their 

presence stimulates hair growth initiated in the HG [236]. In contrast, FGF18 is 

produced mainly by the inner bulge layer and the bulge HFSCs [267]. Genetic deletion 

of Fgf18 significantly shortens the duration of the quiescent telogen phase, leading to 

activation of hair growth and HFSC division. It has been suggested that Fgfr2 IIIb is 

responsible for transducing the FGF7/10 signaling, whereas Fgfr3c is responsible for 

mediating the effect of FGF18 [267, 268]. Due to the diversity and complexity of FGF 

signaling, further research needs to dissect the downstream mediator of FGF7/10‐

Fgfr2b and FGF18‐Fgfr3c axis to completely understand how different FGFs produce 

different HF‐SC responses [269]. 

In addition to signaling pathways regulating the interaction between SCs and their 

niche, there is increasing evidence documenting interactions between SCs and their 

progenies. In this regard, the Shh signaling pathway plays a critical role in promoting 

HFSC cell division shortly after the activation of hair growth. Shh is prominently 

produced by a subset of transit-amplifying cells located in the hair bulb. These cells 
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form when the newly growing hair progresses through the anagen phases. TACs 

produced Shh stimulates HFSCs cell division in a cell non‐autonomous manner [270]. 

This regulation for the HFSC division could be an adaptive mechanism to control the 

number of HF‐SCs. 

Epigenetic regulators such as Ezh1/2 and Dnmt1 have also been shown to play a role 

in maintaining HFSCs. Mouse models with deletion of the PRC2 component Ezh1/2 

and subsequent depletion of the histone H3K27me3 mark can still specify HFSCs but 

show proliferation and differentiation defects, which lead to the rapid loss of the entire 

hair follicle lineage [271]. In contrast to this rapid decline, the genetic deletion of Dnmt1 

leads to progressive loss of hair regeneration over a year [272].  
 

 

1.4.4 The extracellular matrix 
The ECM is a complex non-cellular network present within tissues. The ECM is mainly 

composed of fibrous proteins (e.g., collagen, fibronectin, laminin, and elastin) and 

proteoglycans (e.g., perlecan), which determine the biochemical and mechanical 

properties of the tissue. The ECM also serves as a reservoir for specialized proteins 

(e.g., growth factors). It was previously thought to be an inert structure that provided a 

platform for cell adhesion. It is now known that the ECM also provides both biochemical 

and biomechanical cues that regulate cell behaviors like adhesion, migration, 

proliferation, and differentiation [273, 274].  

Therefore, the ECM and ECM-associated proteins are critical components of stem cell 

niches determinants of cellular fate during development, homeostasis, and disease 

[108, 273, 275, 276]. In bidirectional crosstalk between the cell and its environment, 

tissue-resident cells are responsible for and responsive to the ECM [277-279]. Cells 

modify their secreted ECM products in response to various stimuli, including 

mechanical cues, oxygen, and nutrient concentration [279]. In turn, the ECM sends 

mechanical and biochemical signals to cells through cell surface receptors, 

subsequent activation of intracellular signaling cascades, and changes in gene 

expression [280]. Interestingly, numerous studies have shown that an acellular ECM 

is sufficient to maintain stem cells and promote self-renewal in vitro. [281-284]. 

Collagens are one of the main components of ECMs and play an essential role in 

structuring and shaping the tissue and determine its mechanical properties. The 
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collagen superfamily comprises 28 members that are all characterized by their triple-

helical structure. Three collagen α-chains can form either hetero- or homotrimers 

resulting in a structural triple helix. Collagens are classified into fibril-forming, network-

forming, microfibrillar, fibril-associated collagens with interrupted triple helix (FACIT), 

and transmembrane collagens [285-287]. 

Collagen synthesis is a complex stepwise process, with many processing steps in the 

endoplasmatic reticulum, Golgi, and after secretion in the extracellular space. Lysyl 

oxidases then crosslink collagen molecules leading to fibril formation. The subsequent 

interaction with other collagens and macromolecules of the ECM defines the specific 

structure and biological activity of the tissue [288]. 

Glycoproteins are proteins that contain covalently bound oligosaccharide chains. They 

are highly abundant in the ECM and are comprised of a variety of different subgroups 

with specific properties. For instance, LNs, elastic fibers, fibronectin (FN), tenascins, 

thrombospondins, and matrilins can be found ubiquitously or in a tissue-restricted 

manner [289]. LNs are essential components of BM. Elastic fibers regulate the 

bioavailability of specific growth factors. 

The elastic fiber network consists of fibrillins, fibulins, microfibril-associated 

glycoproteins, and growth factor binding proteins [290].  

FN is a ubiquitously expressed glycoprotein that is secreted as a dimeric protein, and 

contains multiple binding domains for protein interactions. It interacts with the cell 

surface by binding to integrins or syndecans, and with other ECM proteins such as 

thrombospondin-1, tenascin-C, fibrillin-1 as well as extracellular enzymes [291]. The 

expression and local assembly of FN-containing ECM are crucial for morphogenesis 

and differentiation [292]. 

Proteoglycans consist of a core protein and glycosaminoglycan (GAG) chains. 

According to their GAG chains, they can be grouped into proteoglycans containing 

dermatan sulfate, heparan sulfate, chondroitin sulfate, and keratin sulfate chains. 

Proteoglycans can be membrane-bound, where they can act as co-receptors of growth 

factor receptors or as adhesion receptors. Secreted into the ECM space, they bind to 

a variety of other ECM molecules and regulate morphogenic gradients of growth 

factors and chemokines [293]. 

All these components determine together topography, viscosity, and mechanical 

properties of the ECM. In particular, elastic fibers, fibrillar collagens, and GAGs provide 
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ECM's mechanical properties, while fibrous proteins provide tensile strength 

(collagens, elastin) [294, 295]. Based on its composition, the ECM can have the 

characteristics of a soft material, easily deformable at low forces, or of a hard material, 

which requires greater forces to generate deformation [219]. Also, the ECM's 

topographical features, including pore size, fiber diameter, and feature elevation, are 

sensed by cells [296]. Interestingly, it seems that the ECM architecture provides a 

mechanical memory correlating with stem cell differentiation toward selected lineages 

[213, 294, 297]. 
 

 

1.4.5 ECM structures in the dermis 
The dermis is a connective tissue layer between the epidermis and the subcutaneous 

fat layer. In addition to ECM, it contains ECM-producing fibroblasts, immune cells 

(lymphocytes, neutrophils, monocytes, and mast cells), blood, and lymphatic vessels. 

The dermis subdivides into two parts: the papillary dermis (stratum papillare) next to 

the epidermis and the BM, and the reticular dermis (stratum reticulare) underneath. 

The papillary dermis is composed of loose, small diameter collagen fibers and 

immature elastic fibers. In contrast, the reticular dermis holds large-diameter collagen 

fibers and mature elastic fibers, decorated with proteoglycans and fibril-associated 

macromolecules. Fibril-forming collagens, including collagen type I, III, and V, are the 

most abundant collagens in the dermis. They interact with FACIT collagens type XII 

and XIV and assemble into large, parallel fibril bundles. The BM contains non-fibril-

forming collagens (collagen type IV), collagens intercalated into fibril bundles (type VI), 

or collagens anchoring epidermis and dermis (type VII). Proteoglycans in the skin 

include heparan sulfate proteoglycans, chondroitin-6-sulfate proteoglycans, which are 

associated with the BM, whereas chondroitin sulfate (versican) or dermatan sulfate 

proteoglycans (lumican, decorin, biglycan) are found in the dermis. Decorin and 

biglycan contribute to collagen fibrillogenesis by connecting type I collagen and FACIT 

collagens. At the same time, lumican controls collagen fibril diameter and fibril spacing 

[298-300]. 
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1.4.6 The skin basement membrane 
In the skin, a BM physically separates the epidermis and dermis. It serves as an 

anchoring platform for keratinocytes, stabilizes the tissue, and controls the release and 

diffusion of growth factors. Hemidesmosomes mediate stable anchorage of the 

epidermis to the BM. Similar to most BMs, the skin BM consists of LNs, type IV 

collagen, glycoproteins, nidogen, and perlecan [301, 302]. Type VII collagen, produced 

by fibroblasts, anchors the BM to the underlying dermis [303]. Both keratinocytes, as 

well as fibroblasts, express and deposit LNs into the epidermal BM [304]. The most 

relevant LNs in the BM of the skin are LN-332 and LN-511. LN-511 is highly expressed 

during the growth phase of the HF, and it has a growth-promoting effect, whereas LN-

332 suppresses HF growth and is subsequently involved in HF regression [305, 306]. 

Both LN-332 and LN-511 bind to α3β1 integrins, although LN-511 binds with a higher 

affinity to α3β1 integrin compared to LN-332 [307]. LN-332 also binds to the 

hemidesmosome-forming integrin α6β4. Besides α6β4 integrin, skin 

hemidesmosomes contain type XVII collagen and tetraspanin CD151, and they are 

connected to the intermediate filament network inside the cell. Disturbances in 

hemidesmosome formation lead to skin blistering due to BM instability [308].  
 

 
1.4.7 Aging in the skin 
Human skin aging is a complex process that has been studied extensively. It combines 

endogenous factors leading to intrinsic aging and exogenous factors, like sun 

radiations, air pollution, and nutrition. Intrinsic skin aging, also called chronological 

aging, results from gene mutations, cellular metabolism, and changes in the hormonal 

microenvironment. Clinically, intrinsically aged skin appears thin, finely wrinkled, 

smooth, dry, unblemished, sallow, and pale, with elasticity loss. UV-induced extrinsic 

aging, also called photoaging, is clinically characterized by deep wrinkles, laxity, 

roughness, sallowness, increased fragility, blister formation, pigmentary changes, 

telangiectasias, impaired wound healing, and benign and malignant growths [309, 

310]. At the molecular level, an intrinsically aged skin experiences epidermal 

hypoplasia, although the number of layers remains unchanged [311, 312]. Basal cells 

exhibit an increased heterogeneity in size with an overall elevated volume [313]. The 

stratum corneum experiences a slow replacement of lipids, negatively affecting the 
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barrier function [314]. The number of melanocytes decreases, and inactive 

melanocytes accumulate in HFs of aged skin, causing hair greying [315, 316]. The 

dermal-epidermal junction flattens out. Loss of fibroblast cellularity co-occurs with 

gradual loss of dermis thickness and general atrophy of the ECM. Collagen and elastic 

fiber levels are reduced and disintegrated, either due to decreased synthesis, 

increased degradation, or both [317]. A thickened epidermis characterizes Photoaged 

skin due to a chronic wound healing response.  Faulty degradation of corneocyte 

desmosomes leads to a thickened stratum corneum [318]. Further, the expression of 

type VII collagen in the dermo-epidermal junction is reduced. Fibrillin appears 

significantly dystrophic, truncated, and depleted in the upper dermis while the mid and 

deep dermis accumulates abnormal elastic tissue [319]. Collagen content, especially 

collagen type I, decreases in photoaged skin [320]. Various matrix metalloproteinases 

and other proteases are responsible for the degradation of connective tissue 

components, such as collagen. UVA and UVB irradiation induce these proteases in 

vivo and in vitro, resulting in reduced collagen content [321]. Aging is associated with 

decreased migration and proliferation, delaying epithelialization. Excessive 

inflammation leads to increased levels of proteases (MMPs, elastase) and matrix 

degradation. Production of and responses to specific cytokines involved in matrix 

production is reduced in aged fibroblasts, increasing excessive degradation at 

wounded sites [322]. 

Aged mouse skin displays similarities to aged human skin, without the extrinsic 

component in laboratory mice. Macroscopically old mice show hair loss and hair 

greying. At the molecular level, the skin shows decreased dermal cellularity and 

thickness, and increased subcutaneous adipose layer (hypodermis). Optical 

coherence tomography studies have shown that the epidermis becomes thinner in 

aged mice, and collagen content decreases with age, similar to humans [323]. A study 

in hairless mice noted that total collagen synthesis expressed as a percentage of total 

protein synthesis did not change with age. However, hydroxylation of collagen, 

incorporated in freshly synthesized collagen, decreased with age. The proportion of 

type III collagen and fibronectin biosynthesis increased in hairless mice [324]. Mouse 

models of premature aging have shown a slower wound closure rate, reduced amounts 

of collagen deposition, and collagen mRNA expression, resulting in an impaired wound 

healing response [325, 326]. 
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In mammals, aged skin is accompanied by a marked reduction in hair cycling and 

appearance of bald patches, indicating that HFSCs are either lost, differentiate, or 

change to an epidermal fate during aging. Skin aging is associated with reduced 

potency of HFSCs, already at stages where HFSCs are still present at numbers 

comparable to young mice [327-329]. Later during aging, severe hair loss has been 

reported, which is associated with hair follicle destruction and reduced HFSC numbers 

[330]. Age-related declines in SC activity and tissue fitness have been described for 

both epidermis [120, 331] and HFs [332-336]. Recent research shows that aged 

HFSCs maintain their identity and do not shift to an epidermal fate [337], in contrast to 

aged fibroblasts, which become more heterogenic and gain adipogenic traits [185]. 

Interestingly, both cell types exhibit altered extracellular matrix gene expression, and 

aged HFSCs show a decline in hair regeneration following wounding. This is in line 

with many other cases that implicate the role of an aging hair follicle microenvironment 

[120, 335, 338-340], and with the knowledge about aging stem cell niches in other 

tissues (s. 1.1.3). However, the mechanism of how niche changes affect aging stem 

cells is still unknown. Thus, we are trying to answer this question in this thesis.  
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2 Aim of the thesis 
Aging is the process of tissue and organ function decline with age. Loss in stem cell 

number or activity over time is one possible explanation for this decline. However, little 

is known about mechanisms leading to stem cell exhaustion in aged tissues. This study 

aimed to understand cause and drivers of stem cell exhaustion in the hair follicle. In 

particular, I want to understand: 

1. What are the age-related changes in hair follicle stem cells that lead to stem cell 

exhaustion? 

2. What is the role of the microenvironment in hair follicle stem cell aging? 

3. Do changes in chromatin architecture contribute to altered stem cell fate in aging? 
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3 Materials and Methods 
3.1 Chemicals and reagents 
Unless denoted explicitly, common chemicals and reagents used in this study were 

purchased from the following suppliers: Merck (Darmstadt, Germany), Carl Roth 

(Karlsruhe, Germany), Sigma Aldrich (Munich, Germany). 

 
 

3.2 Mice 
Wild type C56BL6/J mice were used for aging experiments. Male mice between 24-30 

weeks were used as young controls (~6 months), and male mice between 100-110 

weeks (~24 months) were used as the aged group. Tenascin X- and Collagen XIV- 

deficient mice have been reported previously [341, 342]. All animals in the same 

experimental groups were bread in the same animal facility and housed in the same 

room, wild-type mice in the specific-pathogen-free mouse facility of the Center of 

Molecular Medicine (CMMC) and Max Planck Institute for Biology of Ageing (MPI-Age), 

Cologne, TNX mice in the animal facility of the Department of Biochemistry, University 

of Cologne, Germany. All mice were provided with ad libitum standard rodent diet and 

water. DNA was isolated from tail clips for genotyping. No statistical method was used 

to predetermine sample size, and the experiments were not randomized. All animal 

experiments were performed by guidelines and animal licenses of the State Office 

North Rhine-Westphalia, Germany. 

 
 
3.3 Isolation of primary epidermal cells 
Epidermal cells were isolated from telogen-stage (P21-P23 or 8-9 weeks old), 6 or 24 

months old C56BL/6J mice. Mice were sacrificed by cervical dislocation and shaved. 

After a quick wash with water, mice were incubated subsequently in 70% ethanol, 

distilled water, and in PBS, each for 1 min. After removal of tail and limbs, the skin was 

peeled off, and the subcutaneous fat was removed by scraping with a round surgical 

blade (No 22). For further sterilization, the skin was incubated in a 2x 

antibiotic/antimycotic solution (Sigma A5955) for 5 min at RT. The skin was cut into 

smaller pieces and transferred epidermal side up to 0.8% trypsin (Gibco 27250-018) 

in PBS for 50 min at 37 °C. Skin pieces were subsequently transferred to a 10 cm petri 
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dish containing MEM (Spinner's modification, Sigma) + FCS to stop the trypsinization. 

The epidermis was then separated from the dermis using forceps and finally minced 

into small pieces. The epidermis suspension was disrupted by passing through a 50 

ml pipette 8-10 times and filtered first through 70 μm, then 40 μm cell strainers, and 

centrifuged at 900 rpm for 5 min. The supernatant was removed, and the cells were 

resuspended in the applicable media and used for downstream applications. 

 
 
3.4   HFSC organoids and hydrogels 

3.4.1 3C HFSC organoids 
Epidermal cells were cultured in 3C organoid conditions to study HFSCs in vitro, as 

has been described earlier [343]. It is based on a 3D extracellular matrix environment 

and defined soluble factors and allows expansion and long-term maintenance of 

HFSCs. In this system, cultured epidermal cells form an equilibrium of HFSCs and non-

HFSCs. For 3D culture, 8 × 104 freshly isolated epidermal cells were suspended in 40 

μl ice‐cold 1:1 mixture of KGM and growth factor‐reduced Matrigel (Corning) that was 

dispensed as a droplet in 24‐well or 6 cm cell culture dishes. The suspension was 

allowed to solidify for 30 min and then overlaid with 500 μl of 3C medium and incubated 

at 37°C, 5% CO2. The medium was exchanged the next day after initial seeding and 

after that every second day. Cells were extracted from Matrigel by mechanical 

homogenization and incubation in 0.5% Trypsin, 0.5 mM EDTA, for 10 min at 37°C.  

 
 
3.4.2 Collagen hydrogels  
PEG-crosslinked Collagen hydrogels were used to generate organoids with defined 

stiffnesses and to study the effect of stiff microenvironments on HFSCs. These 

hydrogels were prepared as described previously [344]. 

Collagen I (Millipore 08-115) was mixed with a reconstitution buffer and cells in 3C 

medium in a ratio of 4:1:7 to yield a final Collagen I concentration of 1.6 mg/ml. To tune 

stiffness, PEG-diNHS (Sigma-Aldrich E3257, Mw 456.36) was dissolved in dimethyl 

sulfoxide (DMSO) at a concentration of 50 mg/ml. The solution was then added to the 

collagen/Cell/reconstituting solution mixture at a final PEG-diNHS to collagen-mass 

ratio of 0.17. The hydrogel/cell mixtures (80.000 cells in one hydrogel droplet on a 24-

well plate) were allowed to polymerize at 37°C for 1 h and then cultured in 3C medium 
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at 37°C, 5% CO2. Elastic moduli of the hydrogels were validated by atomic force 

microscopy, as described below. Cells were extracted from hydrogels by mechanical 

homogenization and incubation in 2 mg/ml collagenase A (Merck 10103586001) for 10 

min, then 0.5% Trypsin (Gibco), 0.5 mM EDTA, for 10 min at 37°C. 

 
Keratinocyte Growth Medium (KGM): 
MEM Spinner’s modification (Sigma) 

Insulin (Sigma)    5 µg/mL 

EGF (Sigma)    10 ng/mL 

Transferrin (Sigma)    10 µg/mL 

Phosphoethanolamine (Sigma)  10 µM 

Ethanolamine (Sigma)  10 µM 

Hydrocortisone (Calbiochem) 0.36 µg/mL 

Glutamine (Gibco)   2mM 

Penicillin, Streptomycin (Gibco) 100 U/mL 

Chelated fetal calf serum (Gibco) 10% 

Y27632 (Miltenyi Biotec)  5 µM 

VEGF  (Miltenyi Biotec)   20 ng/mL  

FGF-2 (Miltenyi Biotec)  20 ng/mL 

 
Reconstitution buffer  
Sodium hydrogen carbonate    0.26 M 

HEPES      0.2 M 

Sodium hydroxide      0.05 N 

Hanks' Balanced salt solution (Sigma H1641) 1x 

 

 

3.5 siRNA knockdown and colony forming assay 
HFSCs were cultured in 3C organoids, as described above, for 12 days and then 

transferred to a 6-well plate. 7 μl of lipofectamine RNAiMAX reagent was diluted in 150 

μl of OptiMEM (Gibco 11058-021). 3 μl of siRNA (10 μM) was diluted in 150 μl of 

OptiMEM. Diluted lipofectamine RNAiMAX was added into diluted siRNA (1:1) and 

incubated for 5 min at RT. 300 μl of siRNA-lipix mix was then added to HFSCs (1 well 

of 6-well plate). All siRNAs were from Thermo Fisher (Silencer select 4390771, Hmga2 
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siRNA ID: s67600, Lef1 siRNA ID: s69161, Cdc34 siRNA ID: s103506, Wnt7a siRNA 

ID: s76098). After 24 h of transfection, cells were used for colony forming assay. J2 

feeder cells (ATCC) were treated with 0.5 mg/ml Mitomycin C in DMEM with 10% FBS 

and Penicillin/Streptomycin for 2 h at 37 °C. HFSCs plated at low clonal density (103 

cells/6 well) on Mitomycin C treated J2 feeders and cultured for 3-4 weeks in FAD 

medium (DMEM+Ham’s F12 with 5 µg/ml Insulin, 10 ng/ml EGF, 1.8x10-4 M Adenin, 

0.5 μg/ml Hydrocortisone, 10% Chelated FCS, 10-10 M Choleratoxin). Colonies were 

fixed with 4% PFA and subsequently stained with 0.1% crystal violet and quantified. 

 

 
3.6 Chemical treatments 
Where indicated, cells were treated with Cyclopamine hydrate (10 μM, Sigma) or 𝑎-

Amarnitin (50 μg/ml for 6h, Sigma). The vehicle DMSO or H2O was used as a control 

for all treatments. 

 
 
3.7 Depilation and Edu injections 
Depilation of hair with wax is the gold standard to induce hair follicle anagen entry and 

HFSC activation in vivo. Mice were anesthetized with isoflurane, the wax was applied 

on the dorsal skin, and the hairs were plucked off by using hair removal strips. 22 h 

after depilation mice were injected i.p. with Edu (50mg/kg body weight) and 24 h after 

depilation tissues biopsies were collected for histological analyses and FACS sorting 

followed by qPCR as described below. 

 
 
3.8 Flow cytometry 
Flow cytometry and fluorescence-activated cell sorting (FACS) are techniques that 

simultaneously measure and analyze cell size, granularity, and fluorescence intensity 

of single cells. Laser light is illuminated on the cells in the sample stream, thereby 

getting scattered and measured by optical detectors. Each event or cell in the flow 

produces specific information or parameter based on its light scattering and fluorescent 

properties, providing data on cell morphology and chemical characteristics [345]. 

FACS systems have an added feature which allows them to physically separate cells 

of interest from a heterogeneous sample, based on their optical properties.  
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We used flow cytometry to analyze the percentage of HFSCs and sort HFSCs for 

downstream applications. Cells were isolated as described above. Cells were then 

pelleted by centrifugation for 5 min at 900 rpm at 4°C, resuspended in FACS buffer 

and stained for cell surface markers CD34-eFluor 660 and ITGA6-eFluor 450 for 30 

min on ice. Cells were washed with FACS buffer, and 7-aminoactinomycin D (7-AAD) 

was added to each sample for the detection of live/dead cells 15 min before the 

analysis. Before the first measurement, flow cytometer settings and compensation 

settings were calibrated, and antibody dilutions were titrated. Cells were analyzed 

using FACSCanto II (BD Biosciences) or sorted using FACSAria Illu Svea (BD 

Biosciences) and FACSAria Fusion (BD Biosciences). Each machine was equipped 

with FACSDiva software (BD). Sorted cells were collected into 1.5 ml conical tubes 

with cell culture medium at 4ºC, centrifuged, and either snap-frozen in liquid nitrogen 

or resuspended in medium and cultured. Flow cytometry analysis of processed 

samples was carried out using FlowJo software. Cells were gated according to their 

size and granularity (FSC-A/SSC-A), cell doublets were excluded (FSC-W/SSC-H), 

and live cells were discriminated by 7-AAD (FSC-A/PerC-CP-Cy7). From the live cell 

population, cells were gated for their expression of α6-integrin (eFluor 450) and CD34 

(eFluor 660). 

 

FACS Antibodies 
CD34-eFluor 660 (Thermo Fisher Scientific 50-0341-82)  1:100 

ITGA6-eFluor 450 (Thermo Fisher Scientific 48-0495-82)  1:300 

7AAD (Thermo)        1:100 

 

FACS buffer 
EDTA   2 mM,  

FBS (Gibco) 2% 

PBS   1x 
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3.9 Immunofluorescence and confocal microscopy 
Tissue preservation is one of the most critical aspects of histochemical techniques that 

maintains morphology but also allows antibody penetration and antigen preservation. 

Paraformaldehyde or glutaraldehyde fix the tissue by reacting with alkaline amino acid 

residues, thereby crosslinking neighboring proteins. Methanol, ethanol, or acetone fix 

the tissue by denaturing wherein the solubility of proteins gets reduced due to the 

disruption of tertiary protein structures. 

Embedding fixed tissue into paraffin wax maintains tissue architecture and enables 

cutting of thin sections. Unfixed tissues can be cryopreserved and inserted into a cryo-

resisting matrix that allows sectioning at temperatures below -10 °C. 

Laser confocal scanning microscopy (LCSM) is an optical imaging technique that uses 

a spatial pinhole to block out-of-focus light during imaging, which increases optical 

resolution and contrast and removes blur from outside of the focal plane of the image 

[346]. 

 
 
3.9.1 Paraffin sections 
Mice were sacrificed at indicated time points, and tissue samples were taken. The 

samples were wrapped in filter paper to avoid tissue deformation during tissue 

processing. The isolated samples in filter paper were placed into embedding cassettes 

and transferred into freshly prepared, ice-cold paraformaldehyde (4 % PFA in 

phosphate-buffered saline (PBS)) and incubated 1-2 h on ice for fixation. 

Subsequently, the fixed samples were transferred to 70 % ethanol and incubated at 4 

°C overnight. For dehydration and paraffin processing, samples were placed into an 

automated tissue-processing machine (detailed program below). Embedding into 

paraffin was done using the embedding machine. Paraffin blocks were stored at room 

temperature (RT) until cutting. Before cutting, paraffin blocks were cooled to -20 °C, 

and 6-8 μm sections were cut using the microtome. Sections were floated on water at 

45 °C for at least 5 min to ensure tissue straightening. Slides were dried overnight at 

37 °C and stored at RT.  

Paraffin sections were deparaffinized, two times for 5 min Xylol, followed by 

rehydration using a graded alcohol series (100 % isopropanol, 95 %, 75 %, 50 % 

ethanol, and distilled water; 5 min each). Antigen retrieval releases protein crosslinks 
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that were formed during formalin fixation, and hidden antigen sites are uncovered. It 

was carried out using a target retrieval solution pH6 (Dako S1699) or pH9 (Dako 

S2367) in a pressure cooker, where samples are cooked in high pressure for 20 min 

followed by 1 h of cooling. Slides were then stained as described below. 

 
Tissue processor program 
70 % ethanol 1,5 h 
80 % ethanol 1,5 h 

96 % ethanol 1,5 h 
100 % ethanol 1 h 

100 % ethanol 1 h 
Xylol 1,5 h 

Xylol 1,5 h 

Paraffin 2 h 
Paraffin 2 h 

Paraffin 2 h 
 

 

3.9.2 Cryo-sections 
For cryo-sections, unfixed tissue samples were placed into cryomolds containing OCT 

Tissue Tek and allowed to freeze on dry ice. Frozen blocks were stored at -80 °C, and 

6-8 μm thick sections were cut at -20 °C using the cryostat. Sections were stored at -

80 °C or immediately processed for stainings. For staining, cryosections were then air-

dried for 20 min and fixed with the indicated fixative (see table for primary antibodies).  

Fixation was carried out as follows: 

For acetone and methanol fixation, dried slides were covered with ice-cold 

acetone/methanol and incubated at -20 °C for 10 min. Acetone/methanol was then 

removed, and slides were rehydrated with PBS. 

For PFA fixation sections were covered with freshly prepared, ice cold 4 % PFA in PBS 

and incubated for 10 min at RT. The fixative was then removed, and slides were 

washed with PBS. The tissue was subsequently permeabilized by treatment with 0,2 

% Triton-X-100 in PBS for 10 min at RT. 
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For both paraffin and cryofixed sections, samples were blocked in 5% normal goat 

serum, 3% BSA in PBS for 1 h at RT, and incubated with primary antibodies diluted in 

DAKO antibody diluent (Agilent, S3022) overnight in a moist chamber at 4°C. 

Subsequently, slides were washed 3 times for 5 min with PBS and bound primary 

antibody was detected by incubated with Alexa-Fluor 488-, 568- or 647 -conjugated 

antibodies (Invitrogen) for 1 h at RT in the dark. Nuclei were counterstained with 4′, 6-

diamidino-2-phenylindole (DAPI, Invitrogen). After washing slides 3x with PBS and a 

quick wash with H2O, they were mounted in Elvanol and dried at RT in the dark. 

 
Elvanol 
Mowiol (Roth 0713) 2.4 g 

Glycerol  7.5 ml 

Milli-Q water  11.7 ml 

=> stirred for 2 h at RT 

Tris-HCl, pH 8.5 4.8 ml 

=> stirred at 53 °C until dissolved 

Dabco (Roth 0718) 0.02 g 

=> stored at -20 °C 
Primary antibodies 
CD34  Thermo Fisher (14-0341-82)  1:100 

Sox9   Santa Cruz (sc-20095)   1:100 

Keratin-15  Thermo Fisher (MS-1068)   1:300 

pMLC2  Cell Signaling (#3674)   1:100  

RNAPII pS2  Abcam (ab5095)    1:900 

Ki67   Abcam (ab15580)    1:1000 

Lef1  Cell Signaling (#2230)   1:100 

E-Cadherin  BD Biosciences (610181)   1:300 

Laminin-332  gift from R.E. Burgeson [347]   1:20,000 

Laminin a5  gift from L. Sorokin [348]   1:20,000 
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Secondary antibodies 
Goat anti-guinea pig IgG  A488   Invitrogen 982288 

Goat anti-mouse IgG  A488   Invitrogen A11001 

Goat anti-mouse IgG  A568   Invitrogen A11004 

Goat anti-mouse IgM  A488   Invitrogen A21042 

Goat anti-rabbit IgG  A488   Invitrogen A11008 

Goat anti-rabbit IgG  A568   Invitrogen A11011 

 
 
3.9.3 Hydrogels 
Collagen hydrogels were fixed with 4% PFA for 60 min, followed by two washes with 

100 mM Glycine, PBS for 10 min. The gels were permeabilized and blocked with 0.3% 

Triton X-100, 3% BSA, 5% NGS, in PBS at RT overnight, and then incubated with the 

primary antibody in 0.3% Triton X-100, 1% BSA, in PBS at RT overnight. After three 

washes with 0.3% Triton X-100, PBS for 10 min, the hydrogels were incubated with 

the secondary Ab in 0.3% Triton X-100, 1% BSA, in PBS at RT overnight. Samples 

were washed 3x with 0.3% Triton X-100, in PBS for 10 min, and quickly with H2O, then 

mounted in Elvanol and dried at RT in the dark. 

 
 
3.9.4 Edu staining 
5-ethynyl-2'-deoxyuridine (EdU) is a thymidine homolog that is incorporated into DNA 

during DNA synthesis and can be detected by click chemistry reaction: EdU reacts 

copper (I)-catalyzed with azide, and the product is a stable triazole ring linked to a 

fluorophore. 

EdU staining was carried out on paraffin sections. Paraffin sections were 

deparaffinized and rehydrated. Samples were incubated in staining solution for 30 min 

at RT. After three washes for 5 min in PBS, antigen retrieval and antibody staining 

were performed as described above. 

 
EdU staining solution 
Tris, pH 8,5    100 mM 

CuSO4    1 mM 

488-Azide (Invitrogen A10266) 10 μM 
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Ascorbic acid    100 mM 

 

 
3.9.5 H&E staining 
Hematoxylin and Eosin (H&E) staining method is a standard histological method that 

allows the detection of several distinct tissue structures. The principle is based on the 

application of hemalum, an oxidation product of hematoxylin. Hemalum colors nuclei 

in blue while Eosin serves as a counterstain and colors eosinophilic structures, mainly 

structures that are basic, in different shades of red.  

Paraffin sections were deparaffinized as described above and stained for 50 s with 

hematoxylin, then blued in tap water. Sections were counterstained for 10 sec with 

Eosin and subsequently washed in water. Sections were then dehydrated (50 %, 75 

%, 95 % ethanol, isopropanol 2 min each) and washed 2 x 2 min in Xylol. Stained 

tissues were mounted on No. 1 rectangular coverslips with Cytoseal XYL mounting 

medium (Thermo). Images of H&E stained tissue samples were obtained using Nikon 

Eclipse Ci (Nikon) 20x air objective. 

 

Hematoxylin: Shandon Gill3 Hematoxylin 

Eosin: Shandon Eosin Y, Aqueous 

 

 

3.9.6 Confocal microscopy 
All fluorescence images were collected by laser scanning confocal microscopy (SP8X; 

Leica) with Leica Application Suite software (LAS X version 2.0.0.14332), using a 40x, 

63x or 100x immersion objectives. Images were acquired at room temperature using 

sequential scanning of frames of 1 µm thick confocal planes (pinhole 1), after which 

the planes were projected as a maximum intensity confocal stack for visualization and 

sum intensity confocal stack for quantification. Images were collected with the same 

settings for all samples within an experiment. 
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3.9.7 Image analyses 
Images were analyzed using Fiji [349]. Fields were randomly selected based 

exclusively on the presence of nuclei, as assessed by DAPI staining. For quantification 

of nuclear intensities, areas of interest were generated using automated thresholding 

of the DAPI staining, after which mean fluorescence intensities of nuclear stainings 

were quantified within the regions of interest from sum projection images obtained as 

described above. 

 
 
3.10 Atomic force microscopy 
Atomic force microscope (AFM) nanoindentation is a useful tool to determine elastic 

properties of biological samples and materials. Cantilevers serve as soft nanoindenters 

allowing local testing of small and inhomogeneous samples like cells, tissues, or 

materials. The data obtained by indentation measurements (force spectroscopy mode) 

are plots of force against piezo displacement. The cantilever is moved towards the 

sample by a distance z (height (measured)) and bending into the opposite direction (x) 

while the sample is indented by δ. Finally, δ is calculated by subtracting the cantilever 

deflection from the height (measured). For soft materials and biological samples, the 

Poisson's ratio is generally set to 0.5 (incompressible materials like rubber). These 

parameters with the properties and geometry of the indenter are used in the Hertzian 

model to calculate the Young's modulus of a sample. 

 
 
3.10.1 Atomic force indentation spectroscopy of hydrogels  
We used atomic force indentation spectroscopy with a Bioscope II head (Veeco) 

mounted onto an Olympus IX73 microscope to determine and validate the elastic 

modulus of the hydrogels. For these micromechanical measurements, colloidal 

probes, AFM cantilevers with round tips (CP-PNPL-SiO-B-5, sQube), with a sphere 

diameter of 3.5 µm and nominal spring constants of 0.08  Nm−1 were used. For all 

indentation experiments, forces of up to 3 nN were applied, and the velocities of the 

cantilever approach and retraction were kept constant at 2 µm/s, ensuring the detection 

of elastic properties alone. All measurements were performed at RT. Analyses were 

performed with AtomicJ v.1.7.2 [350]: Young's modulus of the samples was calculated 

using the Hertzian model corrected by the tip geometry, and a Poisson's ratio of 0.5 
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was assumed. Before the fitting, the offset was removed from the baseline of all force 

curves, the contact point was identified, and cantilever bending was subtracted. 
 

 

3.10.2 Atomic force indentation spectroscopy of hair follicle basement 

membranes 
AFM measurements of hair follicle basement membranes were performed by 

Yekaterina A. Miroshnikova (University of Helsinki, Finland) using a JPK NanoWizard 

2 (Bruker Nano) atomic force microscope mounted on an Olympus IX73 inverted 

fluorescent microscope (Olympus) and operated via JPK SPM Control Software v.5. 

Freshly cut 16 µm cryosections were equilibrated in PBS supplemented with protease 

inhibitors, and measurements were performed within 20 min of thawing the samples. 

Triangular non-conductive Silicon Nitride cantilevers (MLCT, Bruker Daltonics) with a 

nominal spring constant of 0.01 Nm−1 were used for the nanoindentation experiments 

of the apical surface of cells and the nucleus. For all indentation experiments, forces 

of up to 3 nN were applied, and the velocities of the cantilever approach and retraction 

were kept constant at 2  μm s−1, ensuring an indentation depth of 500 nm. Analyses 

were performed with JPK Data Processing Software (Bruker Nano). Before fitting the 

Hertz model corrected by the tip geometry to obtain Young's Modulus (Poisson's ratio 

of 0.5), the offset was removed from the baseline, contact point was identified, and 

cantilever bending was subtracted from all force curves. 

 

 

3.11 RNA isolation 
The RNeasy Plus Mini Kit or Micro Kit (Qiagen), depending on the amount of material, 

was used for RNA isolation following the manufacturer's instructions. In brief, cells or 

tissue extracts were lysed in RNA lysis buffer and homogenized on ice by passing 

them through a 20 G needle five times. Genomic DNA was removed by passing the 

RNA lysate through a gDNA eliminator column (Qiagen). Ethanol was added to 

precipitate the RNA that is subsequently trapped in a spin column. After washing, the 

RNA is finally eluted in distilled water. RNA was either used directly for downstream 

applications or stored at -80 °C. 
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3.12 RNA sequencing and analysis 

3.12.1 RNA-seq library construction 
HFSCs were purified from the freshly isolated epidermis using flow cytometry and RNA 

isolated as described above. After the quantification and quality control using Agilent 

2200 TapeStation, total RNA amounts were adjusted, and libraries were prepared 

using the Ovation RNA-Seq System V2 (NuGen) followed by subsequent library 

preparation using the Nextera XT library preparation kit (Illumina). Paired-end RNA 

sequencing was carried out on Illumina HiSeq3000 machines by using the 2x150-bp 

protocol and three biological replicates per condition. 

 
 
3.12.2 Bioinformatic analysis 
After quality control with FastQC v.0.11.2 [351], adapter sequences were removed with 

Flexbar [352]. After preprocessing, reads were mapped to the mouse reference 

genome build GRCm38.p5 using STAR version 2.5.2b [353]. Gene expression was 

subsequently estimated using featureCounts version v1.6.2 [354]. FeatureCounts 

results were aggregated over all samples, and differential gene expression was 

calculated using the R package DEseq2 version 1.22.2 [355]. Genes with an adjusted 

p-value ≤0.05 were considered significant. Gene set enrichment analysis was 

performed on a pre-ranked gene list (ranked according to log2 fold change) and 

compared to the Broad Institute Molecular Signatures Database collection of chemical 

and genetic perturbations (C2 CGP, a total of 3395 gene sets) using the web-based 

tool available from the Broad Institute [356]. Enrichments with an FDR value <0.25 

were considered significant. Further gene ontology term analyses were performed 

using Homer v4.10 [357] as well as Metascape [358]. DeepTools version 3.3.1[359] 

was used to calculate the correlation between samples, normalize reads to 1x depth 

of coverage, and generate heatmaps. Sequencing tracks were visualized with 

Integrative Genomics Viewer version 2.4.14 [360]. 
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3.13 ATAC sequencing and analysis 
ATAC-seq is a technique used to assess genome-wide chromatin accessibility and 

requires only a low number of cells. Next-generation sequencing (NGS) adapters are 

coupled to the hyperactive transposase Tn5, which allows simultaneous fragmentation 

of chromatin and integration of those adapters into open chromatin regions. 

Sequenced libraries can then be analyzed for areas of the genome with open or 

accessible chromatin. 

 

 

3.13.1 ATAC-library construction 
ATAC-seq libraries were prepared as previously described [361]. Briefly, nuclei of 50K 

freshly FACS-sorted single HFSCs were prepared by lysing cells with cold lysis buffer 

for 15 min on ice. Nuclei were then collected by spinning at 6000 g for 10 min at 4°C, 

resuspended in Tagment DNA Buffer and Tagment DNA Enzyme (TruSight One Kit), 

and incubated for 30 min at 37°C. Samples were purified with MinElute PCR 

purification kit (QIAGEN) and PCR-amplified with 10-12 cycles. Concentration and 

quality of Libraries were confirmed with D1000 Tape Station (Agilent) before 

sequencing. Libraries were paired-end sequenced with the 2x75bp protocol on Illumina 

HiSeq4000 according to manufacturer's instruction. 

 
ATAC-Lysis buffer 
Tris-HCl, pH 7.4  10 mM 

NaCl    10 mM 

MgCl2    3 mM 

IGEPAL CA-630  0,1% 
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3.13.2 Bioinformatic analysis 
Nextera adapters were trimmed using Flexbar version 2.5. [352] and reads aligned 

against the GRCm38.81 mouse genome using BWA MEM version 0.7.12 [362] using 

standard parameters. Differential peaks were called and analyzed using THOR version 

0.1 [363]. DeepTools version 3.3.1 [359] was used to calculate the correlation between 

samples, normalize reads to 1x depth of coverage, and generate heatmaps. 

Sequencing tracks were visualized with Integrative Genomics Viewer version 2.4.14 

[360]. Annotation of peaks and genome ontology was done with Homer v4.10 [357]. 

Gene ontology term analyses were performed using Homer as well as Metascape 

[358]. Genomic annotations were visualized using ChIPseeker version 1.2.6 [364]. 

ChIP datasets on H3K4me3 and H3K27me3 in HFSCs were downloaded from 

GSE31239 to compare differential ATAC seq peaks with chromatin features. These 

data sets were mapped as described above. Heatmaps of the H3K27me3 and 

H3K4me3 signal over the differential peak regions were then generated with Deeptools 

and split into 5 clusters using the k-means algorithm. Clusters were annotated and 

analyzed with Homer and Metascape.  

 
 
3.14 qPCR 
Quantitative real-time polymerase chain reaction (q-PCR) is a PCR-based method that 

detects and visualizes the amplified DNA product using fluorescent dyes in real-time. 

This method is used to measure gene expression at the RNA level quantitatively.  

 

After RNA isolation, quantification, and quality control (as described above), RNA was 

subjected to reverse transcription using SuperScript VILO Master Mix (Thermo) 

following the manufacturer's protocol. PCR was performed with CFX384 Touch Real-

Time PCR Detection System (Bio-Rad) using the PowerUp SYBR Green Mastermix 

(Thermo). 

Gene expression changes were quantified using normalization to Actb, followed by the 

comparative Ct (cycle threshold) method with primer efficiency correction:  

 

Efficiency (E) was calculated from the slopes of a cDNA dilution (1:5, 1:10, 1:20) 

calibration curve according to the equation: E= 10(-1/slope) 
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The calculation of the ratio was made according to the equation: 

Ratio = ((Etarget)ΔCttarget(control-sample)) / ((Ereference)ΔCtreference(control-

sample)) 

ΔCt = crossing point difference of cyclic threshold 

 
All primers were designed to span exons. The following primer sequences were used: 
 

Gene Forward Sequence Reverse Sequence 
Actb TCAAGATCATTGCTCCTCCTG TACTTCTGCTTGCTGATCCAC 

Bmp4 CAGGGCTTCCACCGTATAAA CAGGGCTCACATCGAAAGTT 

Ccnd2 GCAGACCTTCATCGCTCTGT CAGGCTTTGAGACAATCCACAT 

Ccne1 AAGGGAGAGAGACTCGACGG TGGGTCTTGCAAAAACACGG 

Cdc34 ACCCAAACATCTATGAGACAGGG ACTCTGTGGGTCGTCAACTG 

Cdkl1 CTTCACGAGCTGGATCGGTA TGGTCCAGTGAGAAGCCGTG 

Hmga2 CCCTCTAAAGCAGCCCAGAA GTTGTGGCCATTTCCTAGGTC 

Lef1 GTCCGAAATCATCCCAGCCA TGCTTTCCTTCATCAGGGTGT 

Rspo3 GACAGTTGCCCAGAAGGGTT TGGCCTCACAGTGTACAATACT 

Wnt2b TAGACACGTCCTGGTGGTACA TAGCATAGACGAACGCTGCC 

Wnt7a TTTCAGTTCCGAAATGGCCG ATCGCATAGGTGAAGGCAGC 

 
 
cDNA synthesis reaction (SuperScript VILO Master Mix (Thermo)) 
RT Mastermix 4 μl 

RNA   0.1 μg 

adjusted to 20 μl with RNase-free water 

 
cDNA synthesis program 
25 °C 10 min 

37 °C 2 h 

85 °C 5 min 

hold at 4 °C, cDNA was stored at -20 °C 
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qPCR reaction 
(Measurements were always performed in quadruplicates) 

2X SYBR Green PowerUp (Thermo) 5 μl 

primers (10 μM)    0.5 μl 

cDNA (diluted 1:5)    0.5 μl 

Nuclease-free water    4 μl 

 
 
3.15 Nascent RNA analysis 
Nascent RNA was captured with the Click-iT® Nascent RNA Capture Kit 

(ThermoFisher C10365) to study changes in the transcriptome and newly synthesized 

mRNA. This kit facilitates the partitioning of the freshly synthesized transcripts from the 

already existing RNA. The captured transcripts can then be used as a template for 

cDNA synthesis and subsequent analysis using qPCR. The first step is the incubation 

of cells with an analog of uridine, 5-ethynyl uridine (EU, an alkyne-modified 

nucleoside), which is efficiently and naturally incorporated into the nascent RNA. After 

the incubation, total RNA is isolated and used in a copper-catalyzed click reaction with 

azide-modified biotin, which allows capturing nascent RNA transcripts on streptavidin 

magnetic beads. 

 

3 h before sample collection 2 mM EU (Jena Bioscience CLK-N002) was added to the 

medium. Total RNA was then isolated using the RNeasy Plus Mini Kit (Qiagen), as 

described above. The Click-iT® Nascent RNA Capture Kit was subsequently used to 

isolate nascent RNA, following the manufacturer's instructions: 1 μg of EU-labeled 

RNA was biotinylated with 0.5 mM biotin azide in Click-iT reaction buffer for 30 min. 

The samples were subjected to ethanol precipitation and resuspended in distilled 

water. RNA binding reaction mix including the biotinylated RNAs was heated at 68°C 

for 5 min and then mixed with Dynabeads MyOne Streptavidin T1 magnetic beads, 

followed by incubation at room temperature for 30 min while gently vortexing. The 

beads were immobilized using the DynaMag-2 magnet and washed with Click-iT wash 

buffer 1 and 2. The washed beads were resuspended in 1x SuperScript VILO Master 

Mix (Thermo) and used for cDNA synthesis. qPCR was performed as described above. 

All primers were designed to span Intron-Exon junctions. Following primers were used: 
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Gene Forward Sequence Reverse Sequence 
Actb CAGTGAGGTACTAGCCACGAG TTTGCAGCTCCTTCGTTGCC 

Hmga2 AATCCTCCTCTGCGGACTCT CAGGCGACTCCTGGTTACAG 

Krt14 GGGACAATACAGGGGCTCTTC GGCAGAGGAGACAGCCTATTT 

Lef1 CCCGGCAATCCATTTTTAGCC TACCACCTCGAGAGGGAACA 

Rspo3 TGTTTTCCTGCTGGTCTGGG ACCAAGGAGGATATAATTGAATGGG 

Tubb5 TCTGACGGGTGGAGAATGC GAGGGAAATCGTGCACATCC 

Wnt2b ACCCGAGTTGTGTCATACCC AGGGTACCCAGAGTGGCATA 

Wnt7a TGGTCCAGCACGTCTTAGTG AAAGCCGTAGCTGGCTAACA 

 
 
3.16 Chromatin immunoprecipitation 
Chromatin Immunoprecipitation (ChIP) coupled with quantitative PCR can be used to 

detect protein-DNA interaction at known genomic sites. We used ChIP-qPCR to study 

epigenetic changes: 

Cells were crosslinked with 0.25% methanol free formaldehyde (ThermoFisher 28906) 

in Fixation Buffer. Fixation was terminated by adding 0.125 M glycine in PBS for 5 min 

at RT. Cells were subsequently washed twice with PBS, after which cells were pelleted 

by centrifugation at 5000 rpm for 10 min at 4°C. Cell pellets were lysed in lysis buffer 

after which nuclei were passed through 10 strokes of Dounce homogenization to aid 

nuclear release. Lysates were sonicated using a Covaris M220 ultrasonicator (4-9 °C 

temperature range; 15% duty factor 75% peak power) for 10 min to fragment DNA. 

After sonication, samples were subjected to centrifugation at 21000xg for 5 min at 4 

°C, and the supernatant was collected as the chromatin fraction. DNA concentration 

was measured using the Qubit DS High-sensitivity kit (Invitrogen), and sample 

concentrations were adjusted to be equal. 10% of chromatin was collected as input, 

and 2 µl was analyzed using Agilent 2200 TapeStation to ensure optimal shearing 

(200-800 bp fragments), and the rest was subjected to immunoprecipitation. For this, 

380 µl of ChIP dilution buffer and 3 µg of antibody (H3K27me3 Cell Signaling #9733, 

or IgG control Cell Signaling #5415) were added and samples were incubated in an 

end-over mixer for 16 h at 4 °C. 30 µl protein G Dynabeads were subsequently added 
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to each sample, which were then further rotated in an end-over mixer for 4 h at 4 °C. 

Beads were collected using a magnet and washed once with ChIP dilution buffer, 

followed by washes in wash buffer 1, wash buffer 2, and finally with 20 mM Tris pH 

8,0, 1 mM EDTA. Samples were subsequently eluted in 50 mM Tris pH 8.0, 0,1 mM 

EDTA, 1% SDS at 65 °C for 30 min. 8 µl 1M NaCl and 5 µl of 20mg/mL Proteinase K 

were added to the samples to reverse crosslinks, which were then incubated first 3h 

at 42 °C, and then 65 °C for 16 h. Subsequently, 10mg/ml RNAse A was added for 2 

h 37 °C. DNA was purified by phenol:chloroform extraction, followed by ethanol 

precipitation, after which DNA content was quantified using Qubit.  

 

ChIP DNA was analyzed by qPCR as described above and ChIP DNA was normalized 

to input DNA to get the enrichment as percentage of input. % input was calculated 

according to the equation: 

% input = 2 ΔCt x 100 

ΔCt = Ct ChIP DNA - (Ct input - DF) 

DF (dilution factor) = log 2 (10%) 

 

Samples were analyzed by qPCR using the following primers: 
Gene Forward Sequence Reverse Sequence 
Actb CCGTAAAGACCTCTATGCCAACAC GCTAGGAGCCAGAGCAGTAATCTC 

B2M AGGAGACTGGTGACGACCTC GGCGCGCGCTCTTATATAGT 

Bmp4 GTCTCTTTACAGCGCCGACA ATGGAACGCTGTCGTGAGG 

Bmp7 GACCCGAGGTCACTTGCTG GAGTAAAGGACAGGGGCGTC 

Gapdh TGAAATGTGCACGCACCAAG GGAACCATCACCCGGTCAC 

Hmga2 TACTGGGACGCTCGGCA TTCTTTCCCCGCCTAACATTTC 

Lef1 GCGATCCCCAGAAGGAGAAG CTGGCTGGGATGATTTCGGA 

Rps26 ACTTTCAGGTCCCTACCGTC AAGATGGTGAGTGTCGCCG 

Rspo3 GAAAAACCAGAGCAGCGGGA GGCTGTGTTCGGACAATTTGA 

Tubb5 CTGAAAGGATGGACCGGAGC TAGAACCTTCCTGCGGTCGT 

Wnt2b AGAGCAATGCACTCGTTCCA GTGTAGACACGTCCTGGTGG 

Wnt7a TGCCGGATCTACTGTGCTTG GCACGCAATTCCACAGACTC 
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Fixation Buffer 
Hepes-KOH, pH 7.5  50 mM 

NaCl    100 mM 

EDTA, pH 8.0  1 mM 

EGTA, pH 8.0  0.5 mM 

Tris-HCl pH 8  25 mM 

 
Lysis buffer  
Tris-HCl pH 8  25 mM 

EDTA    2 mM 

SDS    0.5% 

Protease inhibitor 

 
ChIP dilution buffer 
Tris-HCl pH 8.1  20 mM 

EDTA    2 mM 

NaCl    150 mM 

TritonX-100   1% 

 
Wash buffer 1 
Hepes pH 7.9  50 mM 

NaCl    500 mM 

EDTA    1mM 

Triton X-100   1% 

Na-deoxycholate  0.1% 

SDS    0.1% 

 
Wash buffer 2 
Tris pH 8.0   20 mM 

EDTA    1 mM 

LiCl    250 mM 

NP-40    0.5% 

Na-deoxycholate  0.5% 
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3.17 Mass spectrometry 
Mass spectrometry is a sensitive technique used to detect, identify and quantitate 

molecules based on their mass-to-charge ratio. This can give qualitative and 

quantitative information on the elemental, isotopic, and molecular composition of 

samples. In Proteomics, mass spectrometry is used to identify and quantify a protein 

from the mass of its peptide fragments.  

 

 

3.17.1 Protein and peptide sample preparation 
Back skin of mice (200 mg wet weight) were snap frozen in liquid nitrogen and crushed 

using a mortar and pestle. Samples were resuspended in GdmCl reduction and 

alkylation buffer (6M GdmCl, 20mM TCEP, 80mM CAA, 100mM Tris pH 8.5), boiled 

for 10 min to denature proteins and subsequently mixed (six times for 30 s, cooled on 

ice in-between) using a FastPrep-24 instrument (MP Biomedicals). Lysates were then 

sonicated using a Bioruptor sonicator (Diagenode) (15 cycles of 30 s) and diluted with 

25mM Tris, pH 8.5. 200 µg of protein was subsequently digested overnight with Lys-C 

(Promega Corp., VA1170) and Trypsin-Gold (Promega Corp., V5280) in a 1:50 ratio at 

37 °C. On the following day, samples were sonicated again and further digested for 3 h 

with Lys-C and trypsin (1:100 ratio). Following digestion samples were acidified to 

block trypsin activity and peptides were cleaned with custom-packed C18-SD STAGE 

tips [365].  

 
 
3.17.2 TMT labeling, mass spectrometry and analysis 
The following steps were performed by Xinping Li and Ilian Atanassov from the MPI-

AGE Mass Spectrometry facility, Cologne:  

Four micrograms of desalted peptides were labeled with tandem mass tags 

(TMT10plex, Thermo Fisher cat. No 90110) using a 1:20 ratio of peptides to TMT 

reagent. TMT labeling was carried out according to manufacturer's instruction with the 

following changes: dried peptides were reconstituted in 9µL 0.1M TEAB to which 7µL 

TMT reagent in acetonitrile (ACN) was added to a final ACN concentration of 43.75%, 

after 60 min of incubation at room temperature the reaction was quenched with 2µL 

5% hydroxylamine. Labeled peptides were pooled, dried, resuspended in 0.1% formic 
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acid (FA), split into two samples, and desalted using home-made C18 STAGE tips 

[365]. One of the two samples was fractionated on a 150mm, 300μm, 2μm C18, 

AcclaimPepMap (Product No. 164537, Thermo Fisher) column using a Ultimate3000 

(Thermo Fisher). The column was maintained at 30°C. Buffer A was 5% acetonitrile 

0.01M ammonium bicarbonate, buffer B was 80% acetonitrile 0.01M ammonium 

bicarbonate. Separation was performed using a segmented gradient from 1% to 50% 

buffer B, for 90min and 50% to 95% for 20 min with a flow of 4μL/min. Fractions were 

collected every 150 sec and combined into nine fractions by pooling every ninth 

fraction. Pooled fractions were dried in Concentrator plus (Eppendorf), resuspended in 

2μL 0.1% FA for mass spectrometric analysis. Peptides were separated on a 50cm, 

75µm Acclaim PepMap column (Product No. 164942 ThermoFisher) using a 120min 

linear, 6% to 31% buffer B; buffer A was 0.1% FA, buffer B was 0.1% FA, 80% ACN. 

The column was maintained at 50°C. Eluting peptides were analyzed on an Orbitrap 

Lumos Tribrid mass spectrometer (Thermo Fisher). Synchronous precursor selection 

based MS3 was used for TMT reporter ion signal measurements. Proteomics data was 

analysed using MaxQuant version 1.5.2.8 [366]. Differential expression analysis was 

performed using limma [367] in R. 

 

 
3.18 Skin decellularization 
Decellularization is the process to isolate the extracellular matrix (ECM) of a tissue 

from its inhabiting cells, leaving an intact ECM scaffold of the original tissue. Skin 

scaffolds were generated to study the effect of changes within the ECM on cells: 

Back skin of mice was shaved and remaining hair was removed by depilation cream. 

2 cm x 2 cm pieces were dissected and incubated in 0.02% Trypsin 0.5 mM EDTA for 

2 h at 37°C to remove cells. Biopsies were then washed three times in DMEM, 10% 

fetal calf serum (FCS) to neutralize trypsin and subsequently incubated in 3% Triton-

X for 3h and then in 4% Sodium deoxycholate for 3h on a shaker. After three washes 

in DMEM, 10% FCS biopsies were transferred to 24 well Cell Culture Inserts (Merck 

PIHP01250). 1x106 HFSCs were added into the inserts, spun down briefly with 

centrifugation and cultured for 2d in 3C medium. Biopsies were subsequently switched 

to high Calcium (1 mM) 3C medium and cultured for another 2d prior to fixation in 4% 

PFA and immunofluorescence. 
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3.19 Statistics and reproducibility 
Statistical analyses were performed using GraphPad Prism software (GraphPad, 

version 8). Statistical significance was determined by the specific tests indicated in the 

corresponding figure legends. In all cases where a test for normally distributed data 

was used, normal distribution was confirmed with the Kolmogorov–Smirnov test (α = 

0.05). All experiments presented in the manuscript were repeated at least in 3 

independent experiments/biological replicates. 

 
 
3.20 Data availability 
All analysis scripts and data that support the conclusions are available on request. 

Sequencing data has been deposited at GEO (GSE148619). The proteomics data 

have been deposited to the ProteomeXchange Consortium via the PRIDE partner 

repository [368] with the dataset identifier PXD018352. 
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4 Results 
All multicellular organisms undergo a decline in tissue and organ function as they age. 

Loss over time in SC number, activity, or both have been proposed to be responsible 

for this decline [5]. Consistent with the SC aging hypothesis, SC aging phenotypes 

have been described for multiple tissues, including the hematopoietic system, 

intestine, muscle, brain, skin, and germline [369]. However, how aging impacts adult 

SCs function, and thus tissue maintenance is not clear. 

 

 

4.1 Ageing induces HFSC exhaustion 
In the skin, aging is associated with reduced potency of HFSCs, already at stages 

where HFSCs are still present at numbers comparable to young mice [327-329]. Later 

during aging, severe hair loss has been reported, which is associated with hair follicle 

destruction and reduced HFSC numbers [330]. We were interested in identifying 

primary causes of loss of HFSC potency, and thus sought to study the stage in which 

the decline of HFSC numbers was initiated as a sign of HFSC exhaustion and the 

onset of aging. A previous PhD student from our lab, Sushmita Ghatak, found a robust 

and reproducible reduction of HFSCs in 24 months old mice in independent 

young/aged mouse cohorts from 3 mouse facilities, irrespective of HF density or HF 

activation state [370]. Consistent with these previous results, we found that the hair 

coat of 6 months and 24 months old mice appeared normal (Fig. 7 A) as well as the 

hair follicle morphology, assessed by immunofluorescence staining for the HFSC 

marker CD34 (Fig. 7 B, C). FACS analysis using the markers integrin a6 and CD34 

confirmed a reduction of stem cells (Fig. 7 D).  

These results prompted us to investigate the cause of stem cell reduction further. For 

this, we utilized next-generation sequencing techniques, to further characterize 

differences between young and aged HFSCs. With RNA-sequencing, we analyzed the 

transcriptome, and with ATAC-sequencing, we assessed age-dependent alterations in 

genome-wide chromatin accessibility. Finally, we overlaid these data sets with 

published ChIP-sequencing data [162] to identify the epigenetic context in which these 

differences occur (Fig. 8). 
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Fig. 7. Aging is associated with loss of HFSCs 
A. Representative images of young (6 month) and aged (24 month) mice show no visible 

differences in haircoats. B. Representative CD34 (magenta) and nuclear (dapi; cyan) 

immunofluorescence images of hair follicle density from young (6 months) and old (24 months) 
mice shows no difference. Scale bar 100 µm. C. Immunofluorescence images of HF from 

young adult and aged mice. Note comparable hair follicle morphology and presence of CD34-

positive HFSCs within the bulge niche. Scale bar 30 µm. D. Representative FACS plots and 

quantification of CD34 and a6 integrin-stained young and aged epidermal cells. Quantification 

of cells (%) in each quadrant (Q) is shown. Note reduced numbers of CD34+/a6 integrin+ cells 
in aged skin (n=16 mice/group; *p=0.0327, student’s t-test). 
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Fig. 8. Next generation sequencing analysis of young and aged HFSCs 
Schematic representation of approaches and workflow. We used next-generation sequencing 
techniques to characterize young and aged HFSCs. RNA-sequencing was used to analyze the 

transcriptome, and ATAC-sequencing to assess age-dependent alterations in genome-wide 
chromatin accessibility. We then overlaid these data sets with published ChIP-sequencing 

data. Adapted from [371]. 

 
 
4.2 Minor differences in the transcriptomes of young and aged HFSCs 
We used high-throughput RNA sequencing to transcriptionally profile young (yHFSCs) 

and aged HFSCs (aHFSCs) and explore the molecular mechanisms underlying age-

dependent HFSC reduction. However, we found only 112 genes up-regulated and 227 

genes down-regulated in aHFSCs (n=3 mice/group; padj<0.05; Fi9. 3 A). Pathway 

analysis of the genes up-regulated in aHFSCs revealed genes that play a role in the 

differentiation of various cell types, like osteoblasts (Rorb, Ahr, Mef2c) and neural crest 

cells (Gata6, Espn, Slc1a3, Mef2c), response to wounding (Anxa6, Smoc2, Gata6, 

Itgb3), Actin cytoskeleton organization (Fhod3, Espn, Baiap2, Washc2c) and 

extracellular structure organization (Smoc2, Tnxb, Aebp1, Itgb3) (Fig. 9 B). Further 

analysis of transcription factor motifs at the promoter regions of these genes showed 

an enrichment of the NF1 – family motif (Fig. 9 C). Interestingly, recent research 

suggests that the NF1 family safeguards the HFSC epigenome [372]. GO-term 

analysis of down-regulated genes in aHFSCs discovered genes that play a role, 

amongst others, in ribonucleoprotein complex biogenesis (Rps7, Rps8, Rpl5, Rpl7), 

oxidative phosphorylation (Mdh1, Pnp, Hprt1, Paics), signaling by hedgehog (Hhip, 

Prkar2b, Ptch1, Epha4) and cell cycle (Bod1, Map9, Bup3, Znf207) (Fig. 9 D). Analysis 

of TF motif binding sites displayed enrichment for Elk4, Elf1, Sp5, Egr1, and Gabpa 

(Fig. 9 E). Interestingly Sp5 is a direct target of beta-catenin and was shown to repress 
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epidermal differentiation gene expression during hair follicle development [373] and to 

diminish the expression of genes previously activated by the WNT pathway [374]. Egr1 

is a downstream target of ERK signaling and involved, among other things, in cell 

growth and proliferation [375, 376]. It has also been shown to respond downstream of 

mechanical cues [377]. As a next step, we overlaid the differential expressed genes 

with genes, previously identified as HFSC signature [162]. We found that 29 of those 

signature genes overlapped with down-regulated genes, while 12 genes are up-

regulated in aHFSCs (Fig. 9 F). These results imply that the identity of old HFSCs 

becomes less well defined, translation and cell cycling are reduced while processes 

such as extracellular structure organization and cytoskeleton organization are 

increased. 
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Fig. 9. Minor changes in the aging transcriptome of HFSCs 
A. Volcano plot of significantly altered transcripts in young and aged HFSCs. Genes involved 

in differentiation such as Mef2c and Gata6 are upregulated in aHFSCs, whereas cell cycle and 

SHH associated genes are downregulated (n=3 mice/group; padj<0.05). B. Gene ontology 
term analyses of up-regulated genes with age implicate differentiation processes, response to 

wounding, actin cytoskeleton organization and extracellular structure organization. C. Motif 
scanning of up-regulated promoters indicate a possible role of the NF-1 transcription factor 

family. D. Gene ontology term analyses of down-regulated transcripts in aHFSCs implicate 
ribonucleoprotein complex biogenesis, oxidative phosphorylation, signaling by hedgehog and 

cell cycle. E. Analysis of TF motif binding sites showed enrichment for Elk4, Elf1, Sp5, Egr1, 
and Gabpa. F. Overlap of differential expressed genes with HFSC signature genes [162] 

revealed 29 HFSC signature genes are down-regulated, while 12 are up-regulated in aHFSCs. 
 

 

4.3 ATAC-seq reveals reduced chromatin accessibility in aHFSCs 
Since the rather small changes in the transcriptome of aHFSCs seemed not to fully 

explain the stem cell exhaustion, we proceeded to analyze the state of chromatin more 

globally. We used genome-wide transposase-accessible chromatin sequencing 

(ATAC-seq) [361] to determine the genome-wide chromatin accessibility landscape in 

FACS-purified young and aged HFSCs. ATAC-seq incorporates a genetically 

engineered hyperactive Tn5 transposase that simultaneously cuts open chromatin and 

ligates high-throughput sequencing adapters to these regions, which can then be 

sequenced. We assessed differential accessibility between these two groups and 

discovered that young HFSCs showed significantly more accessible genomic regions 

than aged (6745 in young/ 1104 in aged; Fig. 10 A). Although the overall distribution 

of reads was comparable in young and aged HFSCs, the differentially accessible 

regions were enriched for promoters and CpG islands in young (1154 peaks at 

promoters in youg, 90 peaks at promoters in old), and enriched for retroviral elements 

in old (Fig. 10 B, C). This finding suggests that accessibility was specifically lost at 

promoters of coding genes in aged HFSCs and gained in non-coding areas. 

Transposable elements and intergenic regions are typically silenced by H3K9me3 

[378]. Consistently, we observed a reduction in overall constitutive heterochromatin 

marked by H3K9me3 in the aged HFSCs through immunofluorescence staining (Fig. 

10 D), following previous studies indicating loss of heterochromatinization upon aging 
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[379]. Interestingly, we found in our staining facultative heterochromatin, marked by 

H3K27me3, increased in aged HFSCs (Fig. 10 D). This observation might explain the 

reduced accessibility at promoters. 

Gene ontology (GO)-term analyses implicated in particular genes involved in tissue 

development and cell differentiation to be less accessible in aged HFSCs. In contrast, 

genes involved in actin cytoskeleton organization and regulation of cell adhesion are 

more accessible (Fig. 10 E).  
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Fig. 10. Reduced chromatin accessibility in aHFSCs 
A. Heatmap and intensity profiles of differentially accessible ATAC-seq peaks. Note 

widespread reduction in chromatin accessibility in aged HFSCs (n=4 mice/group). B. 

Distribution of all (left panels) and differential (right panel) ATAC seq peaks reveals 
comparable distribution of ATAC seq peaks in general but increased representation of 

promoters in regions more accessible in young HFSCs and increased representation of 
intergenic regions in aged HFSCs. C. Genome ontology analysis of differentially accessible 

ATAC seq peaks shows enrichment for CpG islands and promoter regions in regions more 
accessible in young HFSCs, whereas more accessible peaks in aged HFSCs are enriched in 

transposable elements. D. Representative immunofluorescence images and quantification 
shows reduced H3K9me3 and increased H3K27me3 in aged bulge HFSCs (n= 5 young/4 aged 

mice (H3K9me3) 6 young/5 aged mice (H3K27me3); *p=0.0159, **p=0.0043, Mann-Whitney). 
Dotted line outlines hair follicle and dermal papilla, scale bars 30 µm. E. Gene ontology term 

analyses implicate development and cell differentiation processes to be less accessible, while 

genes involved in actin cytoskeleton organization and regulation of cell adhesion are more 
accessible in aged HFSCs. 

 

 

4.4 Majority of differential intergenic peaks are most likely primed 

enhancers  
Peaks within promoters constitute only a small proportion of all ATAC-seq peaks, while 

the majority are found in distal enhancers [361]. We noticed the same pattern in our 

data and to better understand altered the epigenetic landscape of the enhancer regions 

we overlaid the differential accessible, intergenic areas with chromatin 

immunoprecipitation sequencing data for H3K4me1, H3K27me3 and H3K27ac from 

purified HFSCs [380], as well as RNAseq data that we generated for the purified young 

and aged HFSCs (Fig. 11 A). Interestingly, most regions were marked by H3K4me1. 

H3K4me1 marks active and primed enhancers, which can be distinguished based on 

the presence and absence of H3K27ac, respectively [381]. However, very few regions 

are marked by H3K27ac, indicating that the majority of the differential intergenic areas 

are primed enhancers. Enhancers can be very distant in a linear genome but spatially 

proximal (in 3D) to their target genes. This leads to the difficulty of predicting direct 

target genes of enhancers. As in many other studies, we linked distal peaks to the 

closest gene [382-384]. GO-term analyses using this annotation revealed in particular 
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enhancers involved in cell-cell adhesion, tissue development, cell differentiation, and 

proliferation to be less accessible in aged HFSCs (Fig. 11 B). In contrast, enhancers 

involved in cell adhesion, MAPK cascade, and cell migration were more accessible 

(Fig. 11 C). A motif analysis of the intergenic peaks more accessible in aHFSCs 

discovered a possible role of the NF1 TF-family, Lhx2, Ctcf, and Dlx3 (Fig. 11 E). 

Interestingly, the NF1 family was also an enriched motif for the up-regulated genes, 

based on our RNA-seq data. Ctcf can function as a transcriptional activator, a 

repressor, and is one of the core architectural proteins that help establish chromatin 

organization [385]. Lhx2 is a crucial TF for HFSC maintenance [386]. Dlx3 is an 

essential regulator of hair follicle differentiation and cycling. Dlx3 transcription is 

mediated through Wnt, and it is involved in the regulation of transcription by BMP 

signaling [387]. The motif analysis for intergenic peaks less accessible in aHFSCs 

revealed enrichment for the AP1 TF (Fig. 11 D). AP-1 is a heterodimer composed of 

proteins belonging to the c-Fos, c-Jun, ATF, and JDP families. It is involved in a wide 

range of cellular processes, including cell growth, differentiation, and apoptosis. In the 

skin, it has been shown to regulate differentiation genes and the expression of keratins 

in the HF [388]. Similar to the RNA-seq data, these results indicate a more diffuse stem 

cell identity in old HFSCs. However, comparing differential intergenic peaks with 

differential expressed genes from our RNA-seq showed only a small overlay: 5 genes 

overlapped between up-regulated genes and more accessible distal peaks in aHFSCs 

(e.g. Mef2c, Lmo7, and Ly6e) and 37 genes overlapped between down-regulated 

genes and less accessible distal peaks in aHFSCs (e.g. Sox21, Tnc, Dlc1, Hhip, and 

Ptch1) (Fig. 11 F). The lack of overlap could be due to the difficulty of predicting direct 

target genes of enhancers, and more sophisticated prediction models might change 

this in the near future. It may also be that additional factors, such as HFSC activation 

signals, are require to activate these enhancers to change the expression of their target 

gene, consistent with the notion that these enhancers are primed, but not active. 
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Fig. 11. Majority of differential distal peaks are primed, but not active, enhancers 
A. Heatmap of differentially accessible intergenic combined public data sets for H3K4me1, 

H3K27ac, H3K27me3 as well as the transcripts of these regions quantified by RNAseq from 

young and aged HFSCs. Note most regions where high on H3K4me1, but low on H3K27ac 
and no detectable transcripts are found, indicating a primed state. B. Gene ontology term 
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analysis implicate processes such as cell-cell adhesion, tissue development, cell 

differentiation, and proliferation to be less accessible in distal enhancers. C. Distal enhancers 
involved in actin cytoskeleton organization and regulation of cell adhesion are more accessible 

in aged HFSCs. D. Motif analysis of intergenic peaks less accessible in aHFSCs revealed 
enrichment for the AP1 TF. E. Motif analysis of intergenic peaks more accessible in aHFSCs 

discovered the NF1 TF-family, Lhx2, Ctcf, and Dlx3. E. Comparing differential intergenic peaks 
with differential expressed genes from our RNA-seq showed only a small overlay. 

 
 
4.5 CpG enriched Promoters are less accessible in aHFSCs 
Given the rather small overlap between differentially expressed genes and the distal, 

differentially accessible chromatin regions, we next sought to understand the 

epigenetic landscape of the promoter regions with changed chromatin accessibility in 

aHFSCs in more detail. We overlaid the differentially accessible promoter regions with 

published ChIPseq data for H3K4me3, H3K27ac, and H3K27me3 from purified HFSCs 

[380], as well as our own RNAseq data (Fig. 12 A). H3K4me3 is associated with 

transcriptional start sites of actively transcribed genes [389], H3K27me3 is associated 

with repressive chromatin, and H3K27ac is associated with active promoters and 

enhancers [390]. Interestingly, the more accessible regions showed no signal for 

H3K4me3 and H3K27ac, but some enrichment for H3K27me3 and almost no RNA-seq 

signal. These results indicate that the more accessible promoters are inactive. The 

less accessible promoter regions could be separated into three different groups: broad 

H3K4me3 with broad H3K27ac, broad RNA-signal, and no H3K27me3; sharp 

H3K4me3 with little H3K27ac, little RNA-seq signal and increasing H3K27me3; low 

H3K4me3 with no H3K27ac, almost no RNA-seq signal and strong H3K27me3. 

Together with the findings at the distal intergenic peaks, these results imply that the 

majority of changes in the accessibility occurs at non- or low- active promoters and 

enhancers. GO-term analyses revealed particularly promoters of genes involved in 

tissue development, epithelial cell differentiation, and cell fate commitment to be less 

accessible in aged HFSCs. In contrast, promoters of genes involved in calcium 

signaling become more accessible (Fig. 12 B). Interestingly, while less accessible 

promoters were enriched for CpG islands, more accessible promoters were not (Fig. 

12 C). Similar to the motifs found at the less accessible distal peaks, the less 

accessible promoters showed enrichment for the Ap1 TF-family (Fig. 12 D). Further 
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found motifs were Klf5 and p63, key regulators of stemness. It has been reported that 

Klf5 expression is downregulated in quiescent stem cells of hair follicles [391], while 

overexpression of Klf5 in adult mice leads to hyperkeratosis, follicle occlusion, and 

epidermal erosions [392]. The transcription factor p63 is required for the development 

of the stratified skin epithelium and hair follicles and suppresses hair follicle 

differentiation in mice [393]. The motive of P53 was enriched, together with the motif 

for CTCF, and again NF-1, at the more accessible promoters. When we compared the 

overlap between differential accessible promoters with differential expressed genes, 

the resulting overlay was again minor: Only two genes of the more accessible 

promoters and up-regulated genes matched (Mef2c, Piwil2), while 18 genes matched 

between less accessible promoters and down-regulated genes in aHFSCs (e.g., 

Sox21, Peg3, Fgfr2, Prkar2b) (Fig. 12 E). As stated above, the majority of changes in 

the accessibility occurs at non- or low- active promoters and enhancers, which might 

also explain the small overlap between ATAC-seq and RNA-seq results. Notably, the 

transcripts and ATACseq peaks that match, are also those with the most significant 

fold change in both assays. 
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Fig. 12. Aging leads to decreased accessibility at CpG enriched promoters 
A. Heatmap of differentially accessible promoter regions combined with public data sets for 

H3K4me3, H3K27ac, H3K27me3 as well as the transcripts of these regions quantified by 
RNAseq from young and aged HFSCs. B. Gene ontology term analyses implicate  

promoters of genes involved in tissue development, epithelial cell differentiation, and cell fate 
commitment become less accessible with age while, promoters of genes involved in the 

calcium signaling pathway become more accessible. C. Genome ontology analyses of 
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differentially accessible promoters showed enrichment for CpG islands in less accessible 

regions but not in more accessible regions. D. Motif analysis of less accessible promoters 
showed enrichment for the Ap1 TF-family, Klf5 and p63, while the motives such as P53, CTCF 

and again NF-1 are enriched at the more accessible promoters. E. Comparing differential 
accessible promoters with differential expressed genes from our RNA-seq resulted again in 

only a small overlay. 

 

 

4.6 Age-induced decreased chromatin accessibility specifically at bivalent 

promoters 
Since the heatmap of the differential accessible promoter regions (Fig. 12 A) implied 

that the promoter regions with reduced chromatin accessibility in aged HFSCs could 

be clustered into different categories, we performed K-means clustering of the data 

(Fig. 13 A). Intriguingly, this analysis revealed that one dominant class of genes with 

reduced accessibility in aged HFSCs contained both H3K4me3 and H3K27me3 marks 

at their promoters as a feature of a bivalent domain (Fig. 13 A, cluster C4). These 

genes were not transcribed in either young or aged HFSCs, excluding transcriptional 

heterogeneity as a cause for both active and silencing marks (Fig. 13 A). SCs must 

safeguard their undifferentiated state while ensuring stringent governance of 

differentiation trajectories. Mammalian SCs, in particular embryonic SCs, display a 

unique epigenetic and transcriptional state termed bivalent or poised state 

characterized by the simultaneous promoter occupancy of histone methylation marks 

indicative of active and silenced states, H3K4me3 and H3K27me3, respectively [154]. 

The function of these bivalent domains is to maintain the genomic loci in a state that is 

both rapidly responsive to developmental cues and, at the same time, refractory to 

subthreshold noise [154, 157].  

GO-term enrichment analyses revealed that this cluster of differentially accessible, 

poised genes were enriched for developmental and cell type-specification genes (Fig. 

13 B), as expected based on studies of poised genes in other SCs [157]. A vast 

majority of the genes had CpG-island containing promoters (116 out of 131). They 

included essential HFSC differentiation genes such as Lef1, multiple Bmps, Wnt, and 

Tcf genes, as well as genes involved in SC self-renewal [105] (Fig. 13 C), which are 

under the control of polycomb and H3K27me3 in HFSCs [380]. Examination of the 
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epigenetic features of these genes confirmed reduced accessibility in aged HFSCs, 

presence of both H3K4me3 and H3K27me3, as well as the absence of transcription 

(Fig. 13 D). Collectively these data indicate aging-induced decreased chromatin 

accessibility specifically at key HFSC differentiation and self-renewal gene promoters, 

which are in a poised state. 

 

 
 

Fig.13. Bivalent genes are less accessible in aHFSCs 
A. K-means clustering of peaks with decreased accessibility in aged HFSCs based on the 

status of H3K4me3 and H3K27me3 at these genomic regions in HFSCs as well as the 

transcripts of these genes quantified by RNAseq from young and aged HFSCs. Note cluster 
C4 where both high H3K4me3 at promoters and high H3K27me3 at gene bodies, but no 

detectable transcripts are found, indicating a bivalent state. B. Gene ontology term analyses 
of genes found in cluster 4 implicate developmental processes, cell fate and differentiation. C. 
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Representative genes from cluster 4 with functions in stem cell fate, differentiation and self-

renewal include key genes required for HFSC activation and differentiation. D. Representative 
genome browser views of genes from cluster 4 show reduced promoter accessibility in aged 

HFSCs in ATAC seq, presence of both H3K4me3 and H3K27me3 at promoters and no 
significant transcription by RNAseq. Peak intensity range is indicated in brackets. 

 

 

4.7 Aging leads to compromised activation of poised genes and loss of 

SC potential 
To understand the functional significance of reduced accessibility at poised promoters, 

we considered that loss of bivalent promoters at self-renewal and differentiation genes 

would compromise HFSC self-renewal as well as render aged HFSCs refractory to 

activation signals. To test this, we induced hair follicle anagen entry and thus HFSC 

activation in vivo by depilation [394] (Fig. 14 A) and observed that young HFSCs were 

efficiently activated and entered the cell cycle upon depilation, whereas aged HFSCs 

failed to respond (Fig. 14 B). Importantly, and consistent with cell-cycle entry, poised 

genes were activated by depilation in young HFSCs/progenitors but remained mostly 

silenced in aged cells (Fig. 14 C). Interestingly, previous work from our lab showed 

that a majority (~70%) of young HFSCs had incorporated BrdU, that was administered 

in the drinking water continuously for eight weeks, whereas this was reduced to less 

than half in aged HFSCs, pointing to reduction in the cycling of aHFSCs [370]. This 

compromised HFSC potency was also confirmed using a colony-forming assay in 

which aged HSFCs formed substantially fewer colonies than young HFSCs [370]. 

Interestingly, when we knocked-down genes from the bivalent cluster, Wnt7a, Cdc34, 

Lef1, Hmga2, and used a colony-forming assay to investigate HFSC potency, we found 

fewer colonies as well (Fig. 14D). This result confirms an important role of these genes 

in the maintenance of HFSCs. 
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Fig. 14. Compromised activation of poised genes and SCs in aged mice 
A. Schematic illustration of depilation experiment to induce HFSC activation. B. 
Representative immunofluorescence image and quantification of EdU-positive cells (white 

arrows) within the hair follicles shows efficient cell cycle entry of young HFSCs in contrast to 
aged (n=4 mice (young)/6 mice (aged); **p=0.0095, Mann-Whitney). Scale bars 75 µm. C. 

Quantitative RT-PCR of selected genes with poised promoter state and reduced accessibility 
in aged HFSCs upon depilation. Note reduced expression in aged HFSCs/progenitors (mean 

±SEM; n=6 mice/group; *p= 0.0502, **p=0.022, Mann-Whitney). D. Representative images 

and quantification of total colony number from siRNA transfected HFSCs plated in clonal 
density on feeders. Note significantly reduced colony-forming ability in si-Wnt7a and si-Cdc34 

transfected HFSCs, si-Lef1 and si-Hmga2 transfected cells show a similar trend (n=3 
mice/group; *p=0.0205, **p=0.0023,,  Student’s t-test). 
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4.8 Synthetic niche restores stem cell potential of aHFSCs 
Surprisingly, previous research from our lab revealed that aged HFSCs, transplanted 

into young nude mice, were as potent in regenerating hair as their young counterparts 

[370]. This finding suggested a role for the niche in the decline of SC potency in old 

mice. To challenge this hypothesis, we cultured young and aged HFSCs using an ex 

vivo HFSC organoid culture system, where critical niche components such as EGF, 

FGF-2, and various laminins and heparan sulfate proteoglycans (Matrigel) are 

provided and which allows for long-term maintenance of HFSCs [343]. Also, in this 

system, aged HFSCs were capable of expanding and maintaining their state 

comparable to young HFSCs (Fig. 15 A). Old stem cells also grew similar to young 

HFSCs in response to blocking differentiation through inhibition of Shh using 

cyclopamine, indicating comparable self-renewal and maintenance capacity (Fig. 15 

A). Poised gene transcription was activated equivalently both in young and aged 

HFSCs (Fig. 15 B). Collectively, these experiments showed that aged HFSCs show 

compromised self-renewal, activation potency, and attenuated activation of poised 

genes. Importantly, these compromised functional SC properties are restored upon 

providing a young niche or a youthful synthetic niche. 

 

 
 

Fig. 15. Aged SC potential is restored when cultured in synthetic niche 
A. Quantification of CD34+/a6 integrin+ cells from HFSC organoid cultures generated from 

young and aged epidermis with and without cyclopamine treatment. Note comparable levels 

of CD34+/a6 integrin+ in cultures from young and aged cells (n=4 donor mice/group). All bar 

graphs show mean ±SD. B. Quantitative RT-PCR of selected genes with poised promoter state 
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and reduced accessibility in vivo from young and aged HFSCs in 3C organoid cultures. No 

significant differences in expression are observed (mean ±SEM; n=4 mice/group). 

 

 

4.9 Mass spectrometry analysis of aged skin reveals changes in ECM 

composition 
To understand which changes in the old niche could contribute to HFSC aging, we next 

determined the whole skin proteome of young and aged mice (Fig. 16 A). We used a 

mass spectrometry protocol optimized for ECM proteins, which resulted in 3458 

quantified proteins in young/old skin with 440 proteins significantly altered between the 

two conditions (padj <0.05). Strikingly, the most up-regulated protein group terms in 

aged mice were linked to the extracellular matrix (ECM; Collagens VI, VII, XI), 

basement membrane (BM; Laminins, Collagen IV), BM crosslinking (Loxl1), ECM 

expression (Ctcf), as well as cell adhesion and contractility (integrins, Rock1) (Fig. 16 

B, C). Appropriately, the protein group Collagen biosynthesis and modifying enzymes 

(Sparc, P4ha2, Plod1, Tnc) was among the most down-regulated ones (Fig. 16 D). 

Together, these changes suggest that aging alters the mechanical properties of the 

niche. Further downregulated protein groups were: Regulation of translation (Eif5a, 

Rps3, Gcn1) and M Phase (Tubg2, Mta3, Rcc1). We performed immunostaining of 

selected targets to confirm the mass spectrometry data and found both Laminin 332 

and 511 increased in aged BMs (Fig. 16 E, F). Also, previous research in our lab had 

revealed thickening of the BM throughout the epidermis and HF by electron microscopy 

and stiffening of the BM by atomic force microscopy in aged skin [370], thus further 

supporting the findings of the proteome analysis, indicative of increased BM protein 

expression and crosslinking. 
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Fig. 16. Widespread biochemical alterations in the extracellular matrix 
A. Whole skin proteome of young and aged mice was determined using a mass spectrometry 
protocol optimized for ECM proteins. B. Volcano plot of significantly altered proteins in young 

and aged skin. Basement membrane components such as laminins and collagen IV and its 

crosslinker Loxl1 are upregulated in old skin whereas extracellular matrix modulators such as 
Tenascin C and Collagen XIV are downregulated (n=4 mice/group; padj<0.05). C., D. GO-term 

analysis of differentially expressed protein implicates ECM and BM components as most 
enriched protein classes. Collagen biosynthesis and modifying enzymes were among the most 

down-regulated classes. E. Representative immunofluorescence images and quantification of 
Laminin 332 staining show increased levels in aged BMs (n=4 mice/group, *p=0.0286, Mann-

Whitney; Scale bars 50 µm). F. Representative immunofluorescence images and quantification 
of Laminin 511 staining show increased levels in aged BMs (n=4 mice/group, *p=0.0286, 

Mann-Whitney; Scale bars 50 µm). 
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4.10 HFSC niche is stiffer in aged mice 
Based on the proteomic data of increased BM synthesis and crosslinking, we 

hypothesized that the BM could be stiffer, also locally within the HFSC niche. Using 

high-resolution atomic force microscopy-based force indentation spectroscopy on skin 

sections, we measured the elastic moduli of the aged BM around the HF bulge (Fig. 

17 A, B). Indeed, our experiments showed increased elastic moduli of the BM of old 

mice around the HF bulge (Fig. 17 B), confirming age-induced stiffening of the HFSC 

niche. 

 

 
 

Fig. 17. Aging increases elastic modulus of HFSC BM 
A. High-resolution atomic force microscopy-based force indentation spectroscopy on skin 
sections, modified from [395] B. Light microscopy image of AFM measurement. White line 

outlines the HF. BM was measured around the HF bulge. C. Box and whiskers plot of atomic 
force microscopy force indentation measurements of BM stiffness. Note increased BM stiffness 
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in aged mice (n=1000 force curves pooled across 5 mice/group; **p=0.0079, Kolmogorov-

Smirnov). 

 
 
4.11 Altered BM composition, mechanics, or both influences HFSC 

potency 
Next, we asked if an aged BM could contribute to compromising SC potency. To test 

this, we prepared cell-free mouse scaffolds of young and old skin and cultured young, 

organoid-derived HFSCs on the young and old cell-free BMs for four days (Fig. 18 A). 

Immunofluorescence imaging for Col IV and LN 332 of the decellularized epidermis 

showed that the BM of the cell-free scaffolds remained intact (Fig. 18 B). Strikingly, 

when we cultured young HFSCs on the BM scaffolds, young BMs promoted both 

effective HFSC proliferation and activation/differentiation, as assessed by Ki67 and 

Lef1 staining. In contrast, old BMs failed to do so (Fig. 18 C). Therefore, altered BM 

composition, mechanics, or both influence HFSC behavior. 

 

 
 

Fig. 18. Aged BM scaffolds influence HFSC potential 
A. Schematic illustration of decellularized basement membrane scaffold preparation from 

young and aged mice. B. Representative immunofluorescence images of decellularized 
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basement membrane scaffolds showing absence of epidermal cell nuclei but intact basement 

membranes as marked by Collagen IV and Laminin 332 staining. Scale bars 100 µm. C. 
Representative Ki67 and Lef1 immunofluorescence images and quantification of young 

organoid-derived HFSCs plated on decellularized BM scaffolds derived from young and aged 
mice. Note reduced presence of Ki67- and Lef1-positive cells in BM scaffolds from aged mice 

(n=3 mice/group; **p=0.0037, *p=0.044, Student’s t-test). Scale bars 25 µm. 

 
 
4.12 Activation of the poised SC self-renewal and differentiation genes is 

attenuated in stiff hydrogels 
Wondering if matrix stiffness would be sufficient to change HFSC potency and the 

activation of poised self-renewal and differentiation genes, we thus modified the HFSC 

organoid culture system. We tuned the stiffness of the hydrogels by crosslinking 

collagen with a PEG-based crosslinker (Fig. 19 A, B). AFM measurements confirmed 

that we were able to mimic the stiffness of young and aged BMs, 1-3 kPa, and 5-6 kPa, 

respectively (Fig. 19 C). Intriguingly, adjusting the hydrogel stiffness was sufficient to 

attenuate the activation of the poised SC self-renewal and differentiation genes (Fig. 

19 D). 
 

 
 

Fig. 19. Stiff environment reduces expression of bivalent genes 
A. Representative images of HFSC organoids cultured in soft (~2.7 kPa) or stiff (~6 kPa) 

hydrogels and stained for CD34. Scale bars 30 µm. B. Collagen gels were formed by 
increasing the pH of the collagen solution to induce self-assembly of collagen molecules. 

Stiffness of the collagen gel was tuned by introducing covalent cross-links between collagen 
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fibrils and PEG-diNHS. Modified from [396]. C. Box and whiskers plot of atomic force 

microscopy force indentation measurements of 3C organoid hydrogel stiffness (n=13 force 
curves pooled across 4 independent experiments; **p=0.0012, Kolmogorov-Smirnov). D. 

Quantitative RT-PCR of selected genes with poised promoter state and reduced accessibility 
in aged HFSCs in soft and stiff hydrogels. Note reduced expression in stiff hydrogels (mean 

±SEM; n=4 cultures/group; *p<0.05, Kolmogorov-Smirnov). 

 
 
4.13 BM stiffening induced HFSC loss can be recapitulated in vivo 
Finally, we asked if increased BM stiffness was capable of compromising HFSC 

maintenance in vivo. To this end, we analyzed Tenascin X-deficient mice, which are a 

mouse model for the human Ehlers-Danlos Syndrome, characterized by defective 

organization of dermal collagen fibers and increased macroscopic hyperelasticity of 

the skin, indicative of altered mechanical properties of the dermis [341]. Surprisingly, 

despite this macroscopic hyperelasticity and disorganized dermo-epidermal junction 

collagen fibrils, one-year-old Tenascin X-deficient mice displayed a lack of apparent 

morphological abnormalities of the epidermis and the hair follicle (Fig. 20 A, B). 

However, similarly to aged mice, atomic force microscopy-based force indentation 

spectroscopy on skin sections displayed increased elastic moduli of the BM around the 

HF bulge, making these mice a suitable model for niche stiffening (Fig. 20 C). FACS-

analyses of HFSCs showed a substantial HFSC loss in 1-y-old knockout mice (Fig. 20 

D). This result was particularly intriguing as a subset of Ehler-Danlos Syndrome 

patients displays features of premature aging in their skin as hair loss, epidermal 

thinning, and translucency [397]. Collagen XIV, a member of the FACIT collagen 

family, interacts with TNX [398] and is likewise an important regulator of collagen 

fibrillogenesis in the skin [342]. Additionally, collagen XIV was among the most down-

regulated proteins in aged skin (Fig. 16 B). Altered biomechanical properties of the 

skin, such as decreased tensile strength, have been previously reported as well [342]. 

Accordingly, when we compared 1-year old Col14 deficient to WT mice, we found 

increased BM stiffness (Fig. 20 E), as well as a reduction in HFSC percentage (Fig. 20 

F). 

Together these experiments showed that aging is accompanied by large-scale 

changes in the skin ECM and BM, associated with stiffening of the niche, loss of 
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accessibility, and thus activatability of poised SC genes leading to loss of HFSC self-

renewing potential.  

 

 
 

Fig. 20. Stiff BM influence HFSC potential in vivo 
A. Representative Hematoxylin/Eosin staining from 1-year old Tnx +/+ and Tnx -/- mice show 
overall normal skin morphology. Scale bars 100 µm. B. Representative immunofluorescence 

images of Keratin-15 staining to mark the bulge (bu) niche from 1-year old Tnx +/+ and Tnx -
/- mice show comparable hair follicle morphology. Scale bars 25 µm. C. Box and whiskers plot 

of atomic force microscopy force indentation measurements of BM stiffness in TnX +/+ and 
TnX -/- mice. Note increased BM stiffness in TnX -/- mice (n=23 force maps pooled across 4 

mice/genotype; *p=0.0286, Kolmogorov-Smirnov). D. Quantification of CD34+/a6 integrin+ 

cells from 1 y-old TnX +/+ and TnX -/- mouse epidermis shows decreased numbers of HFSCs 
in TnX -/- mice (n=7 mice/genotype; **p=0.0026, Student’s t-test). E. Box and whiskers plot of 

atomic force microscopy force indentation measurements of BM stiffness in1- y-old Col14a1 
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+/+ and Col14a1 -/- mice. Note increased BM stiffness in Col14a1 -/- mice (n=20 force maps 

pooled across 3 mice/genotype; *p=0.028, t-test with Welch's Correction). F. Quantification of 

CD34+/a6 integrin+ cells from 1 y-old Col14a1 +/+ and Col14a1 -/- mouse epidermis shows 

decreased numbers of HFSCs in Col14a1 -/- mice (n=4 Col14a1 +/+, 5 Col14a1 -/- mice; 

*p=0.0157, Student’s t-test). 
 

 

4.14 Niche stiffening triggers mechanical stress 
Next, we tried to understand the molecular mechanisms by which age-induced niche 

stiffening could control promoter states and thereby HFSC potency. The hair follicle 

bulge niche is a semi-3D system as the HFSCs are sandwiched between the stiff BM 

and the stiff hair shaft, causing cells to be stretched/compressed. Indeed, quantification 

of nuclear deformation in young and aged HFSC niches revealed increased nuclear 

flattening and shape heterogeneity in aged HFSCs (Fig. 21 A). Also, cell contractility 

as quantified by the levels of Myosin II phosphorylation [399], was increased in aged 

HFSCs (Fig. 21 B), as an additional indication of increased mechanosignaling in aged 

HF and consistent with the observed upregulation of its kinase Rock1 in the proteomics 

data (Fig. 16 B). 
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Fig. 21. Increased mechanical stress indications in aged HFSCs  
A. Representative immunofluorescence images and quantification of nuclear circularity and 

nuclear aspect ratio in young and aged bulge HFSCs. Note decreased circularity and irregular 
shapes of aged nuclei (n=5 mice/group; ***p=0.0004, Student’s t-test). Scale bars 10 µm. 

Nuclear aspect ratio (major axis/minor axis) shows increased nuclear elongation of aged 

HFSCs (mean ±SD; n=5 mice/group with >100 nuclei per mouse; **p=0.0031, Student’s t-test). 

B. Representative immunofluorescence images and quantification of phosphorylated myosin 

light chain 2 (pMLC2). Note increased pMLC2 indicating increased contractility in aged bulge 
HFSCs (14 images pooled across 3 mice/group). 
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4.15 Global transcription is reduced in HFSCs of aged- and TNX-deficient-

mice  
Previous work from our group demonstrated that mechanical stress leads to global 

transcriptional repression and decreased presence of the active, elongating form of 

RNA polymerase 2 (serine two phosphorylated form; RNAPII-S2P) [400]. Consistent 

with the increase in mechanical stress in the aged HFSCs, immunofluorescence 

staining showed a significant decrease in RNAPII-S2P levels in aged bulge HFSCs 

(Fig. 22 A). Importantly, a similar reduction in RNAPII-S2P was also detected in 

Tenascin-X-deficient mice (Fig. 22 B), confirming the role of niche mechanics in 

decreasing transcriptional elongation. 
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Fig. 22. RNAPII-S2P signal reduced in HFSCs of aged mice and TNX -/- mice  
A. Representative immunofluorescence images and quantification of RNAPII-S2P in young 

and aged bulge HFSCs shows decreased levels of RNAPII-S2P in aged HFSCs (n=5 

mice/group; *p=0.0213, Student’s t-test). Scale bars 25 µm. B. Representative 
immunofluorescence images and quantification of RNAPII-S2P in in TnX +/+ and TnX -/- mice 

shows decreased levels of RNAPII-S2P in TnX -/- hair follicle bulges (n=4 (TnX +/+) /3 (TnX -
/-) mice; *p=0.0273, Student’s t-test). Scale bars 25 µm. 

 
 
4.16 Reduction of global transcription leads to increased H3K27me3 

occupancy at poised genes 
Decreased transcription has been shown to enable increased H3K27me3 occupancy 

at CpG island-containing promoters [400, 401]. We thus hypothesized that genes with 

poised promoters might be particularly sensitive for the observed aging-driven global 

moderate transcriptional repression and increased H3K37me3, which could switch 

these promoters from poised into an H3K37me3-silenced state. To test this hypothesis, 

we inhibited transcription short-term (6 h) using the RNAPII inhibitor a-amanitin [402] 

(Fig. 23 A). a-amanitin is a small circular peptide that binds on the back side of the 

RNA polymerase, away from the active site and away from the binding site for the DNA 

and RNA. It jams the enzyme by blocking its essential motions and shape changes 

[403]. As expected, transcription of highly expressed genes as well as genes that were 

poised in the quiescent HFSCs were both substantially reduced, as quantified by the 

substantial reduction in nascent RNA, and became undetectable in several of the 

poised genes (Fig. 23 B). To understand if the transcriptional repression was sufficient 

to silence poised genes, we analyzed of H3K27me3 occupancy at the promoters of the 

same set of genes using ChIP-qPCR. Whereas H3K27me3 was not increased on 

promoters of constitutively expressed CpG-island-containing genes, the promoters of 

poised genes accumulated H3K27me3 upon inhibition of transcription (Fig. 23 D). 

Collectively these analyses showed that the stiffening of the niche microenvironment 

reduces transcription, which leads to the silencing of particular genes with very low 

levels of transcription. 
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Fig. 23. a-amanitin inhibition of RNAPII leads to increased H3K27me3 occupancy 

at bivalent promoters  
A. a-amanitin binds between two subunits of the RNAPII and blocks essential motions and 

shape changes of RNApol2, thereby inhibiting the sequential steps of binding to DNA, 
unwinding it, and then building the RNA strand. Adapted from [403]. B. Quantitative RT-PCR 

of nascent RNA from selected highly transcribed genes and genes with poised promoter state 
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in quiescent HFSCs from HFSC cultures treated with a-amanitin for 3 or 6 h. Note decreased 

levels of nascent RNA in all genes as defined by high ct values (mean ±SD; n=2 mice with 4 

technical replicates each, n.d.=not detected). C. H3K7me3 chromatin immunoprecipitation and 

subsequent quantitative RT-PCR of promoters show increased H3K27me3 after a-amanitin 

treatment at poised genes (right), but not at constitutively expressed genes with CpG islands 

at their promoters (mean ±SD; n=2 independent experiments with 4 technical replicates). 

 

 

Collectively, our results indicate that aging results in reduced chromatin accessibility 

of HFSCs, particularly at poised lineage-specification genes. This specific chromatin 

state is determined by global levels of transcription, which are negatively impacted by 

the increased, niche-derived mechanical stress that acts on the aged HFSCs. The 

critical role of the niche, and in particular its ECM components, is consistent with recent 

studies showing compromised HFSC mobilization upon wound healing in aged mice, 

but not upon transplantation into young recipients [404]. Thus, the microenvironment 

and its mechanical properties play a critical role in regulating stem cell chromatin 

landscape and functionality during aging. 
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5 Discussion 
Aging is a process characterized by the progressive loss of tissue and organ function. 

One of the seminal findings for the field of aging research was the observation made 

in 1939 that caloric restriction increased lifespan in mice and rats [405]. Since then, a 

lot of progress has been made, and many pathways have been discovered to influence 

lifespan, e.g., inhibition of IGF and mTOR, activation of AMPK, and sirtuins [406, 407]. 

Diet-based interventions and pharmacological interventions, such as dietary restriction 

or the mTOR inhibitor rapamycin, improve aspects of aging, even later in life [408-411]. 

However, the critical question, whether aging of cells, tissues, and organisms can be 

reversed or ‘rejuvenated’ rather than simply delayed, remains. It is essential to 

understand the drivers of the aging process to answer this question.  

To consider rejuvenation, it is important to acknowledge that aging is a multifactorial 

condition. So far, aging has been linked, on the molecular level, with DNA damage, 

epigenetic alterations, telomere attrition, protein aggregation, and accumulation of 

aberrant mitochondria and lysosomes. At the cellular and organismal level, aging 

includes cellular senescence, deregulated nutrient sensing, and chronic low-grade 

inflammation [3, 4]. Loss in SC number and activity over time has been proposed to be 

another critical driver of aging [5]. Consistent with the SC aging hypothesis, SC aging 

phenotypes have been described for multiple tissues, including the hematopoietic 

system, intestine, muscle, brain, skin, and germline [369]. However, the mechanisms 

that lead to compromised adult SCs function and tissue maintenance are not clear.  

The current thesis work unravels this question using HFSCs as a paradigm, which is 

interrogated with a panel of sequencing, quantitative imaging as well as biochemical 

methods. We show that the aged HFSC niche displays widespread alterations in 

extracellular matrix composition and mechanics, resulting in mechanical stress and 

concomitant transcriptional repression, triggering further silencing of bivalent 

promoters of key self-renewal and differentiation genes. This silencing of these specific 

promoters reduces self-renewing capacity and attenuated the ability to activate the 

expression of these bivalent genes upon regeneration. These functional defects were 

niche-dependent as transplantation of aged HFSCs into synthetic niches restored SC 

functions and transcription of poised genes. Tuning tissue mechanics in vivo and in 

vitro also recapitulated age-related SC changes, implicating niche mechanics as a 
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central regulator of chromatin state, which, when altered, leads to age-dependent SC 

exhaustion. 

 

 

5.1 Age-induced HFSC exhaustion is associated with decreased chromatin 

accessibility 
Building on findings from a previous study from our laboratory [370], we studied aging 

of the HF at a stage (24 months) in which the decline of HFSC numbers was initiated, 

as a sign of HFSC exhaustion and onset of aging, but where hair follicle morphology 

and the hair coat still appeared normal. Importantly, only skin areas in telogen were 

analyzed, and all mice housed together in the same animal facility room throughout 

their entire life span. We found that in old mice, the percentage of HFSCs to total 

epidermal cells is reduced to almost half compared to young mice. The previous study 

from our lab analyzed 3 independent young/aged mouse cohorts from 3 independent 

mouse facilities, showing that this decline of HFSCs is robust and reproducible, thus 

excluding extrinsic triggers such as facility-specific pathogens for HFSC reduction 

[370]. This finding is in line with the stem cell theory of aging that postulates that loss 

of stem cell number or activity causes a decline in tissue and organ function over time 

[87]. Several different stem cell lineages in other tissues show this decline: Among 

others, neural progenitors [88], melanocyte SCs [89, 90], hematopoietic SCs [91-93], 

and satellite cells [94-96]. In the skin, reduced potency of HFSCs has been reported, 

already at stages where HFSCs are still present at numbers comparable to young mice 

[327-329]. Later during aging, severe hair loss has been reported, which is associated 

with hair follicle destruction and reduced HFSC numbers [330]. However, studying the 

stage of HFSCs decline initiation allows us to identify the drivers behind this decline. 

We decided to use genome-wide sequencing approaches to identify drivers of stem 

cell exhaustion. First, we compared the transcriptome of young and old HFSCs. 

Perhaps surprisingly, we found minimal differences between the two groups. However, 

this finding is in line with a previous study, showing minor differences between young 

and old quiescent HFSCs by RNAseq [334]. Also, a recent publication utilizing scRNA-

seq showed that aHFSCs maintain their identity and show no sign of shifting their fate 

[337]. However, the scRNA-seq analysis did identify changes in extracellular matrix 

genes, similar to our findings that processes like extracellular structure organization 
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and cytoskeleton organization are up-regulated in aHFSCs. The minor transcriptional 

changes we identified imply that the identity of old HFSCs becomes more diffuse, while 

translation and cell cycle genes are reduced. Collectively, these results along with the 

previous work suggest that the minor transcriptional changes alone cannot explain the 

loss of SC in aged HFs. 

Thus, we used ATAC-seq [361] to determine changes in genome-wide chromatin 

accessibility landscape and investigated whether chromatin changes were linked to 

HFSC exhaustion. We discovered that young HFSCs showed significantly more 

accessible genomic regions than old (6745 in young/ 1104 in aged). 

Reduced accessible regions in aHFSCs were enriched for promoters and CpG islands, 

suggesting that accessibility was specifically lost at promoters of coding genes in aged 

HFSCs. GO-term analyses implicated in particular genes involved in tissue 

development and cell differentiation. In contrast, the few regions that gained 

accessibility in aged HFSCs were enriched at transposable elements and intergenic 

areas, that are typically silenced by H3K9me3 [378]. Consistent with previous studies 

indicating loss of heterochromatinization upon aging [379], we also observed a 

reduction in overall constitutive heterochromatin marked by H3K9me3 in the aged 

HFSCs. Interestingly, in line with our findings, also aged CD8+ T cells lose chromatin 

accessibility at promoters [412]. These aged cells exhibited a chromatin openness 

pattern shift towards differentiated cells. Another study on aging T cells showed that 

reduced accessibility in old cells is associated with genes involved in T cell activation. 

In contrast, chromatin opening is associated with genes involved in myeloid leukocyte 

and osteoclast differentiation [413]. On the other hand, in aged human fibroblasts, 

promoter regions become progressively more accessible [414]. Similar to the 

previously discussed epigenetic factors of aging (s. 1.2.5), the extent or even the 

direction of chromatin accessibility changes induced by aging seems to differ between 

cells, organs, and species, thus highlighting the complexity of the epigenetic 

mechanisms underlying aging. 
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5.2 Decreased chromatin accessibility specifically at bivalent promoters 
To understand the epigenetic landscape of the regions with reduced chromatin 

accessibility in aged HFSCs in more detail, we overlaid hypoaccessible regions with 

ChIPseq data for H3K4me3 and H3K27me3 from purified HFSCs [380], as well as our 

RNAseq data. Analysis of this data revealed that one main class of regions with 

reduced accessibility in aged HFSCs contained both H3K4me3 and H3K27me3 marks, 

together with absence of transcription. H3K4me3 is typically associated with activation, 

while H3K27me3 is associated with repression. Simultaneous occupancy of these 

histone methylation marks characterizes promoter bivalency [154]. Since these genes 

were not transcribed in either young or aged HFSCs, transcriptional heterogeneity as 

a cause for both active and silencing marks can be excluded. Further analysis revealed 

that this cluster was enriched for developmental and cell type-specification genes. 

Previous research has shown that the function of bivalent domains is to maintain the 

genomic loci in a state that is both rapidly responsive to developmental cues and, at 

the same time, refractory to subthreshold noise [154, 157]. Bivalent domains strongly 

correlate with CpG islands [159]. CpG islands thus appear to play a significant role in 

the establishment of bivalent domains. Also in our data, a large majority of the genes 

have CpG-island containing promoters (116 out of 131) and included key HFSC 

differentiation genes, as well as genes involved in SC self-renewal [105], which are 

under the control of the polycomb complex and H3K27me3 in HFSCs [380]. Studies of 

poised genes in other SCs likewise showed enrichment for developmental and cell 

type-specification genes [157]. 

Collectively these data indicate that aging decreased chromatin accessibility, 

specifically at crucial HFSC differentiation and self-renewal gene promoters, which are 

in a poised state. From our data, it is not clear if the change of accessibility is due to a 

change in the H3K4me3/H3K27me3 ratio. Removal of H3K27me3 can render bivalent 

promoters more amenable for transcription, in part due to the reduced compaction. In 

contrast, when PRCs establish a stronger foothold around promoters, H3K27me3 acts 

as a more substantial barrier for activation, forging repression [154, 160]. Therefore, a 

shift in balance towards H3K27me3 could render these poised regions less accessible. 

Another explanation could be an increase in DNA methylation. Bivalent promoters that 

lose both H3K4me3 and H3K27me3, have a high probability of becoming DNA-

hypermethylated [161]. A recent publication confirms this notion and concurrently 
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reports a reduction in chromatin accessibility [415]. Interestingly, It has been previously 

proposed that aging may correlate with reduced plasticity in the expression of bivalent 

genes, instead of changing active gene transcription [177]. In line with this observation, 

bivalent gene promoters acquire DNA methylation in other aged tissues and are also 

methylated and stably silenced in cancer [171, 172, 178-180]. 

Future studies are required to test both of these hypotheses. ChIP-seq for H3K4me3 

and H3K27me3 in old and young HFSCs along with DNA methylation analysis, e.g., 

through Reduced-representation bisulfite sequencing (RRBS-Seq) will be important 

next steps for resolving the epigenetic states of the promoters [416]. 
 
 
5.3 Aging leads to niche-dependent compromised activation of poised 

genes and loss of SC potential 
Regardless of the precise epigenetic mechanism, we reasoned that loss of 

accessibility at bivalent promoters of self-renewal and differentiation genes would 

compromise activation of these genes, attenuating HFSC self-renewal as well as 

render aged HFSCs refractory to activation signals. To understand the functional 

significance of this reduced accessibility, we activated HFSC through inducing hair 

follicle anagen entry in vivo by depilation [394]. As expected, young HFSCs were 

efficiently activated and entered the cell cycle, whereas aged HFSCs responded less 

efficiently. Significantly, and in line with our hypothesis, bivalent genes were activated 

by depilation in young HFSCs but remained mostly silenced in old SCs. These results 

are consistent with previous work from our group, showing BrdU incorporation was 

reduced to less than half in aged HFSCs and thereby pointing to a reduction in the 

cycling of aHFSCs [370]. This compromised HFSC potency was also confirmed using 

a colony-forming assay in which aged HSFCs formed substantially fewer, but larger 

colonies than young HFSCs [370].  

Age-dependent perturbed cell-cycle activity can be a sign of stem cell exhaustion and 

has also been reported in other SCs, like skeletal muscle stem cells, neural stem cells, 

and germline stem cells [417-420]. In muscle stem cells, SC activation appeared to be 

accompanied by an increase in H3K27me3 in a large number of bivalent nonmyogenic 

lineage genes, suggesting that these genes may be resolving to a thoroughly 

repressed state [421]. Interestingly, genes marked only by H3K4me3 in those SCs 
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became bivalent with age. During aging of HSCs, bivalent regions change as well, 335 

bivalent domains disappeared in old HSCs, due to loss of H3K4me3, while 1245 

emerged due to the gain of both H3K4me3 and H3K27me3, or H3K27me3 only [422]. 

However, in our study, we show, for the first time, a clear link between aging-reduced 

accessibility of bivalent genes and loss of SC potential.  

 

In previous work, our lab also made the puzzling finding that aged HFSCs, transplanted 

into young nude mice, were as potent in regenerating hair as their young counterparts 

[370]. This is in contrast with the depilation experiments and thus suggested a role for 

the niche in the decline of SC potency in old mice. A stem cell niche is a local 

environment consisting of neighboring cells and ECM. It is involved in the regulation of 

SC behavior and function [105, 106]. To challenge our hypothesis of niche 

involvement, we cultured young and aged HFSCs using an ex vivo HFSC organoid 

culture system developed in our lab, which allows long-term maintenance of HFSCs 

[343]. In this synthetic niche system, aged HFSCs expanded and maintained their state 

comparable to young HFSCs, and bivalent gene transcription was activated equally 

both in young and aged HFSCs. When we blocked differentiation by inhibition of Shh, 

old SCs also showed similar self-renewal and maintenance capacity compared to 

young HFSCs. Together, these experiments show that in vivo, aged HFSCs display 

compromised self-renewal, activation potency, and reduced activation of poised 

genes. However, providing a young niche or a youthful synthetic niche, these 

compromised SC function can be restored. 

In other tissues, the niche has been associated with stem cell aging, e.g., in SSCs 

[109, 110] or GSC [111-113]. Often the communication between niche cells and stem 

cells is affected in aging [116]. A recent study strengthened the causative role of the 

niche in epithelial stem cell aging [124]. A decrease in stemness-maintaining Wnt 

signaling caused a functional decline of ISC due to the production of Notum, an 

extracellular Wnt inhibitor, in aged niche cells, the Paneth cells, highlighting the role of 

soluble factors. While most research focused on changes in cell-cell communication, 

a recent study observed a stiffening of the central nervous system microenvironment 

with age. This mechanical change is sufficient to cause age-related loss of function of 

oligodendrocyte progenitor cells [125].  
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5.4 Widespread biochemical alterations in the extracellular matrix induce 

SC niche stiffening to control SC potential 
We examined the whole skin proteome of young and aged mice to understand which 

changes in the old niche contribute to HFSC aging. Interestingly, we found changes 

that suggest aging alters the mechanical properties of the niche. The most up-

regulated protein group terms in aged mice were linked to the ECM, BM, BM 

crosslinking, ECM expression, as well as cell adhesion and contractility. Accordingly, 

the group of Collagen biosynthesis and modifying enzymes was among the most 

down-regulated ones. ECM proteins and especially collagens are mainly produced by 

fibroblasts. A recent scRNAseq study of young (2 months) and aged fibroblasts (18 

months) showed that old fibroblasts have a strong reduction in the expression of the 

main extracellular matrix genes, including collagens, e.g. Collagen XIV, Plod1, Sparc, 

and glycosaminogycans, and of genes involved in their secretion [185]. Therefore, the 

decrease of Collagen XIV in aged skin is potentially connected to fibroblast aging. 

However, the transcription of other collagens, e.g. IV, VI, VII and XI, is not changed, 

but matrix metallopeptidases, such as MMP2, MMP3, and MMP14, are decreased in 

aged fibroblast [185]. This decrease in collagen degrading enzymes might explain our 

finding of elevated collagen levels in aged skin. 

In line with these findings, previous research in our lab revealed thickening of the BM 

throughout the epidermis and HF by electron microscopy and stiffening of the BM by 

atomic force microscopy in aged skin [370]. Based on these findings, we measured 

and confirmed a stiffer BM also locally at the HFSC niche, using high-resolution atomic 

force microscopy-based force indentation spectroscopy on skin sections. Therefore, 

our results verify the age-induced stiffening of the HFSC niche.  

Using cell-free mouse scaffolds of young and old skin, we next showed that an aged 

BM could contribute to the altered SC potency we observed. We cultured young, 

organoid-derived HFSCs on these young and old cell-free BMs and observed that 

young BMs promoted both significant HFSC proliferation and activation/differentiation. 

In contrast, old BMs failed to do so. These results show that altered BM composition, 

mechanics, or both influences HFSC potency. 

 

For MSCs, substrate elasticity has been known to influence stem cell behavior. While 

soft matrices favor stem-like cellular phenotypes and differentiation of MSC into 
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neuronal-like cells, moderate elasticity promotes myogenic differentiation, and a rigid 

matrix stimulates osteogenic differentiation [213, 423]. We wondered, therefore, if 

matrix stiffness alone could change HFSC potency and the activation of poised self-

renewal and differentiation genes. We were able to mimic the stiffness of young and 

aged BMs by modifying the HFSC organoid culture system and tuning the stiffness of 

these hydrogels. Interestingly, adjusting the hydrogel stiffness alone was sufficient to 

attenuate the activation of the poised SC self-renewal and differentiation genes. 

Together these experiments showed that aging leads to large-scale changes in the 

skin ECM and BM, associated with stiffening of the niche. This stiffening is sufficient 

to attenuate the activatability of poised SC genes, leading to loss of HFSC self-

renewing potential.  

Next, we wondered if increased BM stiffness was capable of compromising HFSC 

maintenance in vivo as well. We used two different mouse models to investigate this 

hypothesis. Tenascin X-deficient mice are a model for the human Ehlers-Danlos 

Syndrome. These mice display defective organization of dermal collagen fibers and 

increased macroscopic hyperelasticity of the skin, indicative of altered mechanical 

properties of the dermis [341]. Furthermore, a subset of Ehler-Danlos Syndrome 

patients shows features of premature aging in their skin as hair loss, epidermal 

thinning, and translucency [397]. Collagen XIV, a member of the FACIT collagen 

family, interacts with TNX and is likewise involved in the regulation of fibrillogenesis 

[342]. Altered biomechanical properties of the skin, such as decreased tensile strength, 

have been previously reported as well [342]. Additionally, it was among the most down-

regulated proteins in aged skin in our proteomics screen. In both mouse models, we 

observed an increase in BM stiffness, accompanied by a reduction of HFSCs. These 

results confirm that increased BM stiffness is capable of compromising HFSC 

maintenance in vivo as well. Yet, it remains unclear how both proteins are able to 

influence BM stiffness since Collagen XIV and TNX are mainly expressed throughout 

the dermis. One explanation could be that knock-out of either protein leads to changed 

mechanics in the dermis, to which the BM adapts. In accordance, a stiffer dermis has 

been observed in aged mice [370]. Also, the ECM is a complex network, thus, knock-

out of one factor may change other proteins and, in the end, result in an altered BM 

composition. Mass spectrometry analysis of the skin of TNX-, collagen XIV- mice, or 

both, may help resolve this question. 
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Together these experiments showed that aging leads to large-scale changes in the 

skin ECM and BM, associated with stiffening of the niche, loss of accessibility, and 

thus, activatability of poised SC genes leading to loss of HFSC self-renewing potential.  

Our findings are also following the study mentioned above [125], which observed a 

stiffening of the niche of oligodendrocyte progenitor cells with age. Mechanical 

changes in the central nervous system microenvironment were enough to cause loss 

of function of these progenitor cells [125]. Therefore, it can be assumed that aging 

induced mechanical changes of the microenvironment may be a novel hallmark of 

aging and may affect other tissues as well. It will be interesting to analyze the 

premature aging phenotypes of the Ehlers-Danlos syndrome patients to see to what 

extent these mechanisms are also relevant to human disease. 
 

 

5.5 Mechanical stress suppresses transcription to silence bivalent 

promoters 
Since stiffening of the niche leads to loss of accessibility, and thus activatability of 

poised SC genes, we wondered which molecular mechanisms underlies this process. 

We hypothesized that in the aged hair follicle bulge niche, a semi-3D system, HFSCs 

are sandwiched between the stiff BM and the stiff hair shaft, causing cells to be 

stretched/compressed. Increased nuclear flattening, shape heterogeneity, and cell 

contractility in aged HFSCs indeed indicated higher mechanical stress. Furthermore, 

we observed a significant decrease in RNAPII-S2P levels, which is consistent with 

previous work from our lab [400], demonstrating that mechanical stress leads to global 

transcriptional repression and decreased presence of RNAPII-S2P. 

A similar reduction in RNAPII-S2P was also detected in Tenascin-X-deficient mice, 

confirming the role of niche mechanics in decreasing transcriptional elongation. 

Either the absence of transcription or transcription at levels below a certain threshold 

is sufficient to allow PRC2 recruitment to promoter CpG islands and increase 

H3K27me3 occupancy [154, 160, 400, 401]. Therefore, genes with poised promoters 

might be particularly sensitive for the observed aging-driven global moderate 

transcriptional repression and increase H3K37me3, which in turn could shift these 

promoters from poised to an H3K37me3-silenced state. 
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However, it is still unclear what leads to the reduction of global transcription. One 

possible explanation might be a change in nuclear actin. A study from our group 

revealed that mechanical strain leads to a reduction in the free nuclear G-actin pool, 

resulting in global transcriptional repression [216]. Another recent study observed a 

global reduction in transcription on stiff substrates linked to a reduction of active Cofilin-

1 [424]. Cofilin-1 is involved in depolymerizing F-actin [425], in the nuclear transport of 

G-actin [426], and is required, in combination with G-actin, for RNA polymerase II-

mediated transcription elongation [427]. This study proposes that mechanical force 

applied to cells via integrins causes Rho/ROCK/LIMK-dependent inhibition of Cofilin-1 

[424]. In line with this hypothesis, we observed upregulation of Rock1 in the proteomics 

data, and phosphorylation of its target Myosin II in aHFSCs. These studies provide 

evidence for the direct coupling of cytoskeletal and global transcription in response to 

mechanical forces. However, the precise molecular mechanisms remain open for 

further studies. 

Short-term inhibition of RNAPII in our HFSC hydrogel culture system reduced 

transcription of highly expressed genes as well as genes that were poised in the 

quiescent HFSCs both substantially, nascent RNA of several of the poised genes 

became undetectable. Simultaneously, the promoters of poised genes accumulated 

H3K27me3, whereas H3K27me3 occupancy on promoters of constitutively expressed 

CpG-island-containing genes did not increase. These results indicate that 

transcriptional repression is sufficient to silence poised genes. Together, these 

analyses showed that the stiffening of the niche microenvironment reduces 

transcription, which potentially leads to the silencing of particular genes with shallow 

levels of transcription. 

The key open question of the thesis is the precise epigenetic state of the promoters, 

which should be addressed by performing ChIPs for H3K27me3, H3K4me3, and 

RNAPII. ChIPs for H3K27me3, H3K4me3, and Pol2. This data could confirm if indeed 

a shift in the H3K27me3/H3K4me3 ratio and a reduction of RNAPII occupancy are 

responsible for further silencing of the poised genes. Previous research has shown 

that bivalent promoters, which lose both H3K4me3 and H3K27me3, have a high 

probability of becoming DNA-hypermethylated [161, 415]. Hence, increased 

H3K27me3 might be an initial response to globally reduced transcription that is later 

on replaced by DNA methylation. Therefore, it will be interesting to investigate also 
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DNA methylation changes in aged HFSCs. Moreover, do the epigenetic changes occur 

in all cells or only in a subset of the HFSCs? Single-cell technologies such as scATAC-

seq might help to answer this. Another key question is the mechanism by which niche 

stiffening leads to transcriptional repression and how this could be prevented, for 

example, by interfering with matrix cross-linking. 

 

 
 

Fig. 24. Model of HFSC aging  
In young skin, key differentiation genes, like Lef1, Wnt2b, and Bmp4, are in a bivalent state, 

preloaded with RNAP II. Upon sufficient signaling, these genes become robustly initiated, and 
HFSCs become activated (green arrow). During aging, changes in the ECM, such as 

downregulation of Col14, lead to increased BM stiffness, leading to global transcription 
downregulation. This downregulation is followed by an increase in H3K27me3 occupancy and 

less Chromatin accessibility, especially at bivalent genes. These bivalent genes are now more 
resistant to activation, also rendering HFSCs less activatable (yellow arrow). Consequently, 

HFSC potency and SC percentage are decreased.  

 

 

In summary, this study reveals a mechanism explaining stem cell exhaustion in the HF 

(Fig. 24). Genome-wide analyses revealed that aged HFSCs displayed widespread 

reduction of chromatin accessibility, specifically at crucial self-renewal and 

differentiation genes that were characterized by bivalent promoters occupied by both 

active and repressive chromatin marks. Aged HFSCs showed reduced self-renewing 

capacity and attenuated ability to activate the expression of these bivalent genes upon 

regeneration. These functional defects were niche-dependent as transplantation of 

aged HFSCs into synthetic niches restored SC functions and transcription of poised 
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genes. Mechanistically, the old HFSC niche displayed widespread alterations in 

extracellular matrix composition and mechanics, resulting in mechanical stress and 

concomitant transcriptional repression, shifting these bivalent promoters to a silenced 

state. Tuning tissue mechanics in vivo and in vitro recapitulated age-related SC 

changes implicating niche mechanics as a central regulator of chromatin state, which, 

when altered, leads to age-dependent SC exhaustion. The critical role of the niche, 

and in particular its ECM component, is consistent with recent studies showing 

compromised HFSC mobilization upon wound healing in aged mice, but not upon 

transplantation into young recipients [404]. Thus, the microenvironment and its 

mechanical properties play a critical role in regulating stem cell chromatin landscape 

and functionality during aging, which might be relevant not only for the skin but other 

tissues as well. 
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Abbreviations 
7-AAD  7-aminoactinomycin D  

ACN  acetonitrile  

ACTB   beta actin  

ADP  adenosine diphosphate  

AFM  Atomic force microscope  

aHFSCs aged HFSCs  

AMP  adenosine monophosphate  

AMPK  AMP-activated kinase  

ATAC-seq genome-wide transposase-accessible chromatin sequencing  

B2M   Beta-2-Microglobulin  

BM   basement membrane  

BMPs  Bone Morphogenetic Proteins  

bp  base-pairs  

ChIP   chromatin immunoprecipitation  

Chr   chromosome  

CTD  carboxyl-terminal domain  

DMSO dimethyl sulfoxide  

DNA  Deoxyribonucleic acid  

DP  dermal papilla  

E  embryonic day  

ECM   extracellular matrix  

EdU   5-ethynyl-2'-deoxyuridine  

EGF   epidermal growth factor  

EU  5-ethynyl uridine  

FA  formic acid  

FACS  fluorescence-activated cell sorting  

FCS  fetal calf serum  

FN   fibronectin  

GAPDH  Glyceraldehyde 3-phosphate dehydrogenase  

GO  Gene ontology  

GSC  germline stem cell  

H&E  Hematoxylin and Eosin  
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H3K4me1  mono-methylation of lysine 4 on histone 3  

H3K4me3  trimethylation of lysine 4 on histone 3  

H3K27ac  acetylation of lysine 27 on histone 3  

H3K27me3  trimethylation of lysine 27 on histone 3  

H3K9me3  trimethylation of lysine 9 on histone 3  

HF   hair follicle  

HFSCs hair follicle stem cells  

HG  hair germ  

HSCs  Hematopoietic SCs  

IF   immunofluorescence  

IFE  interfollicular epidermis  

IGF-1  Insulin-like growth factor  

IRS  inner root sheath  

K  keratins  

KGM  Keratinocyte Growth Medium  

LCSM  Laser confocal scanning microscopy  

LEF   lymphoid enhancer-binding factor  

Lgr5  Leucine-rich repeat-containing G protein-coupled receptor 5  

LN   laminin  

MMPs  matrix metalloproteases  

MSCs  mesenchymal stem cells  

mtDNA mitochondrial DNA  

mTOR  mechanistic Target Of Rapamycin  

NAD+  nicotinamide adenine dinucleotide  

NGS  Next-generation sequencing  

NSCs  Neural stem cells  

ORS  outer root sheath  

P  postnatal day  

PBS  phosphate-buffered saline  

pMLC2 phosphorylated myosin light chain 2  

q-PCR Quantitative real-time polymerase chain reaction  

RNAPII RNA polymerase II  

RNAPII-S2p RNA polymerase II – serine 2 phosphorylation  
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ROCK  Rho-associated protein kinase  

ROS  reactive oxygen species  

RONS  reactive oxygen and nitrogen species  

Rpm  rounds per minute  

RRBS-Seq Reduced-representation bisulfite sequencing  

RT   room temperature  

SASP  senescence-associated secretory phenotype  

SC   stem cell  

seq   sequencing  

SG  sebaceous gland  

siRNA  small interfering RNA  

Sox 9   (sex determining region Y)-box 9  

SSCs  spermatogonial stem cells  

TACs  transit-amplifying cells  

TADs  topologically associating domains  

TF  transcription factor  

TGF-β  transforming growth factor β  

TSS  transcription start site  

Wnt   wingless-type MMTV integration site family member  

yHFSCs young HFSCs 
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